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ABSTRACT 

Fluorescence tools for studying DNA-protein interactions with application in 
the investigation of Human Maturation of Okazaki Fragments 

Vlad-Stefan Raducanu 

Fluorescence-based assays have gained an ever-increasing popularity in life sciences. 

One of these rapidly emerging techniques is Protein Induced Fluorescence Enhancement 

(PIFE). Traditional explanations of PIFE focused exclusively on the role of the protein and 

largely neglected the role of the mediator DNA. In the same time, the existing models of 

PIFE were denying its exactly opposite effect. In the first part of the current dissertation 

we focus on a better understanding of PIFE, stimulated by the direct observation of its 

opposite effect, Induced Fluorescence Enhancement Quenching (PIFQ). This study 

offered us the leverage for obtaining on-demand fluorescence modulation in cyanine 

dyes. The following two chapters harvest this control over fluorescence modulation to 

generate two biotechnology applications: a sensitive potassium sensor with embedded 

fluorescent transducer, and a simple protocol for the fluorescent detection of His-

tagged proteins. In the last part, a variety of fluorescence tools including Förster 

resonance energy transfer, fluorescence enhancement, and fluorescence quenching are 

employed for a much more complex task; to demystify the behavior of the human 

Maturation of Okazaki Fragments (MOF) machinery. First, we reconstituted the human 

MOF reaction and showed that it behaves considerably different than its well-

established yeast homolog. Subsequently, our toolbox of fluorescence-based assays was 

used to pinpoint the kinetics and dynamics that lead to this unexpected MOF behavior.  
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Chapter 1: Introduction 

This chapter is dedicated to the introduction of basic notions of fluorescence 

spectroscopy that are required for the understanding of the subsequent chapters. The 

presentation tries to adopt a modern view of classical notions, with a special emphasis 

on their applications to the characterization of fluorescent properties of cyanine dyes. 

The notions are mostly based on their descriptions presented in 1. 

The underlying photophysics of these fluorophores can be understood by 

considering their chemical structure in which the two heterocyclic groups are 

conjugated by a polymethine bond. This polymethine bond provides the cyclic groups 

with the flexibility to rotate with respect to each other, giving rise to two isomers, cis 

and trans (Figure 1.1). Upon excitation, both the cis and trans configurations of the 

fluorophores can be formed. Since only the trans excited singlet state to trans ground 

singlet state transition results in fluorescent emission, all the other non-radiative 

pathways compete with this single radiative de-excitation. Higher excited states de-

excite rapidly to the first excited singled state through internal conversion in the 

picosecond scale 2. The dye coupling to DNA or the presence of nearby protein residues 

do not induce major bathochromic or hypsochromic spectral shifts 3; and therefore, the 

modulation of the fluorescence of cyanine dyes comes mainly from their properties of 

photoisomerization (rates, energy barriers, etc.) 4-6. 
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1.1 Radiative excitation of fluorophores 

Excitation of cyanine dyes occurs through absorbance of radiation from the singlet 

ground states in the femtosecond-picosecond timescale 7. The efficiency of this process 

is described by the absorption cross-section, which is mainly related to the absorption 

transition dipole moment and the symmetry of the molecule. From an experimental 

point of view, absorbance is described by the absorbance spectrum, as well as the molar 

extinction coefficient (). Along with the fluorescence quantum yield (fl), the molar 

extinction coefficient is a parameter that describes the molecular brightness (B) of the 

fluorophore at a given excitation wavelength () as: 

𝐵𝜆 = 𝜀𝜆 × 𝜙𝑓𝑙    (1.1). 

In the case of cyanine dyes, both the trans and the cis isomers can absorb light in 

the singlet ground states, with the absorbance of the cis isomer being red-shifted by ~20 

nm for Cy3 5. This property can be exploited to monitor the relative abundance of the 

two isomers, their formation and lifetimes, mainly through transient absorption flash 

photophysics experiments 8. In a simplified explanation, the trans isomer is excited more 

efficiently, due to its relatively high absorbance cross-section as compared to the cis 

isomer 5. 
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Figure 1.1 Chemical structures of the trans and cis Cy3 isomers. The two isomers are 

generated as a consequence of a rotation around one methine bridge in the presence of 

the excess energy accumulated in the excited state. 

1.2 Fluorophore de-excitation rates 

Once transitioned to a particular excited state, the acquired excess energy of the 

fluorophore is released through a variety of pathways that emerge out of this excited 

state. In the case of cyanine dyes, the only fluorescence emission occurs upon de-

excitation from the first trans excited singlet state to the trans singlet ground state. 

Therefore, we are interested in the rates of the processes that emerge out of the first 

trans excited singlet state. De-excitation from this state can occur through three 

processes, each characterized by its one de-excitation rate (k): fluorescence emission 

(kfl), photoisomerization to a twisted excited state intermediate 7 (kiso), and other non-

radiative pathways such as intersystem-crossing and internal conversion (combined into 

knr). 

The fluorescence emission rate can be estimated theoretically by using the 

Stickler-Berg formula 9. While this formula was initially derived for atomic species, its 
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application to molecular species has gained increasing popularity. Fluorescence 

emission rate can therefore be approximated as: 

𝑘𝑓𝑙 = 2.88 ×  10
−9𝑛2〈�̃�𝑓

−3〉𝐴𝑣
−1
(𝑔𝑖/𝑔𝑓)∫𝜀(�̃�)𝑑𝑙𝑛(�̃�)   (1.2), 

where n is the refractive index of the buffer, �̃� is the frequency of the transition 

expressed in cm-1, 𝜀(�̃�) is the molar extinction coefficient spectra, and  𝑔𝑖  and 𝑔𝑓  are the 

degeneracies of the initial and final states, respectively, with (𝑔𝑖/𝑔𝑓) = 1 for 

fluorescent transitions. The integration and the averaging of the third negative power of 

the frequency of the transition are performed over the whole absorption spectra. 

Nevertheless, it is wort mentioning that for several fluorophores this approximation has 

been shown to be only partially accurate. 

In the simplest model, the photoisomerization rate has been shown to depend 

on the viscosity and temperature of the environment through the dependence 10,11: 

𝑘𝑖𝑠𝑜(𝜂) = 𝐷 𝜂
−𝑎 exp (−

𝐸0
𝑅𝑇
)   (1.3), 

where  is the dynamic viscosity, D is parameter associated with the rotational freedom 

of the fluorophore, E0 is the height of the energy barrier that has to be crossed for 

photoisomerization, R is the gas constant and T is the absolute temperature. 
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1.3 Fluorescence lifetime 

For cyanine dyes, the trans excited singlet state is the only state capable of fluorescence 

de-excitation, and therefore, we will focus on its lifetime. In simple words, lifetime 

represents the average time spent by a population of fluorophore molecules in the 

excited state, before being depopulated by de-excitation. It is important to distinguish 

between the theoretical fluorescence lifetime achieved in the absence of any competing 

non-radiative pathways (fl) and the actual experimentally measured fluorescence 

lifetime (exp). The first parameter, also called intrinsic or natural fluorescence lifetime, is 

described as the inverse of the rate of fluorescence de-excitation (kfl) as: 

𝜏𝑓𝑙 =
1

𝑘𝑓𝑙
   (1.4), 

where  kfl can be approximated by Eq. (1.2) or determined through other means. On the 

other hand, the measured fluorescence lifetime represents the inverse of the sum of 

rates of the de-excitation pathways emerging from the excited state. Mathematically, 

this is written as: 

𝜏𝑒𝑥𝑝 =
1

𝑘𝑓𝑙 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜
   (1.5), 

where all the variables were defined above. It is immediately obvious by comparing Eqs. 

(1.4) and (1.5) that the experimentally measured lifetime is always shorter than the 

intrinsic fluorescence lifetime due to the existence of the competing non-radiative 

pathways. In practice, exp is determined by time-resolved fluorescence measurements 



22 
 

which monitor the arrival time of each emitted photon relative to a synchronization 

signal. 

1.4 Quantum yield 

The fluorescence quantum yield fl is defined as the ratio between the number of 

absorbed photons and emitted photons by a population of fluorophores. On the other 

hand, the fluorescence quantum yield can be related also to de-excitation rates or 

fluorescence lifetimes 1 as: 

𝜙𝑓𝑙 =
𝑘𝑓𝑙

𝑘𝑓𝑙 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜
= 𝑘𝑓𝑙 × 𝜏𝑒𝑥𝑝 =

𝜏𝑒𝑥𝑝
𝜏𝑓𝑙

   (1.6), 

where all the parameters are described above. The alternative definitions presented in 

Eq. (1.6) allow to also interpret the fluorescence quantum yield as the probability of 

fluorescence de-excitation from the excited state within the multitude of alternative de-

excitation pathways. Moreover, the rate definition presented in Eq. (1.6) allows to 

define the quantum yield of any process emerging out of any state, not only for 

fluorescence emission. Therefore, one can also talk, for example, about the quantum 

yield of intersystem crossing or the quantum yield of photoisomerization. As a 

normalization, obviously, the sum of the quantum yields of all processes emerging out 

of a state equals unity. For the general case of a state that can be de-excited through n 

different processes, with the rates defined by k1:n the quantum yield of the ith process is 

defined as: 
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𝜙𝑖 =
𝑘𝑖

∑ 𝑘𝑗
𝑛
𝑗=1

   (1.7). 

Fluorescence quantum yield can be experimentally determined either relatively 

to a known value or absolutely through the use of an optical integrative sphere 12. 

Moreover, if the fluorescence quantum yield and lifetime are simultaneously 

determined than a deconvolution of the de-excitation rates can be achieved by 

combining Eqs. (1.2), (1.4), (1.5) and (1.6). For the case of Cy3, it is also common in 

practice to approximate the rate of fluorescence de-excitation and the rate of non-

radiative de-excitation other than photoisomerization to those of its rigid analog Cy3B. 

Furthermore, it is important to point out that even if these two rates are rather constant 

for a given cyanine dye, the existence of photoisomerization renders both the 

fluorescence quantum yield and lifetime to be dependent on the environment. Their 

dependency is implied by their variation with the isomerization rate, which itself is 

dependent on the environment as described by Eq. (1.3). 

1.5 Fluorescence anisotropy 

Apart from its fluorescence properties, the mechanical properties of a cyanine dye in a 

given environment, such as its rotational diffusion, can also be of interest. Fluorescence 

can be employed to indirectly monitor this rotational freedom. If the excitation 

radiation is polarized along a particular direction, the fluorophores can depolarize it by 

emitting radiation in a different direction. If the fluorophores were rigidly fixed in space, 

this depolarization would depend exclusively on the angle between the absorption and 
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emission dipoles. The anisotropy generated by this angle is called intrinsic anisotropy 

(r0). Experimentally, this value can be obtained by steady-state anisotropy 

measurements of the fluorophore in high viscosity and low temperature conditions to 

freeze any of its motions. 

In reality, even when conjugated to a large biomolecule, the fluorophore is rarely 

completely immobile. Upon absorbing the polarized excitation radiation, fluorophores 

will spend a given amount of time in the excited state before the fluorescence emission 

takes place. Depending on its rotational freedom, during the lifetime of the excited 

state, the fluorophore will rotate by a certain angle and therefore, the transition dipoles 

will also rotate. If the geometry of the rotation is suitable, upon radiative de-excitation, 

fluorescence may be emitted in a different direction than the polarization direction of 

the exciting radiation. Therefore, apart from the effect of the intrinsic anisotropy, 

depolarization also depends on the competition between the lifetime of the excited 

state and how much rotation can the fluorophore undergo during this time. 

Mathematically, in the case of steady-state anisotropy this is expressed by the Perrin 

equation as: 

𝑟 = 𝑟∞ +
𝑟0 − 𝑟∞

1 +
𝜏𝑒𝑥𝑝
𝜑 

   (1.8), 

where r is the steady state fluorescence anisotropy, exp is the measured fluorescence 

lifetime, 𝜑 is the rotational correlation time and r is the residual anisotropy due to the 

partial blocking of depolarization imposed by the coupling of the fluorophore to the 
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large biomolecule. For the environmentally sensitive cyanine dye where the measured 

fluorescence lifetime is dependent on the fluorophore environment, if the rotational 

correlation time is sought, then the fluorescence lifetime must be measured first in the 

given environment and only then Eq. (1.8) can be safely employed. 

Steady-state anisotropy measurements, can offer only a simplified view of the 

rotational dynamics of the fluorophore. If the motion of the fluorophore is composed of 

several mechanisms that overall generate a rotational motion, then the rotational 

correlation time determined from steady-state anisotropy measurements represents an 

average value of this composed motion. In cases where the individual components of 

the rotational motion must be determined, time-resolved fluorescence anisotropy 

measurements can be performed. By fitting the acquired anisotropy decays, the 

individual rotational correlation times of each motion are determined. For the particular 

case of a fluorophore attached to either end of DNA or attached at any position through 

a single linker, we have previously proposed a two-exponential decay model. The first 

decay component is associated with the local rotation of the fluorophore relative to the 

DNA molecule to which it is attached and is described by a fast wobbling-in-cone motion 

13, while the second component is associated with the slow overall spinning motion of 

the complex around the DNA long axis. Tumbling of the complex can be omitted, as it is 

considered much slower than the lifetime of the excited state and its effect is therefore 

incorporated in the residual anisotropy. To follow the fast component associated 

directly with the local fluorophore rotation relative to the DNA, the wobbling-in-cone 
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diffusion coefficient (Dw) can then be determined as described previously 14. This 

wobbling-in-cone diffusion coefficient can be regarded as an overall measure of the 

fluorophore local rotational freedom in a particular environment. It is worth mentioning 

that this methodology is not applicable to the case of internally coupled cyanine dyes 

through phosphonamidite chemistry. 

1.6 Dynamic versus static fluorescence quenching mechanisms   

In a general description, fluorescence quenching mechanisms are divided between static 

and dynamic ones. It should be noted that these are rather generic terms and not the 

specific natures of the underling quenching mechanisms. This division serves as a simple 

categorization. In static quenching, the mechanism is described by ground-state 

quencher-fluorophore complex formation, while in dynamic quenching it is described by 

excited-state quencher-fluorophore reactions. In general, in static quenching the 

fluorescence emission intensity decreases, but the measured fluorescence lifetime 

remains largely unaffected since the excited state is unperturbed. Static quenching is 

also known as contact quenching. In more recent studies, static quenching mechanisms 

were shown to also be able to stabilize other states that do not result in fluorescent de-

excitation and not only the ground state. 

On the other hand, in dynamic quenching, the excited state of the fluorophore is 

affected and therefore, a decrease in both fluorescence emission intensity and 

measured fluorescence lifetime is observed. Moreover, a combination of static and 
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dynamic fluorescence quenching mechanisms can exist and it can be decoupled through 

simultaneous measurements of steady-state emission intensity and fluorescence 

lifetime measurements. 

Historically, dynamic quenching was also referred to as collisional quenching 1. 

Quenching mechanisms are often assessed through Stern–Volmer concentration and 

temperature-dependence experiments. In early studies, the quencher was titrated in 

increasing concentrations and increasing concentration would result in an increased 

probability of collision. Increasing temperature would further increase this collisional 

probability and the fluorescence quenching levels. On the other hand, in static 

quenching a temperature increase results in a decreased level of fluorescence 

quenching as the fluorophore-quencher complexes are thermically destabilized. The 

interchangeability of the terms collisional quenching and dynamic quenching can be 

rather confusing since many dynamic quenching mechanisms do not require a physical 

collision between the fluorophore and the quencher, but they can act over rather large 

distances. Throughout the current manuscript we employ the term dynamic quenching 

and not collisional quenching. 

The simple distinction between static and dynamic quenching mechanisms 

always remains valid; dynamic quenching mechanisms affect the experimentally 

measured fluorescence lifetime of the state(s) that are capable of fluorescent emission, 

while static quenching involves complexes and mechanisms that stabilize the dark states 

(most often the ground state). To avoid confusions, no compromise should be admitted 
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in this definition. Therefore, conclusions regarding the quenching mechanism should 

never be made without measuring both the fluorescence emission intensity and the 

fluorescence lifetime. Moreover, it is described in 1 that at high quencher 

concentrations an apparent static quenching may arise due to the quencher being 

adjacent to the fluorophore at the moment of excitation. These closely spaced 

fluorophore-quencher pairs are immediately quenched, and thus appear to be dark 

complexes. Additionally, inner filter effect must always be considered when studying 

fluorescence quenching, especially at high quencher concentrations 1. 

In simple photochemical and photophysical systems the dynamic and static 

interactions occur directly between the fluorophore and the quencher molecules, 

without any or with very little intervention of arbitrator molecules. In biochemical 

systems the discussion is further complicated by the existence of molecular binding 

mechanisms and by the large complexes that can occur. Biochemical binding may force 

a certain proximity between the fluorophore and the quencher molecules, yet this result 

is not necessarily a consequence of a direct interaction between them. This is in analogy 

with the apparent static quenching described above at high quencher concentrations, 

yet the role of concentration is assumed by specific or unspecific biomolecular binding 

mechanisms. For example, a relatively stable docking of a quencher molecule to a 

binding site that is in the vicinity of a fluorescent moiety or residue may give the 

impression of a static quenching mechanism. Nevertheless, this may or may not be 

accurate. The true mechanism behind the fluorescence quenching may still have been a 
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dynamical one, if biochemical binding and not a direct interaction between the 

quencher and the fluorophore had forced their proximity in the first place. Therefore, to 

study the exact quenching mechanism, the quencher and the fluorescent residue or 

moiety should be studied in an additional isolated system, where the effects of 

neighboring residues and the effects of large biomolecular interactions are removed. 

The reverse assumption is more unlikely to erroneously occur since dynamic quenching 

can be verified directly by fluorescence lifetime measurements. 

1.7 Förster resonance energy transfer 

In classical electrodynamics, FRET 15 was explained through a classical electric dipole-

dipole interaction between the transition dipole of the donor in the excited state and 

the transition dipole of the acceptor in the ground state. The donor and the acceptor 

molecules do not necessarily have to be different. If a considerable overlap exists 

between the absorption and emission spectra of a given fluorophore, then homo-FRET 

can occur if two fluorophores of the same type are places within homo-FRET distance. 

Despite the success of its classical description, it should be clearly noted that 

FRET is a purely quantum electrodynamical phenomenon. It is worth mentioning, that 

the theory of quantum electrodynamics predicts that energy transfer can also take place 

between the transition dipole of the donor in the excited state and the electric 

multipole moments or even non-static magnetic moments of an acceptor, even at 

optical frequencies 16-18. These mechanisms are generally more than 150-folds weaker 
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than electric dipole-dipole coupling and therefore, they are usually neglected for 

simplicity. While this may not have a large impact at medium and long distance scales, 

their effects can become important at ultra-short distances. Moreover, these higher 

order resonance energy transfer (RET) mechanisms have very distinct distance 

dependencies as compared to the well-established one of dipole-dipole coupling.  

Here, we focus only on the classical image of FRET. Since the energy transfer 

occurs while the donor is in the excited state, from the donor’s point of view, FRET is 

considered a through-space quenching mechanism that is accompanied by a reduction 

in the donor measured fluorescence lifetime. For cyanine donors, in the presence of the 

acceptor, the fluorescence quantum yield (’fl) and measured lifetime (’exp), described 

by Eqs. (1.5) and (1.6), have to be adjusted to accommodate also the rate of energy 

transfer as: 

𝜏𝑒𝑥𝑝
′ =

1

𝑘𝑓𝑙 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜 + 𝑘𝐹𝑅𝐸𝑇
   (1.9), 

𝜙𝑓𝑙
′ =

𝑘𝑓𝑙
𝑘𝑓𝑙 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜 + 𝑘𝐹𝑅𝐸𝑇

   (1.10), 

where the rate of energy transfer (kFRET) is given, in its classical form, by: 

𝑘𝐹𝑅𝐸𝑇 = (
𝑅0
𝑟
)
6

×
1

𝜏𝑒𝑥𝑝
   (1.11), 

where r represents the distance between the donor and acceptor and R0 represents the 

Förster distance of the given donor and acceptor pair. R0 dependents on the spectral 
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overlap between the donor acceptor, their relative transition dipoles orientation, the 

quantum yield of the donor, as well as the refractive index of the medium. Therefore, it 

should be noted that spectral overlap between donor emission and acceptor excitation 

is a minimal, but not a sufficient condition for the occurrence of FRET. 

By combining Eqs. (1.5), (1.7) and (1.9), the quantum yield of FRET (usually called 

FRET efficiency, E) can be calculated from the measured fluorescence lifetime of the 

donor in the absence (exp) and in the presence (’exp) of the acceptor as: 

𝐸 =
𝑘𝐹𝑅𝐸𝑇

𝑘𝑓𝑙 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜 + 𝑘𝐹𝑅𝐸𝑇
= 1 −

𝜏𝑒𝑥𝑝
′

𝜏𝑒𝑥𝑝
  (1.12). 

Eq. (1.9) clearly shows that measured fluorescence lifetime of the donor 

depends on both photisomerization and energy transfer. Therefore, the measured 

fluorescence lifetime of the donor can change not only due to changes in the FRET rate, 

but also due to changes in the fluorophore environment that affect its measured 

fluorescence lifetime. In conclusion, when assigning changes in donor measured 

fluorescence lifetime to changes in distances or orientations via FRET, care should be 

taken to ensure that these changes do not actually stem from changes in other de-

excitation pathways of the donor, such as photoisomerization. On the other hand, FRET 

and photoisomerization-based fluorescence modulation can also simultaneously work 

as complementary tools and if needed, they can be decoupled through the methodology 

presented in 3,4. 
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At ultra-short distances, if two fluorophores are place in almost immediate 

contact to each other, electron and energy transfer mechanisms can become so 

dominant that their fluorescence de-excitation pathways are completely annihilated. 

This extreme quenching mechanism is a form of apparent contact (static) quenching. 

 

Figure 1.2 Spectral overlap and distance dependence of FRET. (A) Spectral overlap 

between the fluorescent emission of Cy3 and excitation of Alexa Fluor 647. (B) A 

theoretical plot of the distance-dependence of FRET between Cy3 and Alexa Fluor 647. 

A Förester radius of 52.26 Å was considered for Cy3 and Alexa Fluor 647 FRET pair. 

1.8 Protein-induced fluorescence enhancement and quenching 

Within the framework of photoisomerization, PIFE can be explained by an analogy with 

an increase in the local viscosity, due to the protein residues’ presence. Two possible 

mechanisms have been pointed out: steric hindrance restricting the fluorophore 

rotational movement 19 and specific interactions between the fluorophore and certain 

protein residues 4,5. Both mechanisms would increase the chance for radiative decay, 

therefore increasing the fluorescence quantum yield by lowering the rate of the 
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competing isomerization process. Even though these models are consistent on their 

own, two limitations arise due to their local nature. 

First, they cannot fully explain the distance-dependent action of PIFE 3, as 

immediate local contact between the protein residues and the dye is needed. Second, 

they only predict fluorescence enhancement since any additional interactions or 

restrictions can only reduce the dye’s rotational freedom. It is worth mentioning that a 

large variety of mechanisms are known to quench fluorescence 6,20, but none of the 

previously-reported mechanisms shows the direct opposite effect of PIFE, where protein 

binding generates quenching through a modulation of photoisomerization rates. The 

observation and investigation of this opposite effect are presented in Chapter 2. 

 

Figure 1.3 PIFE or PIFQ upon protein binding. To generate a more consistent 

understanding of protein-induced fluorescence modulation, the initial fluorescence 

state of the labeled biomolecule must be considered. 
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1.9 Paramagnetic metal ion-induced fluorescence quenching 

Several chemical compounds have been shown to increase the quantum yield of 

intersystem-crossing to triplet states resulting in fluorescence quenching 21. The 

population properties of triplet states can be monitored via transient absorption 

measurements or fluorescence correlation spectroscopy 21. Chemical species that 

represent well-established fluorescence quenchers are the paramagnetic transition 

metal-ions such as Ni2+ (S=1) and Mn2+ (S=5/2), as well as small paramagnetic organic 

molecules like TEMPOL (S=1/2) 21,22. Due to its complexity, this quenching mechanism is 

not yet fully understood, yet possible explanations include an increase in intersystem-

crossing due to enhanced spin-orbit coupling similar to the heavy atom effect, electron 

and charge transfer reactions and complexes, or RET magnetic coupling. While analyzing 

the fluorescence properties of Ni2+-loaded and cyanine-labeled multiple chelator heads 

23, we observed a decrease in fluorescence emission in the conjugated dye upon Ni2+ 

loading (Figure 1.4). This emission intensity decrease was also accompanied by a 

simultaneous decrease in the measured fluorescence lifetime 23. The lifetime decrease 

shows an increase in non-radiative de-excitation due to the close proximity of the 

paramagnetic Ni2+ via dynamic quenching, yet an additional static quenching also took 

place at ultra-short distance 24. Apart from quenching the excited singlet state via 

dynamic and static fluorescence quenching mechanism, remarkably, Ni2+ also quenched 

efficiently dark triplet states via triplet-triplet energy transfer photophysical quenching; 

a property that makes Ni2+ a valuable photostabilizer for single-molecule imaging 24-26. 
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An additional striking observation arises in the case of intersystem-crossing to 

triplet states of cyanine dyes, due to the presence of photoisomerization. In relation to 

fluorophore photostability, triplet-state formation and photoblinking, in the case of  

cyanine dyes, reducing photoisomerization has two competing effects. First, it reduces 

the probability of formation of cis-associated dark states and therefore stabilizes 

fluorescence emission 27. The opposite effect is less obvious and it represents an 

increased susceptibility to induction of trans-associated triplet states 21. To understand 

this destabilization effect, we employ Eqs. (1.5) and (1.7) for the particular case of 

intersystem-crossing (with the rate kisc) from the first trans excited singled state: 

𝜙𝑖𝑠𝑐 =
𝑘𝑖𝑠𝑐

𝑘𝑓𝑙 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜
= 𝑘𝑖𝑠𝑐 × 𝜏𝑒𝑥𝑝    (1.13). 

This equation immediately explains the destabilization effect: decreasing 

photoisomerization increases the measured fluorescence lifetime, which in 

consequence increases the probability of intersystem-crossing. In other words, the 

environmental sensitivity of cyanine dyes does not affect only the probability of 

fluorescent emission, but also the probability of the other de-excitation pathways that 

compete with photoisomerization. In the particular case of intersystem-crossing this 

property is rather undesirable since triplet states are dark and represent a major 

contribution to the experimental noise of single-molecule traces. Therefore, avoiding 

the presence of triplet state-inducing species and addition of triplet state inhibitors is 

advisable for enhancing fluorophore photostability 28 for single-molecule imaging. 
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Figure 1.4 Short-distance quenching by paramagnetic species. Forcing a close vicinity 

between the rigid Cy3B and Ni2+ results in fluorescence quenching. Since Cy3B lifetime 

decreases upon Ni2+ loading, at least part of this quenching mechanism must have a 

dynamic quenching nature. 

1.10 Iron-sulfur cluster-induced fluorescence quenching 

In a series of studies, the authors have developed and employed a fluorescence 

quenching assay based on the fluorescence quenching of cyanine dyes, Cy3- and Cy5-

labeled DNA, upon binding of the human XPD helicase 29-31. The XPD helicase is a 

component of the TFIIH complex, a principal player in the Nucleotide Excision Repair 

pathway. XPD exhibits both DNA helicase and translocase activities and contains in its 

structure an iron-sulfur cluster. The authors, attributed the observed distance-

dependent fluorescence quenching to the presence of the DNA-bound XPD’s iron-sulfur 

cluster. Throughout the current manuscript, we denote this iron-sulfur cluster-induced 

quenching mechanism as FeSQ. 

While FeSQ can be successfully employed in experimental designs, the exact 

mechanism of fluorescence quenching by iron-sulfur clusters has not been fully 
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elucidated. There are several limitations in proposing such a mechanism; first, 

mutations that disrupt the iron-sulfur cluster of XPD lead to reduced or total loss of its 

activity 32, so eliminating the cluster is not an option. Second, iron-sulfur clusters exhibit 

a broad UV-Vis absorption spectrum centered around 400–420 nm 33 (depending on 

cluster type and its oxidation state) and the distant emission spectra of Cy3 and Cy5 do 

not considerably overlap with FeS absorption spectra, which points towards a relatively 

weak efficiency of a possible FRET-based mechanism; especially at the relatively long 

distances at which quenching by XPD has been observed. Last, this is also reinforced by 

the similar distance-dependence of the Cy3 30 and Cy5 34 quenching by XPD binding 

despite their considerably distant emission spectra. This difference in emission spectra 

properties should generate relatively different distance-dependencies for the FeSQ of 

the two cyanine dyes, if a FRET-based mechanism was responsible for FeSQ. 

Alternatively, the redox and electrochemical properties of iron-sulfur clusters may also 

play a role in FeSQ, that has yet to be elucidated through further studies. 

 

Figure 1.5 Fluorescence quenching by iron-sulfur clusters. Nearby binding of proteins 

that contain iron-sulfur clusters can cause fluorescence quenching in cyanine dyes. 



38 
 

1.11 Motivation of the study 

The study is motivated by a twofold argument. Initially, the study was motivated by the 

need of a deeper and more comprehensive understanding of fluorescence modulation 

of cyanine dyes. Existing models of PIFE were describing fluorescence enhancement 

induced by nearby protein binding through an analogy with a local increase in viscosity 

near the fluorophore. This analogy was protein-centered, and by default would not be 

able to predict the opposite effect of PIFQ. Experimental observation of PIFQ prompted 

us to revisit the phenomenon of protein-induced fluorescence modulation. The results 

of this investigation of fluorescence modulation of cyanine dyes aggregated in the 

results presented in Chapter 2. We demonstrated that PIFE and PIFQ are different faces 

of the same phenomenon and we gathered valuable knowledge on how to control and 

properly employ this fluorescence modulation for generating tools required for 

subsequent studies. 

Second, motivated by the improved level of control of fluorescence modulation, 

we applied this fundamental knowledge to the study of other DNA and protein systems. 

Thus, in Chapter 3 we implement fluorescence enhancement in building and 

characterizing an efficient potassium sensor. Incorporation of an internal cyanine dye 

into a potassium-sensitive DNA aptamer, removes the need for an external transducer, 

which has been a long-standing problem in the field of bio-sensors. In Chapter 4, armed 

with the knowledge of fluorescence modulation, and in this case more specifically how 

to avoid it, we developed a methodology for the detection of His-tag proteins in gels 
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and membranes. Traditionally, His-tag detection required expensive and time-

consuming antibody-based methods such as Western Blotting. 

Unlike the previous chapters that focus on fundamental photophysics and 

biotechnology applications, the experiments presented in Chapter 5 were motivated by 

a fundamental biology question. Maturation of Okazaki Fragments is a sub-step that 

occurs during DNA lagging-strand replication. MOF is a complex process that involves 

multiple proteins, as well as hand-off mechanisms between these proteins. Until now, 

most of our mechanistic knowledge about MOF is based on yeast data. In general, it is 

largely assumed that yeast and human systems should by highly similar. Nevertheless, a 

series of differences has already emerged in the literature regarding the different 

behaviors of individual MOF proteins of these two eukaryotic systems. We reconstituted 

the human MOF system and in opposition with a simple extrapolation of yeast results, 

we found that human MOF has a completely different behavior. Here, the previously-

obtained understanding of fluorescence modulation (Table 1) became indispensable for 

developing assays able to access the various steps and mechanisms of human MOF. 

Table 1 Typical distance range of fluorescence modulation mechanisms.  

Fluorescence modulation mechanism Distance range (bp) Reference 

FRET 10 – 25 35 

PIFE 0 – 10 3 

Paramagnetic ion-induced 0 – 2 24 

FeSQ 0 – 25 29 
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Chapter 2: Initial state of DNA-Dye complex sets the stage for protein 

induced fluorescence modulation*1 

2.1 Abstract 

Protein-induced fluorescence enhancement (PIFE) is a popular tool for characterizing 

protein-DNA interactions. PIFE has been explained by an increase in local viscosity due 

to the presence of the protein residues. This explanation, however, denies the opposite 

effect of fluorescence quenching. This work offers a perspective for understanding 

PIFE’s mechanism and reports the observation of a phenomenon that we name ‘protein-

induced fluorescence quenching’ (PIFQ), which exhibits an opposite effect to PIFE. A 

detailed characterization of these two fluorescence modulations reveals that the initial 

fluorescence state of the labeled mediator (DNA) determines whether this mediator-

conjugated dye undergoes PIFE or PIFQ upon protein binding. This key role of the 

mediator DNA provides a protocol for the experimental design to obtain either PIFQ or 

PIFE, on-demand. This makes the arbitrary nature of the current experimental design 

obsolete, allowing for proper integration of both PIFE and PIFQ with existing bulk and 

single-molecule fluorescence techniques. 

 

*1 This chapter contains data published in 36 Rashid, F. et al. Initial state of DNA-
Dye complex sets the stage for protein induced fluorescence modulation. Nat Commun 
10, 2104, doi:10.1038/s41467-019-10137-9 (2019). 
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2.2. Introduction 

In recent years, protein-induced fluorescence enhancement (PIFE) has gained popularity 

as a stand-alone or complementary single-molecule (SM) imaging assay. This popularity 

mainly stems from its simple labeling requirements involving the use of a single 

fluorophore 37 and its ability to measure changes in a distance-dependent manner that 

supersedes the Förster resonance energy transfer (FRET) range 38. As a photophysical 

phenomenon, PIFE occurs in environmentally sensitive fluorophores of the cyanine 

family such as Cy3, Cy5, Alexa Fluor 555 and Alexa Fluor 647 (Figure 2.1.2). PIFE 

experiments with cyanine dyes coupled to DNA or to protein illustrate that neither the 

dye coupling nor the presence of the interacting molecule(s) induce a bathochromic or 

hypsochromic shift 3. This spectral stability implies that the energy levels remain 

unperturbed, and, therefore, the explanation of the environmental sensitivity of cyanine 

dyes is ascribed to the cis-trans photoisomerization of their two indole cyclic groups 

around the polymethine bond (Figure 2.1.1B and Figure 2.1.2) 3,5. Even though both cis 

and trans isomers can exist in the ground state, it is the trans isomer that is mostly 

excited since it has a larger absorption cross-section, reflecting its higher symmetry and 

larger absorption transition dipole moment 3,8,27,39-41. Furthermore, several lines of 

evidence support that the ground state is primarily trans, mainly due to its higher 

thermodynamic stability 3,5-9. 

Upon excitation, only the trans S1
* to trans S0 transition results in fluorescence 

emission, with photoisomerization as one of its competitors. It is well-accepted that the 



42 
 

isomerization in the excited state goes through a metastable 90°-twisted intermediate 

state during the rotation (Figure 2.1.1A) 3,5,39,42,43. Considerable research emphasizes 

some important characteristics of this 90°-twisted intermediate state that sheds light on 

how it comes into play within the context of photoisomerization. First, it is very tightly 

coupled to the ground state and therefore leads to a fast de-excitation 3,5,39,42,43. Second, 

this de-excitation is non-radiative due to the non-planar structure of the 90°-twisted 

excited state 27. Third, the energy barrier between the 90°-twisted intermediate state 

and the excited trans conformer is relatively low 39. Within this paradigm, PIFE has been 

explained by an analogy to an increase in the local viscosity due to the presence of the 

protein residues decreasing the rate of photoisomerization from trans S1
* to twisted S1

* 

(Figure 2.1.1A). The dye’s local rotational freedom has been suggested to be directly 

related to its ability to photoisomerize 4,13,44-46. 

Existing models rely on the idea that proteins influence the rate of 

photoisomerization from trans S1
* to twisted S1

* through the concepts of ‘steric 

hindrance/restriction’ 19 and ‘specific contact with certain residues’ 3,5. However, these 

models predict only fluorescence enhancement and deny the existence of an opposite 

phenomenon given that the presence of the protein can only increase the local viscosity. 

Moreover, this enhancement necessitates immediate local contact between the protein 

residues and the dye. If the dye is in contact with the same protein residues, these 

models assume that the change in fluorescence will not depend on the initial 

fluorescence of the DNA-Dye (structure and sequence of DNA). Collectively, these 
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observations suggest that the protein is primarily responsible for the fluorescence 

enhancement in PIFE and the role of the DNA, itself, is trivial. 

To expand the current models of PIFE, one would have to consider the mediator 

that propagates the interactions and to which the dye is attached. Coupling 

fluorophores to DNA or to a protein, via at least one linker, has been shown to enhance 

their fluorescence, mostly by a partial rigidization of the fluorophore 27,40,42,45,47-49. These 

studies also defined some of the parameters contributing to the fluorescence properties 

of DNA-coupled Cy-dyes, including DNA sequence, dye position and the overall DNA 

structure. With such parameters in mind, we need to consider an extra dimension in 

PIFE experiments, because the DNA itself can restrict the fluorophore’s 

photoisomerization through various interactions, therefore dictating the initial state of 

fluorescence. However, current characterizations of PIFE and DNA-coupled Cy-dyes 

neither offer a systematic or a quantitative correlation between the initial fluorescence 

of the DNA-Dye system and the final fluorescence after binding of the protein, nor do 

they provide detailed guidelines on how to design and control PIFE. 

To characterize the relationship between the initial and final fluorescence states 

of DNA-coupled Cy-dyes upon protein interaction, we investigated a phenomenon that 

we call ‘protein-induced fluorescence quenching’ (PIFQ), because it showed the 

opposite effect of PIFE upon binding of the proteins to certain DNA-Dye complexes. It is 

worth mentioning that several mechanisms are known to quench fluorescence, such as 

static quenching, collisional quenching, photoinduced electron transfer (PET), iron-sulfur 
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clusters, and FRET 6,20,30. However, none of these mechanisms can explain the PIFQ 

effect observed here. Therefore, we present a perspective on PIFE and PIFQ by 

investigating the change in fluorescence induced by disrupting the initial DNA-Dye 

structure upon protein binding. From this perspective, the initial DNA-Dye structure is 

the determinant factor for the initial state of fluorescence, which in turn sets the stage 

for the fluorophore to experience either PIFE or PIFQ in the presence of an external 

modulator (e.g. bound proteins, annealed complementary DNA strands, and specific 

DNA structures induced by metal ions, among others). However, the final state of 

fluorescence is dictated by the structure and interactions of the dye within the final 

complex. Our perspective does not exclude the possibility of ‘steric 

hindrance/restriction’ and/or ‘specific contact with certain residues’ due to the 

presence of the protein contributing to the final state, but rather adds one additional 

variable, that is, the initial state of fluorescence of the DNA-Dye system. Furthermore, 

similar to the concept of nucleic acid-induced fluorescence enhancement (NAIFE) 13,50, 

we introduce nucleic acid-induced fluorescence quenching (NAIFQ) as an opposite 

effect. Additionally, we show that similarly to PIFE, PIFQ is suitable in both ensemble 

and single-molecule assays. 
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Figure 2.1.1 Energy landscape of a cyanine dye. (A) Schematic representation of 

potential energy landscape for S0 (ground singlet) and S1
* (first excited singlet) states as 

a function of single dihedral angle of the Cy3 polymethine bond, superposed on a 

Jablonski diagram. (B) Schematic representation of the Cy3 dye molecule and one of its 

dihedral angles, in fluorescent trans and dark cis configurations. 
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Figure 2.1.2 Structures of the different fluorophores used in this study: (A) 3’- 

phosphoramidite-linked-Cy3 (3’-pCy3) (B) 5’-pCy3 (C) internal pCy3 (D) Cy3-NHS (nCy3) 

(E) Cy3B (F) pCy5 (G) Alexa Fluor 555 (H) Alexa Fluor 647 and (I) DyLight 633. 
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2.3 Results 

2.3.1 DNA-mediated bidirectional fluorescence modulation 

We recently used smFRET to characterize the mechanism of double flap (DF) substrate 

recognition by DNA replication and repair Flap Endonuclease 1 (FEN1) 51. Briefly, FEN1 

cleaves excess 5’flaps from the DNA to restore its heritable duplex form. In this process, 

FEN1 threads the 5’flap into a capped helical gateway structure where it forms specific 

contacts that promote catalysis 51,52. In-vitro, DF is made by annealing three different 

oligonucleotides to create a nick bearing a 5’flap of single-stranded DNA (ssDNA) of 

variable lengths and a 1 nucleotide (nt) 3’flap; these substrates are named ‘DF-(length of 

5’flap), (length of 3’flap)’. In our studies, we have used several schemes for the labeling 

of the DF substrate 51,53,54. One of them used a Cy3, attached through phosphoramidite 

linkage (referred to, from here onwards, as ‘pCy3’) at the tip of the 5’flap (Figure 

2.2.1A). In this scheme, we were puzzled by a photophysical protein-induced effect that 

was manifested by pCy3 quenching 51. Steady-state fluorescence spectra of pCy3 in DF-

6,1 exhibited major fluorescence quenching (up to 40%) upon addition of FEN1, without 

causing any spectral shift (Figure 2.2.2A). This quenching depends on the length of the 

5’flap, starting at 50% in DF-2,1 and reaching almost zero in DF-18,1 (Figure 2.2.2B). 

Hence, pCy3 quenching is distance dependent, similar to PIFE 38. None of the known 

quenching mechanisms can explain this observed effect, particularly since FEN1 does 

not contain any iron sulfur cluster and carbocyanine dyes cannot be quenched, via PET, 

by tryptophan residues or guanosine nucleobases 55,56. We thus conclude that this pCy3 
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quenching is a distinct observation and refer to it as ‘protein-induced fluorescence 

quenching’ (PIFQ), analogous to PIFE. 

Next, we used the FEN1/DF system to characterize the nature of PIFQ and the 

factors that affect it. We investigated whether the observed PIFQ was mediated by the 

DNA itself or by a direct effect of FEN1 on the photophysics of pCy3. In our experiments, 

we measured the time-resolved fluorescence lifetime of pCy3, for each flap length, in 

three contexts: 1) the 5’-pCy3-labeled oligo, 2) the pCy3-labeled DF substrate and 3) the 

pCy3-labeled DF in the presence of FEN1 (Figure 2.2.1A). The measurements, in the case 

of DF-6,1 for example (Figure 2.2.1B), confirmed the quenching behavior upon FEN1 

binding; the lifetime of pCy3 in the DF was ~2 ns and decreased to ~1.2 ns upon addition 

of FEN1.  Surprisingly, the lifetime of pCy3 in the oligo alone was ~1.4 ns. This shows 

that, upon oligo annealing within the DF structure, the fluorescence of pCy3 was 

enhanced dramatically (40%) and that FEN1 binding reduced this enhancement, back to 

a similar level as in the oligo alone. This fluorescence enhancement in the context of 

nucleic acid-nucleic acid interactions is referred to as nucleic acid-induced fluorescence 

enhancement (NAIFE) 13. The same trend was observed across the different flap lengths 

(2-18 nt long) (Figure 2.2.1C). Interestingly, although the different oligos had similar 

initial fluorescence lifetimes, their levels of enhancement, upon annealing to form the 

DF substrate, decreased as the flap length increased. This varied enhancement suggests 

that the observed NAIFE in the DF substrate is primarily caused by the interaction of the 

dye with the hybrid DNA. A plot of the percentage of change in lifetimes versus flap 
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length shows an anti-correlated behavior, characterized by an increase in fluorescence 

upon formation of the substrate that is counteracted by FEN1 binding to the DF 

substrates (Figure 2.2.1D). Therefore, the inherent fluorescence increase upon DF 

substrate formation is driving the subsequent quenching effect. Thus, the observation 

can be better understood from the perspective of the DNA as a mediator of 

fluorescence change rather than the protein being the active re-configurator of 

fluorescence. 

To account for the fluorescence enhancement upon formation of the DF 

substrate and the subsequent quenching upon protein binding, we considered various 

possibilities. We first ruled out any ground-state-induced static quenching by showing 

that there is no significant difference in the absorbance of DF substrates either with or 

without FEN1 (Figure 2.2.2C). Furthermore, both fluorescence lifetime and quantum 

yield (Figure 2.2.1C,D and Figure 2.2.2E,F) showed a similar trend, suggesting that 

nonlinear effects were not the cause for such changes in fluorescence either. To probe 

whether the fluorescence modulations in FEN1/DF system are analogous to those in 

PIFE, particularly with respect to the modulation of photoisomerization, we exchanged 

the pCy3 fluorophore with a Cy3B in our three-context system of oligo, DF, and FEN1/DF 

for flap lengths of 2, 4 and 6 nt. Cy3B is an analog of Cy3 dye, but with a rigid inter-

heterocyclic construction rather than a rotationally flexible polymethine bond (Figure 

2.1.2). This rigidity renders Cy3B incapable of any photoisomerization and unresponsive 

to any dynamics that may affect this isomerization, thus making it 3,38 environmentally 
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insensitive, and therefore an ideal control for PIFE/PIFQ. In our study, the fluorescence 

lifetimes of the Cy3B-bearing oligos alone and their corresponding DF substrates either 

with or without FEN1 showed no difference (Figure 2.2.1E). Moreover, these 

fluorescence lifetimes were comparable to that of the free Cy3B dye. The value of the 

total non-radiative excited-state lifetime loss obtained theoretically anti-correlated with 

the fluorescence lifetime of pCy3 in the oligo, DF, and FEN1/DF system (Figure 2.2.2D). 

This loss was found significantly higher than that of Cy3B, since it also accounted for a 

photoisomerization loss. The loss due to photoisomerization was confirmed by 

estimating directly the photoisomerization rate as described in Methods (Figure 2.2.2D-

inset). In conclusion, the Cy3B experiments, along with the theoretical total non-

radiative lifetime loss and photoisomerization rates show that for the pCy3-labeled 

system both NAIFE and PIFQ stem from the excited cis-trans photoisomerization. 

To probe the formation of DNA-Dye interactions 40,57-59 that may rigidify the 

fluorophore and thus modulate its photoisomerization, we performed steady-state and 

time-resolved anisotropy measurements with pCy3-labeled DF in our three-context 

system; as a control, we performed these measurements with Cy3B-labeled DF (Figure 

2.2.2G,H). The results showed that there are interactions restricting the dye’s rotational 

freedom in the three-context system and these interactions increase upon substrate 

annealing and decrease upon FEN1 binding. Moreover, there is a strong correlation 

between these interactions, as reflected by the local rotational diffusivity of the dye, 

and the photoisomerization rate from the excited trans state (Figure 2.2.2H-inset), 
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suggesting that the dye’s freedom and its accessibility to photoisomerization are 

strongly related. 

To probe for the effect of immediate nucleobases on NAIFE and PIFQ, we fixed 

the length of the 5’flap but varied its sequence, and showed that the lifetime of pCy3 

upon formation of the DF substrate was sequence-dependent (Figure 2.2.1F). 

Interestingly, the lifetimes of the DF substrate in the presence of FEN1 were nearly 

similar, consistently with the similar final states observed when varying the length of the 

5’flap using polydT sequence. This supports our findings that PIFQ, as defined from the 

protein binding perspective, is essentially mediated by the DNA and that FEN1 simply 

reverses NAIFE. 

Shedding some light on the nature of PIFQ, we pursued further characterizations 

by exploring other variables that can affect it. First, we questioned whether changing 

the fluorophore attachment chemistry can have any effect on its fluorescence 

properties. Hence, we changed the DNA-Cy3 attachment chemistry from 

phosphoramidite to a longer linker, using Cy3 coupled via NHS chemistry (nCy3) for 

three flap oligos with variable lengths (2, 4 and 6 nt-long flaps). We observed that nCy3 

behaved similarly to pCy3, but that the magnitude of PIFQ was significantly reduced 

(Figure 2.2.1G).  Additionally, PIFQ in the case of nCy3 seemed to have a shorter 

distance effect than pCy3 (Figure 2.2.1G). The change in the magnitude of PIFQ in nCy3 

relative to pCy3 also supports our hypothesis that PIFQ is influenced by the interactions 
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of the dye within the DNA. This difference might also result from the presence/absence 

of sulfonate groups (Figure 2.1.2). 

Following that, we investigated if PIFQ occurs in different fluorophore types. 

Using DF substrates of variable 5’flap lengths (2, 4 and 6), we examined the change in 

fluorescence, upon addition of FEN1, in the case of Alexa Fluor 555 and Alexa Fluor 647 

coupled via NHS. We also examined the change in fluorescence for Cy5 coupled through 

phosphoramidite (pCy5) at the tip of the 5’flap. It is worth noting that, similarly to Cy3, 

Alexa Fluor 555, Cy5 and Alexa Fluor 647 contain flexible polymethine bonds (Figure 

2.1.2). We showed that pCy3, nCy3 and pCy5 exhibited a significant PIFQ, while Alexa 

Fluor 555 and Alexa Fluor 647 only exhibited a moderate to low PIFE, respectively 

(Figure 2.2.1G). This result underscores the fact that the observed quenching effect is 

not a Cy3-specific phenomenon. The difference in fluorescence modulation among 

these fluorophores can be attributed to the difference in the length of their 

polymethine bonds as well as their overall charge. 

In our next step, we investigated the potential impacts from changing the 

position of the fluorophore in the 5’flap. Coupling pCy3 to the tip of the 5’flap restricted 

its rotational freedom as shown by its higher lifetime relative to the free Cy3 dye (Figure 

2.2.1C). We then restricted pCy3 further from both sides by placing it internally at 

position 4 in the 5’flap while gradually adding 1 nt at a time up to 4 nts on its 5’ side. We 

observed that both the enhancement upon DF substrate formation and PIFQ upon FEN1 

addition remained constant after the addition of one dT (DF-5,1). Nonetheless, these 
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modulations dropped abruptly for the following addition (DF-6,1) and plateaued at a 

lower level with the extra additions (Figure 2.2.1H). We therefore postulate that pCy3 

when restricted only from one side or slightly from the other side (1 dT), might be 

capable of forming interactions with the neighboring DNA nucleotides, and 

consequently reducing the rate of photoisomerization from the excited trans conformer. 

However, when the fluorophore is significantly restricted from both sides, we believe 

that some of these interactions might be lost, leading to reduced NAIFE and PIFQ 

effects. Collectively, these experiments suggest that the interactions of pCy3 with the 

neighboring DNA is the main cause of the enhancement upon substrate annealing and 

that the binding of FEN1 breaks these interactions leading to the observed PIFQ. 

Moreover, they suggest that the photophysical properties of Cy3 in a particular 

substrate are affected by the overall DNA-Dye structure and the interactions within. 
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Figure 2.2.1 DNA-mediated bidirectional fluorescence modulation in the FEN1/DF 

system. (A) Schematic showing the oligo bearing pCy3 at its 5’ tip, annealed to two 

other oligos to form a double flap structure (DF) that serves as a substrate for FEN1. The 

ssDNA flap part of the DF is threaded through a narrow pathway in FEN1 for cleavage to 
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happen. (B) Time-resolved fluorescence lifetime decays of Cy3 in oligo alone (grey), 

upon making the DF substrate (blue) and upon addition of FEN1 to the DF substrate 

(cyan) with a 6 nt-long 5’flap. (C) Bar chart showing time-resolved fluorescence lifetime 

of Cy3 in oligo alone, upon making the DF substrate and upon addition of FEN1 to the DF 

substrate for flap lengths 2-18 (color scheme is same as B). Fluorescence lifetime of free 

Cy3 dye is included (in purple) for comparison. (D) Graph showing percentage of change 

in fluorescence lifetime, upon annealing of the DF substrate and FEN1 binding to the 

annealed substrate as a function of flap length. (E) Bar chart graph showing the time-

resolved fluorescence lifetime of Cy3B-labeled oligos alone, upon making the DF 

substrate and upon addition of FEN1 to the DF substrate for flap lengths 2, 4 and 6. 

Cy3B is linked to the DNA via a 13-carbon linker. (F) Bar chart showing the time-resolved 

fluorescence lifetime of Cy3 in the oligo alone, upon making the DF substrate, and upon 

addition of FEN1 to the DF substrate for 6 nt-long 5’flap with different flap sequences. 

(G) Graph showing the percentage of change in fluorescence, based on lifetime 

measurements in DF substrates for different fluorophores and different linkers, with 

and without FEN1. pCy3 is linked to DNA via 3-carbon linker. Other fluorophores used 

are: Cy3B, nCy3, pCy5, Alexa Fluor 555, and Alexa Fluor 647. (H) Graph showing the 

percentage of Cy3 fluorescence change upon annealing of the substrate and addition of 

FEN1, when pCy3 is incorporated inside the ssDNA flap. The inset table lists the flap 

length, sequence and fluorescence lifetimes. Error bars and ± represent standard 

deviation (SD) from 3 replicates. Oligo sequences are listed in Table 2. 
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Figure 2.2.2 PIFQ likely stems from modulation of photoisomerization rates. (A) Steady 

state emission spectra of DF-6,1 substrate, with and without FEN1 showing that the Cy3 

fluorescence of the DF substrate is quenched by FEN1. (B) Graph showing the flap 



57 
 

length dependence of FEN1-induced quenching of DF substrates, with flap lengths 

varying from 2 to 18. This quenching is calculated from steady state emission 

measurements. (C) Graph showing percentage of change in ground state absorption of 

the DF substrate, with and without FEN1. (D) Bar chart graph showing the loss of the 

excited-state lifetime due to non-radiative de-excitation, including the 

photoisomerization from trans*. This loss is calculated, as described in the Methods 

section, for Cy3 (purple) and Cy3B (grey) dyes, in the following four forms: free dye, 

bound to oligo, and in DF substrate with and without FEN1. The horizontal dashed line 

indicates the average total non-radiative loss in Cy3B for the four forms. Further loss 

(above the dashed line) in Cy3 is attributed to the photoisomerization loss from trans* 

excited state. Inset shows the photoisomerization rate (kiso) of Cy3 in the above-

mentioned forms. Except for the FEN1-bound DF substrate form, kiso was estimated as 

described earlier through an increasing viscosity study. For FEN1-bound DF substrate 

and since the protein binding will be inhibited at saturating glycerol concentrations,  𝜏∞ 

was approximated by that of Cy3B. The rate of photoisomerization indicates that some 

degree of photoisomerization is present in all three conditions and that it strongly anti-

correlates with their measured fluorescence lifetimes. (E) Bar chart graph showing the 

fluorescence quantum yield of Cy3 in oligo alone, upon making the DF substrate and 

upon addition of FEN1 to DF substrate for flap lengths 2-18. (F) Graph showing 

percentage of change in quantum yield, upon annealing of the DF substrate and FEN1 

binding to the annealed substrate as a function of flap length. (G) Bar chart representing 

the rotational correlation time 𝜑 (ns), as determined from steady state anisotropy 

measurements, for oligos (grey), DF-substrates (blue) and DF-substrates in the presence 

of FEN1 (cyan). The rotational correlation times in this 3-context system were 

determined for pCy3- and Cy3B-labeled DF-4,1, as described in the Methods. The 

formula for calculating 𝜑 is included. The decrease in rotational correlation time upon 

FEN1 binding to DF-4,1 clearly points to the destabilization of the existing interactions 

between the dye and the dsDNA in the DF substrate context, as FEN1 binding can only 

lead to an increase in the gyration radius of the complex, and hence, an increase in the 
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rotational correlation time. (H) Bar chart showing the wobbling-in-cone diffusion 

coefficient (Dw), as determined from time-resolved anisotropy measurements, for both 

DF-substrates in the 3-context system as described for g and the Methods.  Inset shows 

the correlation between kiso (calculated by approximating 𝜏∞ to that of Cy3B) and Dw for 

pCy3-labeled oligo, DF-4,1 in the absence and presence of FEN1. The data is fitted with 

linear regression yielding a slope of 13.57±0.96 and a Pearson coefficient of 0.99. Inset 

table reports 𝜏𝑐𝑜𝑛𝑒 (ns) for the pCy3-labeled constructs. The results in G and H indicate 

that FEN1 binding releases a fast-rotating component that was reduced in the substrate, 

and that this component has a stronger impact than the overall complex spinning rate 

reduction. In the case of Cy3B, these interactions are reduced as compared to pCy3, 

probably due to the differences in the overall charge and hydrophobicity of the two 

dyes. Error bars and ± represent SD from 3 replicates. 

2.3.2 Initial lifetime of Cy3-DNA sets the stage for PIFE or PIFQ 

We next explored the versatility of PIFQ and its adaptability to other systems. We opted 

to investigate the interaction of the human ssDNA-binding protein RPA with ssDNA 

(Figure 2.3.1A). This system removes the peculiarity of the DNA-mediated fluorescence 

enhancement seen in the case of DF DNA and sets the stage for a general DNA-protein 

binding system. Since ssDNA-binding proteins have been shown to induce PIFE on 

labeled ssDNA 60, we questioned whether the binding of RPA could induce PIFE, PIFQ, or 

no change at all, and which factors may affect the outcome. To answer this, we 

designed a library of pCy3-labeled ssDNA oligos with varying sequences, fluorophore 

positions (3’, 5’, or internal) (Table 2) and fluorophore types. Throughout these 

experiments, the oligo length was kept constant at 22 nts, which supports 1:1 binding of 

ssDNA:RPA, via the known tight binding mode 61. 
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Our library included 16 3’-pCy3-labeled oligos with varying sequences (Figure 

2.3.1B). The initial fluorescence lifetimes of these oligos ranged between 0.5 to 1.5 ns. 

Upon addition and binding of RPA, all oligos exhibited an increase in fluorescence to a 

varying degree. However, the final fluorescence lifetimes for the various oligos in the 

presence of RPA seemed to average out around a threshold of 1.66 ns, regardless of the 

initial lifetimes. In general, the degree of fluorescence enhancement seemed to depend 

on the initial fluorescence lifetime of the ssDNA oligo itself, with a Pearson coefficient ρ 

= -0.87 ± 0.03. 

On the 5’ side, the initial fluorescence lifetimes of 21 pCy3-labeled oligos ranged 

from 0.7 to 2.2 ns (Figure 2.3.1C). This library of oligos exhibited a more versatile 

modulation of fluorescence where the binding of RPA produced either enhancement, 

quenching or insignificant effect on the oligos tested. Overall, we observed that the 

initial fluorescence lifetime of the oligos seemed to dictate the protein-induced 

modulation of the fluorescence. In most cases, oligos with lifetimes of 1 ns or below 

showed a PIFE effect whereas oligos with lifetimes of 1.2 ns or higher showed a PIFQ 

effect; oligos with lifetimes in-between did not show any significant change. 

Nevertheless, irrespective of the type of effect, the modulation of the RPA appeared to 

bring the oligos fluorescence lifetime to a threshold of 1.27 ns. The anti-correlation 

between the initial lifetime and the fluorescence change, upon RPA binding, was found 

significant, with a Pearson coefficient ρ = -0.73 ± 0.07. 
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The library of 15 internally-pCy3-labeled oligos displayed diverse initial lifetimes 

that ranged from 0.9 to 2.6 ns, a higher range than both 3’- and 5’-pCy3-labeled oligo 

libraries (Figure 2.3.1D). Surprisingly, O-328, with an initial lifetime of 2.63 ns, displayed 

an even longer fluorescence lifetime than that of Cy3B of 2.42 ns (Figure 2.3.1D and 

2.2.1E). This library shows versatile fluorescence modulations, despite the majority 

showing PIFE. Similarly to the 3’- and 5’-libraries, the RPA-induced fluorescence 

modulation seemed to bring the oligos fluorescence lifetime to a defined threshold, 

albeit a higher one (1.78 ns) than that observed with both 3’- and 5’-libraries. Again, the 

Pearson coefficient ρ = -0.92 ± 0.02 between the initial lifetime and the change in 

fluorescence indicates a strong anti-correlation. 

Moreover, the fluorescence modulations upon RPA binding to oligos in the three 

libraries were confirmed by steady-state fluorescence measurements. The results 

appeared to be broadly in agreement with those determined by time-resolved 

measurements, indicating reproducibility of the results with different fluorescence 

techniques as well as the lack of nonlinear effects (Figure 2.3.2C). 

The next step of our study involved adding one more dimension to the diversity 

of our ssDNA library by varying the type of fluorophore and its position. We tested 7 

different fluorophores, namely pCy3, nCy3, Cy3B, Alexa Fluor 555, Alexa Fluor 647, pCy5 

and DyLight633, each placed at 6 different positions (from 5’-, internally, to 3’-labeled) 

within a 22 nt-long oligo. Except for Cy3B, all fluorophores contained a polymethine 

bond capable of undergoing cis-trans photoisomerization (Figure 2.1.2). It is worth 



61 
 

noting that the sequence of these oligos is, in principle, preserved; however, changing 

the position of the fluorophore entails changing the local sequence sensed by the 

fluorophore. RPA induces PIFE in most fluorophores at different positions with the 

exceptions of Cy3B and 5’end-pCy5. PIFE was found significant for pCy3, nCy3 and Alexa 

Fluor 647 (20-80%) but highly elevated for Alexa Fluor 555 (80-160%) (Figure 2.3.1E). 

These findings could have a substantial impact on the experimental design, when a 

significant PIFE effect is desired. The variations in the fluorescence change, observed for 

different dyes, might be attributed to the different lengths of the polymethine bond, 

overall charge of fluorophore as well as the position and chemistry of its linker. These 

parameters can influence the way the fluorophore interacts with the DNA and the 

protein, in the initial and final states. 

Having established that the initial fluorescence lifetime of the DNA-Dye complex 

sets the stage for fluorescence modulation upon RPA binding, we sought to investigate 

the effect of other ssDNA binding proteins on pCy3 fluorescence modulation (Figure 

2.3.1F-H). We measured the change in fluorescence lifetime upon binding of E. coli SSB 

or T7 gp2.5 to each of the oligos in the three libraries and plotted the change in 

comparison with RPA. These measurements confirmed that the average final lifetimes 

upon protein binding were specific to the protein. Nevertheless, the general trend that 

the type of fluorescence modulation is governed by the difference between the variable 

DNA-Dye’s initial state and the protein-specific final state applies. The difference in the 

average final lifetimes between the different proteins, however, affected the amplitude 
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of the change and in some cases even the direction of the change; these findings can be 

further visualized using box chart plots (Figure 2.3.2A). 

To test our aforementioned findings that the local rotational freedom of the dye 

correlates with its photoisomerization rate in the initial state, which in turn dictates 

Cy3’s fluorescence lifetime, we performed time-resolved fluorescence anisotropy 

measurements on a subset of terminally-labeled oligos. Similar to the case of the 

FEN1/DF system, the results indicate a strong correlation between the local rotational 

freedom of the dye and its photoisomerization rate (Figure 2.3.2B). 
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Figure 2.3.1 The initial lifetime of Cy3-DNA sets up the stage for PIFE or PIFQ. (A)  

Schematic describing the effect of RPA binding to a pCy3-labeled oligo with different 

sequences and different fluorophore positions, leading to either quenching or to a 
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fluorescence enhancement. (B)  Fluorescence lifetimes of the 16 3’-pCy3 labeled oligo 

library with different sequences, either with RPA (blue) or without (grey).  The dashed 

line shows the average fluorescence lifetime in the presence of RPA. The Pearson 

coefficient of the correlation between the initial fluorescence lifetime (in the absence of 

RPA) and the change in fluorescence (%) is reported with its standard error. (C)  Library 

of 22 5’-pCy3-labeled oligos with their fluorescence lifetimes in the absence (grey) and 

presence (green) of RPA is shown (as described in B) The green vertical dashed line 

delimits oligos that show an overall PIFE effect, upon addition of RPA, whereas the red 

vertical dashed line delimits those showing an overall quenching effect. (D) Bar chart 

showing the fluorescence lifetimes of a library consisting of 15 internally-pCy3-labeled 

oligos in the absence (grey) and presence of RPA (purple). Horizontal dashed line, 

Pearson coefficient, green and red vertical dashed lines are as described in C. (E) 

Representation of the effect of the fluorophore type and position (6 different positions 

with O-278 as 5’-labeled, O-279->O-282 internally labeled and O-283 3’-labeled). The 

changes in fluorescence (%), upon the addition of RPA, are shown for the 6 oligos with 

different fluorophore types and linking chemistries (pCy3 in cyan, nCy3 in green, Cy3B in 

black, Alexa Fluor 555 in magenta, Alexa Fluor 647 in blue, pCy5 in red and DyLigth633 

in orange). The horizontal dashed line represents the zero line. Fluorescence lifetime 

change (%) upon addition of gp2.5 (green), RPA (grey) or SSB (red) to oligos of 3’-pCy3-

labeled library (F), 5’-pCy3-labeled library (G) and internal-pCy3-labeled library (H). The 

average final lifetimes upon protein additions are reported. Error bars represent SD 

from 3 replicates and ± represent standard error of the mean (SEM). Oligo sequences 

are listed in Table 2. 
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Figure 2.3.2 Steady state measurements correlate with time-resolved results. (A) Box 

chart summarizing the distribution of the lifetimes for the 3 libraries (3’-, internally, and 

5’-labeled), in the absence (black) and presence of one of the ssDNA binding proteins; 

gp2.5 (green), RPA (grey) or SSB (red). For these libraries, RPA or SSB binding narrowed 

down the variation of the distribution of lifetimes by ~2-3 folds, as indicated by the 

difference in SDs of the distributions upon protein binding and the deviation in the 

datasets containing oligos only. On the other hand, binding of gp2.5 did not significantly 

affect the variation of the lifetime distributions in all three libraries. (B) Graph showing 

the correlation between kiso (calculated by approximating 𝜏∞ to that of Cy3B) and Dw for 

a subset of 3’- (blue) and 5’-pCy3-labeled oligos (green). Horizontal dashed line 

represents the kiso upper limit of free Cy3. The data is fitted with linear regression 
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yielding a slope of 9.0±0.6 and R2-value of 0.95. Error bars and ± represent SD of 3 

replicates. (C) Plot showing the change in fluorescence (%) upon RPA binding to various 

oligos from all 3 libraries shown in Figure 2.3.1B-D. The fluorescence change determined 

by time-resolved fluorescence measurements (red) and steady-state fluorescence 

measurements (blue) are both shown with significant agreement between the two 

measurements as indicated by Pearson coefficient. Error bars represent SD from 3 

replicates and ± represents SEM. 

2.3.3 The structural properties of the DNA–Dye complexes 

This set of experiments is designed to further investigate the initial fluorescence state of 

a library of oligos, by probing the role of different external modulators on the overall 

DNA-Dye structure and rotational freedom in the absence of protein. Assuming that 

PIFE is an analogous effect to the presence of a viscogen, we investigated the effects of 

varying the glycerol concentration on the fluorescence lifetime for several DNA 

constructs (Figure 2.4.1A). It is clear that most of our constructs, except Cy3B, 

responded to an increase in glycerol concentration by increasing their lifetime. 

Qualitatively, it can be inferred that the range of this change is proportional to the 

fluorophore’s photoisomerization degree of freedom in a specific configuration. 

Accordingly, a more dynamic range reflects higher freedom. Our tested constructs, 

labeled with a Cy3 fluorophore exhibited a wide range of initial lifetimes (lifetimes at 0% 

glycerol) and a varied response to an increase in viscosity. They mainly fell within three 

classes: free from both ends (free Cy3 - the most sensitive to environmental changes), 

linked from one side to DNA (nCy3 - less sensitive to environmental changes) and linked 

from both sides (pCy3 - the most insensitive to environment). However, the final 
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lifetimes (lifetimes at 100% glycerol) for all constructs seemed to approach a similar 

value, which was expected, as the photoisomerization freedom is fully inhibited at a 

high viscogen concentration. 

For a more quantitative approach, the glycerol percentage (0-60% range) was 

first converted to dynamic viscosity 62,63 (Figure 2.4.2A); it was then plotted against the 

fluorescence lifetimes for all the various DNA constructs (Figure 2.4.2B). The resulting 

curves were fitted with a Michaelis-Menten-like hyperbola, where K1/2 represents the 

dynamic viscosity at which half of the maximum fluorescence lifetime is achieved. We 

found that constructs with a broader dynamic range of lifetimes resulted in higher K1/2 

values, due to the fact that their initial lifetimes were significantly different from the 

maximum lifetime (Figure 2.4.2B). When the initial lifetimes are plotted against the 

inverse of the K1/2 values, which can be viewed as a measure of the restriction of 

photoisomerization imposed on a fluorophore by viscosity, a striking linear dependence 

is observed (Figure 2.4.1B). This linear dependence also clearly highlights the three dye 

coupling classes, i.e. free dye or DNA coupled from either one or two sides. The initial 

lifetime is generated by a rate that can be further decoupled into two components: 

photoisomerization-dependent and photoisomerization-independent rates (see 

Methods). The latter is a sum of the radiative (kr) and other non-radiative rates (knr). 

This photoisomerization-independent rate exhibited a ~1.3-fold difference between the 

free Cy3 and the class of pCy3 constructs, which accounted for a slight increase of the 

lifetime of pCy3-coupled DNA (Figure 2.4.2C). On the other hand, the 
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photoisomerization-dependent rate (kiso) from the excited trans state, in pure water, 

showed a ~20-fold difference between the free Cy3 and the class of pCy3 constructs 

(Figure 2.4.2D). Taken together, these two observations showed that the variance in the 

initial lifetime between different constructs stemmed mainly from the 

photoisomerization pathway. 

We next investigated the effects of the overall structure of an oligo-dye complex, 

given a particular sequence, linker, and fluorophore position, on the fluorescence 

lifetime of the fluorophore. We hypothesized that annealing a complementary strand to 

an oligo would disrupt the structure formed by the oligo-dye complex, just as a protein-

binding would. We tested this hypothesis with a subset of the internally-pCy3-labeled 

oligo library (Figure 2.3.1D), with initial lifetimes ranging from 0.9 to 2.2 ns. The 

annealing of their complementary strands induced fluorescence modulations (NAIFE for 

enhancement or NAIFQ for quenching) that followed the general principle observed in 

presence of ssDNA-binding proteins on such oligos (Figure 2.4.1C). This demonstrates 

that fluorescence modulations need not necessarily associate with a specific protein 

binding, but rather to the molecule that propagates the interaction, in this case the 

pCy3-labeled oligos. We found the average final fluorescence lifetime (1.37 ns) upon 

formation of dsDNA to be lower than that of the RPA-induced modulation (1.78 ns) 

(Figure 2.4.1D), confirming that the external modulator can exert some influence on the 

final lifetime. Nevertheless, the anti-correlation between the initial lifetime and the 

fluorescence change still dictated the direction of the fluorescence modulation. 
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In the case of environmentally sensitive fluorophores, the notion of a single 

lifetime is replaced by a broad landscape of lifetimes that the fluorophore can access in 

different environments and configurations. This has been previously characterized using 

a microarray of short DNA oligos labeled with Cy3 or Cy5 assayed for their relative 

intensities 47,48,64. However, these studies were limited, as the only variable 

characterized was the short DNA sequence. Here, we compiled a landscape of Cy3 

accessible lifetime values, from a very significant number (N=398) of lifetime 

measurements (presented in this study), encompassing diverse contexts such as DNA 

sequence, linker chemistry, buffer conditions, DNA conformation, and protein 

association (Figure 2.4.1D). This landscape stretched between two extreme values, that 

of free Cy3 in water and that of O-328 (18) in RPA buffer. Added to the environmental 

sensitivity of the dye (Figure 2.4.1B), this landscape allowed us to deepen our 

understanding of an environmentally sensitive fluorophore, somewhat similarly to the 

way we understand an environmentally insensitive dye from the information given by a 

single lifetime value. 

Finally, since O-328 stood out as having the highest Cy3 fluorescence, even 

higher than Cy3B, we aimed to further probe the basis of its high fluorescence. We 

postulated that such high fluorescence could be due to the rigidification of the excited 

trans state imposed by the overall DNA structural configuration and possibly the 

additional effect of other pathways beyond photoisomerizaton. To test the rigidification 

hypothesis, we decided to systematically perturb this structural configuration by 
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trimming down the size of O-328 two nucleotides at a time (1 nt from each side), from 

22 nts (O-328) down to 8 nts (Figure 2.4.1E). We found that the lifetimes of this set of 

oligos remained largely consistent (~2.75 ns), up to a length of 16 nts, then they 

dropped down gradually as the oligo length decreased to 8 nts (1.2 ns). Upon annealing 

the corresponding complementary strands, the formed dsDNA exhibited a constant 

lifetime (~1.2 ns) across different lengths. Taken together, these results indicate that a 

specific DNA structure may form within the core of O-328 (central 16 nts). If this 

assumption holds, then one would expect that some specific factors could stabilize or 

destabilize the formation of this structure within O-328. In our previous experiments, 

we observed the high fluorescence of O-328 using RPA buffer (50 mM HEPES pH=7.5, 5% 

glycerol, 50 mM KCl, 1 mM MgCl2). We postulated that the buffer viscosity, ionic 

strength, pH and/or divalent metals could affect the DNA-Dye structure, and 

consequently the dye’s fluorescence. Hence, in order to pin down the effects of these 

variables, we measured the fluorescence lifetime of O-328 in solutions containing each 

of the buffer components separately, along with the RPA buffer as a positive control, 

and water as a negative control (Figure 2.4.1F). Surprisingly, we found that O-328 lost its 

extraordinarily high fluorescence in water and other solutions except for the one 

containing 50 mM KCl, which maintained a lifetime of ~2.7 ns. We speculated that 

potassium ions probably induced the formation of a secondary structure within O-328. 

We further investigated the photophysical properties of O-328 to understand 

better the peculiarity of its high fluorescence beyond inhibition of photoisomerization. 
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O-328 absorbance and emission spectra showed no significant spectral shifts in all Cy3 

contexts (free, random oligo, O-328, with or without K+), indicating that the quantum 

energy levels were unperturbed in the presence of K+ (Figure 2.4.2E). Decoupling the de-

excitation rates (Figure 2.4.2F) suggests that the super-enhanced fluorescence in O-328 

upon K+ binding as compared to Cy3B, most likely stems from a slightly prolonged 

radiative decay and a reduced rate of non-radiative pathways beyond 

photoisomerization. 
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Figure 2.4.1 Insights into the structural properties of the DNA-Dye complexes. (A) 

Effect of viscosity on fluorescence; bar charts represent the fluorescence lifetimes of 

different fluorophores (free or DNA-Dye complexes), at increasing concentrations of 

glycerol (0-100%), in 10% increments. (B) Dependence of the fluorescence lifetime, 

without glycerol, on the viscosity resistance. The plot shows a linear dependence with 
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slope of 0.44 ± 0.02 ns cP and y-intercept of 0.13 ± 0.04 ns. The horizontal error bars 

represent the standard error of the mean. The goodness of the linear fit, R2 value, is 

0.989. (C) Fluorescence lifetimes of 11 internal-pCy3 labeled oligo library with different 

sequences (grey) and their corresponding dsDNA (red). The horizontal dashed line 

shows the average fluorescence lifetime of dsDNA in this library. The green vertical 

dashed line delimits oligos that show an overall NAIFE effect, upon annealing of their 

complementary strand, whereas the red vertical dashed line delimits those showing an 

overall NAIFQ effect.  The Pearson coefficient of the correlation between the initial 

fluorescence lifetime (ssDNA) and the fluorescence change (%), upon annealing the 

complementary oligo, is reported with its respective standard error. (D) Fluorescence 

lifetime landscape of Cy3 compiling all the Cy3 lifetimes measured in this study (N=398). 

The horizontal dashed line represents the median value of the landscape. (E) Bar chart 

indicating the fluorescence lifetime of O-328 and its derivatives, in ssDNA (grey) and 

dsDNA (black) forms, measured in RPA buffer. (F) Bar chart indicating the fluorescence 

lifetime of O-328 in ssDNA form, in different individual RPA buffer components. Error 

bars represent SD from 3 replicates and ± represent SEM.  Oligo sequences are listed in 

Table 2. 
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Figure 2.4.2 Decoupling the rates generating the initial lifetime. (A) Conversion curve 

from glycerol percentage in water to dynamic viscosity. (B) Dependence of the 

fluorescence lifetime for the different constructs, shown in Figure 2.4.1A, on dynamic 

viscosity. Each curve was fitted to a Michaelis–Menten type hyperbola, as described in 

the Methods section. K1/2 values and the inverse value of τ∞ is indicated for each 
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construct. (C) Bar chart of the inverse values of the lifetimes in saturating glycerol τ∞, for 

each of the constructs shown in Figure 2.4.1A. (D) Bar chart of the photoisomerization 

rates from trans* in pure water of the constructs shown in Figure 2.4.1A. The equation 

below C and D describe the rate components, photoisomerization-independent (in 

Cyan) and –dependent (in blue), of the measured lifetime for any fluorophore in a 

particular condition. (E) Absorbance (dashed lines) and emission (solid lines) spectra of 

free Cy3 dye (black), O-328 oligo measured in water (blue), O-328 oligo measured in RPA 

buffer (cyan), random internal-labeled oligo measured in water (green), random 

internal-labeled oligo measured in RPA buffer (yellow) and free Cy3B dye (red). The 

spectra were corrected for background absorbance or emission by subtracting the 

absorbance or emission, respectively, of a blank solution (water or RPA buffer). These 

spectra were then normalized to a maximum value 1. (F) Bar chart representing the 

decoupled de-excitation rates; radiative component (kr) due to radiative decays, non-

radiative component (knr) due to non-radiative pathways excluding photoisomerization, 

and photoisomerization-dependent component (kiso-trans*), of O-328 in water (light 

green), O-328 in RPA buffer (green) and free Cy3B dye (grey) used as a reference. These 

rates were decoupled as described in the Methods. Inset table shows the quantum yield 

(𝜙) and the measured fluorescence lifetime (𝜏) of the different samples. The quantum 

yield of Cy3B (0.67, as reported earlier 65) is used as a reference to calculate the other 

quantum yields. Inset graph shows the fluorescence lifetime (ns) as a function of 

dynamic viscosity (cP), as determined from increasing viscosity study. The graph is fit 

with Michaelis–Menten type hyperbola as described in the Methods section, and kiso-

trans* is reported. Error bars and ± represent SD from 3 replicates. 
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2.3.4 PIFQ can be used at the single-molecule level 

To explore the applicability of PIFQ to single-molecule techniques, we sought to 

characterize FEN1’s catalytic efficiency, using a single labeled-DF. In our previous work, 

we used DF-6,1 with pCy3 placed at the tip of the flap and Alexa Fluor 647 placed at 

position 12 downstream of the nick junction 51,53,54. With this labeling scheme, the 

substrate had a FRET efficiency of 0.8 in the absence of FEN1. Upon FEN1 binding and 

DNA bending, the FRET efficiency dropped from 0.8 to 0.48 for few frames, before FEN1 

cleaved the pCy3-labeled 5’flap, leading to the instantaneous loss of the 5’flap and 

consequently FRET (Figure 2.5.1A) 51,53. This FRET change was confirmed by the anti-

correlated change in donor and acceptor signals, also evident in the time traces (Figure 

2.5.1A and Figure 2.5.2A). The distribution of the dwell times spent in the bent state, 

before the loss of signal, was fitted to a gamma distribution. This distribution averaged 

at ~163 ms, and was used to estimate the single turnover catalytic rates 51. The 

distribution of these dwell times showed a rise and decay indicating a multi-step rate-

limiting pathway. 

As shown in Figure 2.2.1, FEN1 binding to DF-6,1 induced a 40% quenching of the 

pCy3-labeled 5’flap fluorescence. This PIFQ may be a useful single-molecule cleavage 

assay, since it can reduce the complexity of the smFRET cleavage assay, especially when 

choosing an optimized FRET pair, detectable FRET change, and acceptors’ stability. 

Furthermore, the cleavage by FRET reports on all post DNA bending catalytic steps, 

whereas cleavage by PIFQ may report on specific catalytic steps only. In the smPIFQ 
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assay (Figure 2.5.1B), FEN1 binding causes a single step quenching before the signal is 

lost (Figure 2.5.1B and Figure 2.5.2B). This quenching step is interpreted as FEN1 

recognizing its substrate, while the loss of pCy3 signal marks the instantaneous 5’flap 

release. Our confidence in attributing the pCy3 loss to a cleavage of the 5’flap, rather 

than to photobleaching, is reinforced by the fact that pCy3 is stable in the absence of 

FEN1 under similar buffer conditions 51. Moreover, in both smFRET and smPIFQ, the 

changes in FRET and fluorescence, respectively, are significantly distinguishable from 

noise as illustrated in Figure 2.5.1D and described in Methods. Hence, even a change 

occurring in one frame can be confidently assigned to a FRET or PIFQ change. 

Surprisingly, the distribution of dwell times before cleavage from smPIFQ 

showed a single-exponential decay (Figure 2.5.1B), suggesting a single rate-limiting step, 

in contrast to the rise and decay distribution observed using smFRET cleavage assay 

(Figure 2.5.1A). Furthermore, the average dwell time from smPIFQ (116 ms) was slightly 

shorter than that from smFRET (163 ms). We propose that the difference in the average 

dwell times and the distribution patterns of these dwell times, obtained via the two 

assays, can be interpreted such that smPIFQ and smFRET start reporting at different 

time points of the FEN1 cleavage reaction. It may be possible that FEN1 induces 

quenching of Cy3’s fluorescence, only once the flap has been fully threaded and 

positioned, whereas smFRET starts reporting on the DNA bending, prior to the threading 

step. These results reveal an important mechanistic information regarding the timing of 

the 5’flap threading, in relation with DNA bending 51. More importantly, this shows that 
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smPIFQ can be used to question different aspects of this cleavage pathway, hence 

providing an extra dimension and adding to the information already acquired from 

smFRET assays 51,53. 

Moreover, FRET and PIFQ can be monitored simultaneously in the same smFRET 

cleavage experiment, as was reported earlier for smFRET/smPIFE 66, by following the 

change in FRET as well as the change in the total fluorescence intensity of both the 

donor and acceptor. This allowed us to distinguish between the starting points of both 

phenomena. The time traces showed the lower FRET state spanning over the average 

dwell time of 163 ms (Figure 2.5.1A). However, during this dwell time, we saw two 

distinct steps: one where the total fluorescence intensity was preserved and the second 

where the total fluorescence intensity dropped (Figure 2.5.1C and Figure 2.5.2C). The 

second step corresponds to the donor quenching just before cleavage. The occurrence 

of FRET change before PIFQ supports our interpretation that PIFQ most likely reports on 

a step involving 5’flap threading following DNA bending. 

Our next system relied on the observation that the fluorescence of O-328 was 

enhanced upon addition of potassium ions (Figure 2.4.1F). We therefore hypothesized 

that the presence of K+ changed the overall structure of the Cy3-labeled oligo, perhaps 

through the formation of a secondary structure of some sort, similar to G-quadruplexes 

case 67. It would therefore be expected that the addition of RPA to the system, a protein 

known to melt secondary structures 68, would quench the highly fluorescent O-328/K+ 

and attempt to restore the original fluorescent state of O-328. Our hypothesis that the 
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addition of K+ possibly induces the formation of a secondary structure in O-328 posits 

one caveat. Perhaps, the addition of K+ induced the formation of a dimer, rather than a 

secondary structure in the monomer. To test this hypothesis, we used a single-molecule 

technique. In the assay, we used a longer oligo containing the sequence of O-328 at one 

end and annealed to a biotinylated oligo at the other end, creating a primer/template 

(P/T) junction. This ensured that the fluorescent end of O-328 was free and away from 

the surface. Such design provided a well-spaced surface, where the formation of a dimer 

was almost impossible. In the absence of K+, the P/T junction showed a low fluorescence 

intensity profile, centered around 3.8x104 a.u. (Figure 2.6A). The addition of 50 mM KCl 

clearly shifted the fluorescence intensity distribution to a higher fluorescent regime, 

centered around 5.3x104 a.u. (40% increase), similarly to what we observed using bulk 

lifetime measurements (Figure 2.4.1F). More importantly, the time traces upon the 

injection of KCl (Figure 2.6A and Figure 2.5.2D) showed an initial instantaneous 

transition followed by a stable higher fluorescence state. This Cy3 intensity transition is 

interpreted as a dynamic transition between two states in a two-state binding system. 

This indicates that the K+-induced fluorescence enhancement is a single-step process 

(within our temporal resolution) rather than a progressive process that goes through 

multiple states to reach the maximum fluorescence state. Moreover, the time traces 

exhibited one-step photo-bleaching events, further confirming the monomer nature of 

the P/T junction (Figure 2.6A and Figure 2.5.2D). 
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Next, we tested whether RPA could melt this K+-induced secondary structure. 

Using the same P/T junction, and in the presence of KCl, we confirmed the high intensity 

profile of this substrate at an average of 6.8x104 a.u. (Figure 2.6B). The addition of RPA, 

even with added K+, quenched the Cy3 intensity to a peak centered around 4.9x104 a.u. 

(28% decrease), indicating that RPA is capable of melting the secondary structure and 

reversing the K+-induced fluorescence enhancement to a lower intensity profile.  Time 

traces (Figure 2.6B and Figure 2.5.2E) showed quenching in a single-step upon RPA 

binding, as well as single-step photo-bleaching events. 

Taken together, these single-molecule assays showed how fluorescence 

modulation, if controlled, can be used to understand diverse biochemical phenomena, 

at the single-molecule level. Both single-molecule cleavage and the monitoring of K+-

induced structural changes in O-328, as well as its disruption by RPA, are examples that 

can be studied in a simple way, using a single fluorophore. 
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Figure 2.5.1 PIFQ can be used at the single-molecule level to infer FEN1 catalytic 

kinetics. (A) smFRET cleavage assay used to follow the catalytic kinetics of FEN1 on DF-

6,1 substrate. Top: schematic representation of the experimental approach. Bottom: 

representative single-molecule trace of a cleavage event showing the FRET change and 

the following loss of signal. The distribution of the time spent in bent state for N=131 

cleavage events was plotted and fitted with gamma distribution. The mean and 

standard error of the mean are reported. (B) Single-molecule cleavage assay (smPIFQ) 

with a single label (pCy3) placed at the tip of the flap. Top: schematic showing the 

design of the assay. Bottom: representative single-molecule trace monitoring the 

fluorescence quenching of pCy3 upon interaction with FEN1 and subsequent signal loss. 

The time spent in the quenched state is quantified for N=213 events and its distribution 

is plotted and fitted to an exponential decay, with the mean and standard error of the 

mean reported. (C) Representative smFRET trace showing the FRET change (highlighted 

in grey) and the total intensity change (highlighted in cyan) before the signal loss. The 

total intensity change corresponds to the quenching of the Cy3 signal. (D) Bar chart 

showing the reciprocal of the signal-to-noise ratio (1/SNR- shown in grey) and the 

absolute fractional change (AFC- shown in Cyan) (light blue) for smFRET and smPIFQ 
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cleavage traces as described in the Methods section. The error bars correspond to the 

standard errors of the mean (SEM) of the 1/SNR and AFC in each case. The analysis was 

performed using N=100 traces in both cases. The p-value (p<0.001) is calculated for 

estimating the statistical difference between 1/SNR and AFC using a two-sample t-test 

for both smFRET and smPIFQ cleavage traces. The inset table shows the p-values 

generated by the Kolmogorov-Smirnov (KS) test of normality for the four data sets. The 

KS test failed to reject the null hypothesis that the data is normally distributed as 

indicated by p>0.05. Error bars represent SD of N=100 traces and ± represent SEM.  

Measurements for (A-C) were recorded with 50 ms temporal resolution. 
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Figure 2.5.2 Additional single-molecule traces. (A) Representative smFRET traces from 

cleavage assay of DF-6,1 by FEN1, as described in Figure 2.5.1A. (B) Representative 

smPIFQ traces from cleavage assay of DF-6,1 by FEN1, as described in Figure 2.5.1B. (C) 

Representative smFRET traces from cleavage assay of DF-6,1 by FEN1 monitoring both 

FRET change and total intensity change, as described in Figure 2.5.1C. (D) Examples of 

time traces of the secondary structure formation, within the context of O-328 and upon 

addition of K+ as well as their corresponding Cy3 fluorescence enhancements, as shown 

in Figure 2.6A. (E) Additional time traces of the melting of the secondary structure by 
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RPA, within O-328 and in the presence of K+. Traces show the quenching of Cy3 

fluorescence, upon interaction of RPA with O-328, as illustrated in Figure 2.6B. 

 

Figure 2.6 DNA structural changes monitored using Cy3 fluorescence modulation. (A) 

Secondary structure formation. Left: schematic showing the experimental setup. Upon 

the addition of K+, a secondary structure is formed leading to an enhancement of Cy3 

fluorescence. Middle: Cy3 fluorescence intensity histograms with (green) K+. The 

histograms are fitted to Gaussian distributions. Right: representative single-molecule 

trace showing the transitions to the enhanced-fluorescence state, upon formation of 

the secondary structure, as a result of the binding of K+. (B) Melting of the secondary 

structure. Left: schematic drawing showing the DNA construct used in C with a 

secondary structure formed in the presence of K+. However, upon addition of RPA, this 

secondary structure is melted, leading to the quenching of Cy3’s fluorescence. Middle: 

Intensity histograms of the Cy3 fluorescence, in the absence (green) and presence (blue) 

of RPA.  Histograms are fitted with Gaussian distributions. Right: representative single-

molecule trace showing the transitions to the quenched-fluorescence state, upon 

melting of the secondary structure induced by the binding of RPA Measurements for (A 

and B) were recorded with 100 ms temporal resolution. 
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Table 2 List of all the DNA oligos and substrates used in this study. 

 

2.4 Discussion 

Understanding biological processes using fluorescence tools, whether at the single-

molecule level, or at the ensemble-level, may benefit from simpler approaches that do 

not require many extraneous labels. Increasingly, the modulation of fluorescence upon 

binding of an interacting-partner or conformational changes within a single biomolecule 

is being leveraged to gain valuable knowledge of a multitude of biological phenomena 

and processes, and to elucidate the underlying mechanisms. In the context of protein 

binding to dye-labeled DNA, PIFE has been widely used in both single-molecule- and 
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ensemble-assays. Furthermore, the modulation of the fluorescence intensity, within a 

single biomolecule, has also been used to understand the conformational changes 

within single proteins 69. 

The dependence of the fluorescence parameters of Cy3 and similar dyes on the 

physical environment has proven to be advantageous in the design of many assays 

including PIFE. Cy3 fluorescence parameters are mainly a product of its cis-trans 

photoisomerization in the excited state. Within these bounds, there are two possible 

restriction scenarios: (1) Cy3 fluorescence is the product of a rate competition between 

photoisomerization upon excitation and fluorescent de-excitation from the excited trans 

state, for a fraction of time when the fluorophore is free to rotate and thereby free to 

photoisomerize, and (2) for a fraction of time Cy3 has permanent interaction with 

neighboring residues (DNA bases and amino acids), which would lead to a more 

rigidified excited state that is unable to rotate or photoisomerize. Both these scenarios 

do not need to be mutually exclusive and Cy3 fluorescence in any particular context 

(DNA sequence and protein residue interactions) can be a product of both the rate 

competition and the totally rigidified excited state to a different extent. These two 

scenarios are likely to be the cause of the multi-exponential nature of the fluorescence 

de-excitation of DNA coupled cyanine dyes 42. 

In this study, we showed, with our FEN1/DF system, that an opposite effect of 

PIFE exists. In this system, we witnessed both a NAIFE effect upon substrate formation 

in the absence of any protein, as well as a subsequent PIFQ (Figure 2.2.1C,D). Annealing 
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the oligos to make the DF substrate has a dramatic influence on the fluorescence of Cy3, 

as quantified by both the fluorescence lifetime and quantum yield. Experiments with the 

Cy3B-labeled flap substrates strongly suggest that the fluorescence modulation is 

mediated by photoisomerization (Figure 2.2.1E). The anti-correlated NAIFE upon 

formation of the substrate and the subsequent PIFQ upon FEN1 binding clearly suggest 

that quenching itself is due to the modulation of the inherently high fluorescent state of 

Cy3 in the DF substrate. We examined multiple parameters associated with Cy3 labeling 

(for example, linking chemistry, linker length and Cy3 neighboring DNA sequence) as 

well as different fluorophores, to investigate which of these parameters might affect the 

observed quenching process (Figure 2.2.1E-H). Among the examined fluorophores, Cy3 

and Cy5 displayed a significant quenching upon FEN1 binding. 

Our results suggest that the initial fluorescence state is a key factor that 

determines whether a PIFE or a PIFQ effect will occur. Indeed, when using a library of 

pCy3- labeled oligos that exhibit various initial fluorescence states, we observed that 

both PIFE and PIFQ effects could be generated upon RPA (and other ssDNA binding 

proteins) binding, depending on the initial fluorescence of the Cy3-DNA (Figure 2.3.1B-D 

and F-H). We also encountered few Cy3-labeled oligos that practically showed no effect. 

Most importantly, for both PIFQ and PIFE, the change in fluorescence and the initial 

fluorescence state were found highly anti-correlated (Figure 2.3.1B-D). Taken 

altogether, the data suggest that RPA, or other ssDNA-binding proteins, binding to the 

ssDNA does not actively modulate the Cy3 fluorescence to a similar outcome (i.e. 
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fluorescence increase, decrease or no change), but rather the outcome itself is 

dependent on the initial fluorescence. This initial fluorescence state of the DNA-Dye 

complex is dictated by its overall structure as imposed by various molecular interactions 

of the dye with the DNA. 

These interactions can be related to steric hindrance imposed by the DNA 

structure on the dye as well as specific interactions such as electrostatic, hydrophobic, 

π-π stacking and hydrogen bonding, among others 45; for example, in the context of 5’ 

labeled DNA, combination of these interactions may give rise to 5’ stacking 40,57-59. Two 

theoretical models were developed to explain fluorescence enhancement based on the 

concept of steric hindrance and the available volume for dye rotation 4,13. These studies 

characterized Cy3 excited-state behavior in terms of ratios of available volumes for 

rotation based on the proposed relation between rotation and photoisomerization 13,44-

46. Generally speaking, these models can be extrapolated to explain our observed 

modulations, including quenching. However, for these models to hold in the case of 

quenching, they should allow for the dye in the initial state to be more restricted than in 

the final state. For instance, an oligo with a considerable secondary structure that 

restricts the dye’s photoisomerization in the initial state can be disrupted in the 

presence of ssDNA-binding protein or a complementary strand, resulting in a relative 

increase in the dye photoisomerization. The same effect can be observed if the initial 

DNA-Dye system involves comparatively strong specific interactions that can be 

disrupted by protein binding. 
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The results presented in this study drew our attention to the use of PIFE (or 

PIFQ) as a protein-binding assay, in particular for associating of PIFE (or PIFQ) with a 

positive binding of the protein, at a specific site. Special caution should be exercised 

when interpreting the fluorescence modulations. For instance, ssDNA oligos with 

lengths that support the binding of RPA, but with sequences that have an initial 

fluorescence around the average value of the final Cy3-labeled DNA-RPA complex, did 

not exhibit any significant change upon the addition of excess RPA (Figure 2.3.1B-D). 

Hence, without a proper preliminary assessment, one could falsely attribute the lack of 

change in fluorescence to a poor (or even non-existent) affinity of RPA to these DNA 

sequences. In such scenarios, one could possibly change the sequence to generate a 

fluorescence modulation, or to amplify the existing one for a more favorable 

modulation. We must also stress that caution should be exercised with the 

interpretation of results in certain situations that require an unchanged quantum yield 

of either the donor or the acceptor, or both, as it is the case when distinguishing 

simultaneous FRET changes and PIFE or PIFQ. This can be achieved by either changing 

the sequence or the linking chemistry to show minimal or no effect whatsoever. 

To our knowledge, a systematic comparison of the commonly used fluorophores 

in order to determine their relative predisposition and degree of fluorescence change 

upon protein binding has not been reported. For this reason, we used RPA-ssDNA 

system to establish such parameters for commonly used fluorophores (Figure 2.3.1E). 

Except for Cy3B, which was found insensitive to protein binding (as expected), all other 
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fluorophores displayed a modulation of the fluorescence, upon binding of RPA. The 

dominant PIFE outcome might be a result of our experimental design in which only one 

particular sequence was used, probably a sequence with a low initial fluorescence 

lifetime. Interestingly, Alexa Fluor 555 showed an extreme change in fluorescence, for 

all tested positions, consistently exhibiting a PIFE effect of more than 100% in 

magnitude. This suggests that Alexa Fluor 555 may be an ideal environmentally sensitive 

fluorophore, and hence quite powerful for PIFE studies (Figure 2.3.1E). 

Since the preceding RPA experiments implicated the role of the initial state of a 

system in the modulation of fluorescence, we further investigated this initial state in the 

Cy3-DNA system without protein. Our results showed that when Cy3 is more rigidly 

bound to the DNA, its lifetime displays less sensitivity to the changes in the 

environmental conditions, thus exhibit a less dynamic change in its fluorescence (Figure 

2.4.1A). They also showed that when Cy3 becomes more rigidly bound to the DNA, its 

initial lifetime gets longer (at 0% glycerol).  Indeed, the relationship between 1/K1/2 (a 

measure of viscosity resistance and therefore of a fluorophore’s rigidification) and the 

initial lifetime, under various Cy3 conditions (bound and free), showed a linear 

dependence (Figure 2.4.1B). The slope of this linear relationship can then be used as a 

quantitative parameter to evaluate any fluorophore’s propensity to change its 

fluorescence, under the change of environmental factors. For a subset of terminally-

labeled Cy3 oligos, we showed that local rotational freedom strongly correlates with the 

photoisomerization rate and therefore with the fluorescence lifetime (Figure 2.3.2B). 
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It is worth mentioning that a previous study used transient absorption 

spectroscopy to monitor photoisomerization of cyanine dyes and its role in PIFE 

phenomenon 5. By directly monitoring post-excitation cis-isomer formation, the authors 

concluded that the effect of protein presence in PIFE leads to a reduction in the 

photoisomerization pathway. We believe that these results can be extrapolated to our 

observed fluorescence modulations including quenching upon protein binding or DNA 

annealing. Nevertheless, we point out that a decrease in the fluorescence lifetime need 

not be associated only with the formation of cis-isomer since isomerization to the 

twisted S1
* is enough to compete with the fluorescent de-excitation from trans excited 

state, without the requirement of branching into the cis-isomer. To gain insight into the 

degree of photoisomerization in our systems, we have performed increasing viscosity 

experiments to gradually inhibit photoisomerization including trans S1
* to the twisted 

S1
*. 

The fluorescence lifetimes of Cy3 generated under all the different conditions 

being studied were compiled and yielded the fluorescence landscape shown in Figure 

2.4.1D. This comprehensive landscape provides a valuable insight into Cy3 fluorescence 

lifetime bounds. Free Cy3 and O-328 derivative occupy the extremities of this curve. 

These upper and lower bounds exhibit ~ 15-fold difference in lifetime with a median of 

1.38 ns for the distribution of all Cy3 lifetimes. Together, the viscosity dependence 

(Figure 2.4.1B) and the fluorescence landscape (Figure 2.4.1D) demonstrate the ease of 

modulating Cy3’s fluorescence and the range of this modulation, upon changing the 
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environment. We believe that such better understanding of the Cy3 photophysics may 

be applicable to other carbocyanine dyes. The importance of the characterization of the 

Cy3 fluorescence parameters and their modulation can be indispensable for the design 

of fluorescence-based experiments. For instance, one would choose a condition that 

yields a fluorescence state at the bottom of the lifetime landscape, if the preferred 

outcome is to generate a PIFE effect. The same logic would be applied if PIFQ is sought, 

for which one would prefer a condition where Cy3 fluorescence lies in the upper region 

of the landscape. Likewise, conditions generating fluorescence lifetimes around the 

median of the landscape could be favored, if no photophysical effect upon protein 

binding is required, for example, in the case where the fluorophore will be used for 

accurate FRET measurements to monitor conformational changes 70.  Sequences of 

desired initial lifetime could be used from the library presented in the current work or 

from other high-throughput sources 47,48,64. To further optimize such systems, we 

propose, in future experiments, to identify patterns in labeled DNA sequences and to 

correlate them with their corresponding structures and consequently their lifetimes. 

pCy3 labeled ssDNA exhibited a variance in their initial fluorescence lifetimes but 

were brought to similar values by the presence of RPA, or other ssDNA binding proteins 

(Figure 2.3.1B-D,F-H). Likewise, annealing the corresponding complementary oligo to 

the same set of internally-pCy3-labeled oligos mimicked the presence of RPA to a large 

degree (Figure 2.4.1D and 2.3.1D). Thus, we concluded that the initial fluorescence in 

these pCy3-oligos most likely stemmed from their overall structure. This overall 
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structure has the potential to be disrupted by an external modulator (ssDNA binding 

proteins or complementary oligo). Nonetheless, the difference in the average final 

lifetimes in the presence of ssDNA binding proteins or the complementary oligo 

indicates a potential role for the external modulator in the final outcome (enhancement, 

quenching or no change). It is also worth noting that the pCy3-dsDNA system at an 

average fluorescence lifetime of 1.37 ns lies in the median region (1.38 ns) of the Cy3 

lifetime landscape (Figure 2.4.1C,D). Hence, we advise extreme caution when such 

dsDNA constructs are to be investigated in fluorescence modulation-based DNA-protein 

binding assays. 

  O-328 revealed an extremely interesting aspect in that it exceeded Cy3B in its 

lifetime (Figure 2.3.1D). We hypothesized that such state was generated partially by the 

rigidification of the trans state, possibly upon the formation of a secondary structure. 

Perturbing this secondary structure by shortening the oligo from the extremities 

resulted in a gradual decrease in lifetime of Cy3, presumably due to the destabilization 

of the secondary structure. However, disrupting this structure by annealing the 

corresponding complementary oligo to the different O-328 derivatives displayed a 

striking consistently low lifetime, across all lengths (22 to 8 bps) (Figure 2.4.1E). It then 

seems logical to assume that the high fluorescence in this oligo was indeed due to the 

formation of a secondary structure, and that its melting decreased the fluorescence 

almost to the median value of Cy3’s lifetime landscape (Figure 2.4.1D,E). Probing some 

factors that could result in the formation of this secondary structure revealed that the 
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fluorescence of Cy3-labeled-O-328 was significantly sensitive to the presence of K+ ions 

reminiscent of the G-quadruplex structure (Figure 2.4.1F). We expect that this sequence 

can be integrated into other sequences to generate PIFQ. 

Using multiple single-molecule experiments, we showed how our understanding 

of the fluorescence modulations phenomena could be applied to rationally design PIFE 

or PIFQ experiments to study catalytic kinetics, conformational changes and protein 

binding at the single-molecule level (Figure 2.5.1). As a proof of concept, our smPIFQ 

cleavage assay with a singly labeled FEN1/DF system showed that we can visualize 

FEN1’s cleavage reaction, in real time, and that we can access FEN1 catalytic kinetics in a 

similar fashion to smFRET assay 51,53. However, with our smPIFQ cleavage assay, we 

were able to track the cleavage at various steps different from those observed with 

smFRET, making PIFQ and smFRET complimentary assays, rather than redundant. The 

combined smFRET and smPIFQ assay corroborated the findings of individual smFRET and 

smPIFQ measurements.  On the other hand, single-molecule assays using a singly 

labeled P/T junction, within the context of O-328 sequence, allowed us to monitor the 

formation of the K+-induced secondary structure, and its melting by RPA, in real time 

(Figure 2.6). Thus, we demonstrated how PIFQ, similar to PIFE, could be used to study 

conformational changes as well as protein binding. 

Using a combination of time-resolved fluorescence lifetime, steady state 

fluorescence measurements, and single-molecule assays, we have shown that Cy3, and 

by reasonable extrapolation all the other environmentally sensitive dyes, had the 
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unique property of context-dependent fluorescence identity, and that this property 

could be significantly leveraged by careful considerations of the fluorescence 

parameters, in the initial state of the system being studied. If the initial fluorescence 

state of the Cy3-conjugated system can be manipulated by changing the parameters 

affecting Cy3 fluorescence (DNA sequence or surrounding amino acid residues, position 

of fluorophore, fluorophore linker chemistry, and buffer conditions including viscosity 

and ionic strength) to occupy either extremity of Cy3 fluorescence landscape, 

fluorescence enhancement or quenching can be achieved. In this study, we 

demonstrated that the change in fluorescence did not require the presence of a protein 

molecule, as conformational changes in systems such as ssDNA to dsDNA conversion 

were sufficient to significantly and effectively change the fluorescence signal. 

2.5 Methods 

2.5.1 DNA oligos and substrates 

DNA oligos were custom-synthesized with their respective modifications by Integrated 

DNA technologies (IDT) or Sigma-Aldrich. Oligos with phosphoramidite coupled Cy3 

(pCy3) or Cy5 (pCy5) were directly purchased from IDT or Sigma. However, oligos used 

for Cy3B, Alexa Fluor 647, Alexa Fluor 555, nCy3 and DyLight633 labeling were ordered 

from IDT harboring site-specific amine-modified thymine. All DNA oligos were HPLC 

purified and the list of these oligos is shown in Table 2. We would like to note that the 

notation of each oligo number does not bear any sequence or specific property 
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significance, but it is rather for our lab inventory purposes. The monofunctional NHS 

dyes were purchased from GE healthcare. For the labeling reactions, the dyes were 

dissolved in DMSO to a final concentration of 20 mM while the modified oligos were 

dissolved in DNAse free H2O to a final concentration of 0.2 mM. The reactions 

proceeded by mixing the oligos at a final concentration of 0.05 mM with ~ 40-fold molar 

excess of the different dyes in freshly prepared labeling buffer containing 50 mM 

Na2[B4O5(OH)4] (pH 8.5) followed by 6 hr incubation at room temperature in the dark 

with gentle mixing. Ethanol precipitation was then used to precipitate the labeled oligos 

out of the excess dyes. Further purification of the labeled oligos was performed using 

denaturing polyacrylamide gel electrophoresis (PAGE). The labeling efficiency was 

calculated by comparing the absorbance of DNA at 260 nm and that of the respective 

dye at its absorption maximum wavelength. Oligos were labeled with >90% labeling 

efficiency. 

Double Flap (DF) substrates were constructed by annealing the three strands, 

template: 5′ flap: 3′ flap in 2: 1: 4 molar ratios, in TE-100 buffer (50 mM Tris–HCl pH 8.0, 

1 mM ethylenediaminetetraacetic acid (EDTA) pH 8.0, 100 mM NaCl). For annealing, a 

thermocycler PCR machine was used where the oligos mixture was heated at 95 °C for 5 

min followed by step cooling at a rate of 1 °C per 1 min down to 25 °C. Similarly, dsDNA 

and P/T junction substrates were constructed by mixing labeled: unlabeled oligos with a 

ratio of 1:3 in TE-100 buffer and annealed using the same thermocycling method. 
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Substrates were purified over non-denaturing PAGE and their purity was assessed to be 

>95%. 

2.5.2 Proteins expression and purification 

The gene sequences encoding human FEN1, E. coli SSB and T7 bacteriophage gp2.5 were 

cloned via Gibson assembly into a modified pE-SUMO-pro expression vector 

(Lifesensors) harboring an N-terminal double His6-Tag followed by SUMO fusion protein. 

These clones were transformed into E. coli BL21 (DE3) strain, and expressed in 2xYT 

media by 0.2 mM IPTG induction. Cells were harvested and then lysed in buffer A (50 

mM Tris-HCl pH 7.5, 5% (v/v) glycerol, 750 mM NaCl, 10 mM β-mercaptoethanol (BME) 

and 30 mM imidazole). Purification was carried out by two sequential Ni-NTA columns, 

separated by SUMO protease cleavage. Proteins were eluted with a linear gradient 

against buffer A+300 mM imidazole, where in the second Ni-NTA chromatography the 

proteins went into flow through. Proteins were then concentrated and further purified 

over HiLoad superdex-75 pg (for human FEN1 and T7 gp2.5) or HiLoad superdex-200 pg 

(for E. coli SSB) size exclusion columns. Size exclusion chromatography was performed 

using a buffer containing 50 mM HEPES-KOH pH 7.5, 500 mM NaCl, 2 mM dithiothreitol 

(DTT) and 10% (v/v) glycerol. Fractions containing the desired proteins were collected, 

flash frozen and stored at -80 °C. 

For human RPA, the plasmid encoding all three RPA subunits (pET11d-tRPA) was 

a generous gift of Prof. Marc S. Wold 71.  The protein was expressed in BL21 (DE3) cells 
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in TB media at 37˚C after 0.3 mM IPTG induction. Cells were collected and resuspended 

in lysis buffer (HI Buffer + 1 mM phenylmethane sulfonyl fluoride (PMSF)); HI buffer 

contained 30 mM HEPES-KOH pH=7.8, 0.25% (w/v) myo-inositol, 0.25 mM EDTA-pH=8.0, 

1 mM DTT and 0.01% (v/v) igepal (NP-40). RPA was purified over HiTrap Blue HP 5mL 

column (GE-healthcare) with extensive washing using increasing salt concentrations and 

finally eluted with a linear gradient against HI Buffer + 1.5 M NaSCN. Next, fractions 

containing the 3-subunit complex were desalted and concentrated over a 

Hydroxyapatite (Bio-Rad) column against an elution buffer of HI Buffer + 50 mM 

potassium phosphate (pH=7.8). The final step of purification was performed over 

MonoQ column (GE healthcare) and the protein was eluted with linear gradient against 

HI Buffer + 400 mM KCl. Fractions containing the 3-subunit RPA complex were collected, 

concentrated, flash frozen in liquid nitrogen and stored at -80 ˚C. 

Protocatechuate 3,4-dioxygenase (PCD) encoding subunits pcaH and pcaG were 

codon optimized and cloned with individual promoters in PRSF-1b vector. An N-terminal 

decahistidine tag was added to pcaH subunit of the PCD enzyme to aid the purification. 

PCD expression clone was transformed into E. coli BL21 (DE3) strain, and expressed in 

2xYT media by 0.2 mM Isopropyl β-D-1-thiogalactopyranoside (IPTG) induction at 25 °C 

for 8 hours. Ferrous ammonium sulphate was added just prior to induction at the final 

concentration of 20 mg/L of culture. PCD was purified using Ni-NTA affinity and 

Superdex-200 pg gel filtration chromatography. 
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2.5.3 Time-resolved fluorescence lifetime measurements 

Time-resolved fluorescence lifetime measurements were carried out using 

QuantaMaster 800 spectrofluorometer (Photon Technology International Inc.) equipped 

with a Fianuim supercontinuum fiber laser source (Fianium, Southampton, U.K.) 

operating at 20 MHz repetition rate. Arrival time of each photon was measured with a 

Becker-Hickl SPC-130 time-correlated single photon counting module (Becker-Hickl 

GmbH, Berlin, Germany). Measurements were collected under magic angle (54.7) 

conditions and photons were counted using time to amplitude converter (TAC). To 

reduce the collection of scattered light, a longpass filter (550 nm) was placed at the 

emission side. In all measurements, 10,000 counts were acquired. The instrument 

response function (IRF) was estimated using a Ludox colloidal silica suspension dissolved 

in water. 

Measurements were recorded at room temperature in FEN1 reaction buffer for 

DF substrates-related samples, in RPA buffer for RPA-related samples, or other buffers 

as indicated in the corresponding sections. Samples containing green fluorophores 

(pCy3, nCy3, Alexa Fluor 555, and Cy3B) were excited at 532 nm and emission was 

collected at 565 nm with 5 nm slit width for both excitation and emission. On the other 

hand, samples containing red fluorophores (Cy5, Alexa Fluor 647 and DyLight633) were 

excited at 632 nm and emission was detected at 665 nm with similar slit widths (5 nm) 

for both excitation and emission. The fluorophores lifetime decays were then obtained 

using FluoFit software package (PicoQuant) applying the IRF and fitted to one or two-
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exponential decays. The one-exponential decay fit was used for free fluorophores while 

the two-exponential decay fit was utilized for all other samples. The best fit was chosen 

based on reduced chi-square and randomness of the residuals. 

The reported lifetimes are the amplitude-averaged lifetimes of 3 independent 

replicates. The fluorescence change based on the lifetime measurements was calculated 

as the percentage of the difference between the final lifetimes upon protein addition to 

DF substrate (in case of FEN1) or oligo (in case of RPA) and the initial lifetimes of these 

DNA constructs as compared to the initial lifetimes, keeping in mind the sign of the 

change. The Pearson correlation coefficient reports the correlation between this 

percentage of fluorescence lifetime change and the initial lifetime. This coefficient of 

the correlation was calculated using bootstrap statistics 72. 

Experiments probing the effect of viscosity on the fluorescence lifetimes of 

fluorophores were performed according to the methods described above. Each studied 

fluorophore, free or attached to DNA, was dissolved in increasing concentrations of 

glycerol (0-100% v/v in increments of 10%) diluted in DNAse free water. These 

increasing concentrations of glycerol were used to determine the dynamic viscosity of 

each sample 62,63, keeping in mind the measurements were done at standard 

temperature and pressure. Fluorescence lifetimes of the different samples were then 

plotted against the calculated dynamic viscosity and the curves were fit with a 

Michaelis–Menten type hyperbola as described in Methods. The inverse of K1/2 (a 

measure of a fluorophore’s rigidity in a particular context) was plotted against the 
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fluorescence intensity in the absence of glycerol and the data points were fitted to a 

linear dependency. 

2.5.4 Single molecule fluorescence measurements 

Single molecule measurements were all performed at room temperature in a custom 

airtight microfluidic flow cell with a glass coverslip that was functionalized and 

passivated by 1:100 molar ratio of biotinylated polyethylene glycol (Biotin-PEG-SVA MW 

5,000) and polyethylene glycol (mPEG-SVA MW 5000) (Laysan Bio Inc.). DNA substrates 

(100-200 pM) were immobilized onto the surface using biotin-NeutrAvidin interaction. 

Prior to the DNA immobilization, the surface was incubated with 0.2 

mg/ml NeutrAvidin for 10–15 min followed by excessive washing with reaction buffer to 

remove excess NeutrAvidin and block any extra unspecific binding sites. To enhance the 

fluorophores photostability and reduce photo-blinking, our imaging buffer included a 

mixture of reaction buffer, a protocatechuic acid (PCA)/protocatechuate-3,4-

dioxygenase (PCD) oxygen scavenging solution 73 and 2 mM Trolox (Sigma-Aldrich). All 

single-molecule experiments were performed using a custom-built TIRF-FRET setup 74. 

Several movies of each condition were recorded on different fields of view in two-color 

alternating excitation (2c-ALEX) 75 mode and/or continuous excitation mode. The time 

resolution for the different experiments is mentioned in their respective figure legends. 

Data was extracted using twotone software 76 and analyzed using Matlab and OriginPro. 
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Single Molecule FEN1 Nuclease Assays 

FEN1 nuclease assays of DF-substrates were performed using double-labeled substrates 

for smFRET measurements or using single-labeled DF substrates to observe smPIFQ. In 

both experiments, 250 nM FEN1 was used to cleave the substrates in reaction buffer  

containing 50 mM HEPES-KOH pH 7.5, 100 mM KCl, 5% (v/v) glycerol, 10 mM MgCl2, 0.1 

mg/mL bovine serum BSA, and 1 mM DTT. Recording using continuous excitation of 

green laser was initiated prior to the arrival of FEN1 to the flow cell. The movies were 

recorded under continuous flow of protein at a time resolution of 50 ms.  

For smFRET experiments, a cleavage event was identified by the preceding 

decrease of FRET signal from E~0.8 to E~0.48 signifying the bending step, an essential 

step in FEN1-substrate recognition, followed by the loss of signal after the incision of the 

5’-flap and the loss of the donor. This decrease in FRET signal is clearly distinguishable 

and the donor and acceptor signals anti-correlate. In this case, the time spent in the 

low-FRET state (bent state) (ƮFRET) was calculated by manually counting the frames. The 

distribution of ƮFRET was plotted and fit to a gamma distribution using Matlab dfittool 

and the mean and standard error of the mean are reported.  

Similarly, for smPIFQ experiment, a cleavage event was identified by the 

preceding quenching of pCy3 signal signifying FEN1 engaging the flap substrate and 

followed by the loss of pCy3 signal after the incision of the flap. This quenched-state 

step is clearly distinguishable as it only occurs when followed by the complete loss of 

signal. Likewise, the cleavage event and loss of signal is distinguishable from pCy3 
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photobleaching as it is always preceded by a quenched-state step. The time spent in the 

quenched-state (Ʈquenching) was calculated by manually counting the number of frames. 

The distribution of Ʈquenching was plotted and fit to a single exponential decay using 

Matlab dfittool and the mean and standard error of the mean are reported.  

Single molecule Monitoring of Secondary Structure Formation and Melting 

For this set of experiments, the DNA substrate used is a P/T junction composed 

of a long (82 nt) pCy3-labeled oligo containing O-328 (22) sequence at its 5’end and 

annealed to a biotinylated complimentary short (22 nt) oligo at its 3’end. This substrate 

is immobilized to the surface through biotin-NeutrAvidin interaction with dsDNA region 

near the surface and the ssDNA region containing O-328 (22) extending further away 

from the surface. For monitoring the secondary structure formation, first, the DNA 

substrate (100-200 pM) was immobilized to the surface in RPA reaction buffer excluding 

KCl. Three movies of different fields of view were recorded at equilibrium using 

continuous excitation of green laser. Second, RPA reaction buffer containing 50 mM KCl 

was injected into the flow cell. Prior to the arrival of the KCl-containing buffer to the 

flow cell, recording was started under continuous flow of buffer. Finally, three movies of 

different fields of view were recorded after equilibrium with the exchanged buffer was 

reached. The movies taken at equilibrium before and after the injection of 50 mM KCl 

were used to construct the distributions of pCy3 intensity in the two conditions. These 

distributions were fit with Gaussian peaks using OriginPro and the center of these peaks 
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are reported. The movie recorded under flow was used to monitor the change of Cy3 

fluorescence, in real time, as shown in the time traces. 

Similarly, to observe the melting of the secondary structure, the same P/T 

substrate was immobilized to the surface in RPA reaction buffer containing 50 mM KCl. 

Three movies were recorded, at equilibrium, before the injection of 100 nM RPA in the 

RPA reaction buffer. A movie was recorded, starting prior to RPA arrival to the flow cell 

and under continuous flow. At last, three movies were recorded after the final 

equilibrium with RPA was reached. These movies were used to construct the pCy3 

intensity histograms and time traces, in a similar fashion to those described for the 

formation of the secondary structure. 

2.5.5 Steady state fluorescence 

Steady state fluorescence measurements for FEN1/DF system were conducted at room 

temperature using Fluoromax-4 (HORIBA JOBIN YVON). The fluorescence intensities of 

DF substrates (DF-2,1 to DF-18,1) harboring pCy3 at the tip of their 5’ flaps were 

measured in FEN1 reaction buffer (50 mM HEPES-KOH pH 7.5, 100 mM KCl, 5% (v/v) 

glycerol, 10 mM CaCl2 and 1 mM DTT). For measurements in the presence of FEN1, a 

saturating concentration of FEN1 was added to the mixture of labeled substrates in 

FEN1 reaction buffer and allowed to reach equilibrium state after 3 mins incubation at 

room temperature. In both cases, pCy3 was excited at 535 nm (λmax-ex) and emission 

spectra were collected between 550 and 700 nm. Both excitation and emission slit 
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widths were set to 5 nm. Measurements were recorded with an integration time of 0.1 

s. The emission spectra were corrected by subtracting the background emission of a 

blank solution comprised of FEN1 reaction buffer. For each measurement, the steady 

state fluorescence intensity was evaluated by integrating the corresponding emission 

spectrum with  5 nm (slit width) bounds around 565 nm (λmax-em). The steady state (SS) 

fluorescence change upon FEN1 addition to the DF substrates was calculated as a 

percentage of the difference between the initial fluorescence intensity (Ii) of DF 

substrates and the final fluorescence intensity (If) after the addition of FEN1 to the initial 

fluorescence intensity (SS Fluorescence Change = 100 * (Ii -If)/ Ii ). The reported 

measurements are the average of 3 independent replicates.  

For oligo/RPA system, steady state fluorescence measurements of pCy3-labeled 

oligos were performed at room temperature using a microplate spectrofluorometer 

(TECAN infinite M1000) in RPA reaction buffer (50 mM HEPES-KOH pH=7.5, 50 mM KCl, 

5% glycerol and 1 mM MgCl2) in the absence and presence of RPA at saturating 

concentration. The samples were excited at 535 nm (λmax-ex of Cy3) and emission was 

collected at 565 nm (λmax-em of Cy3) with 5 nm slit width for both excitation and emission 

and an integration time of 0.1 s. The measurements were corrected by subtracting the 

emission of RPA reaction buffer used as a blank. The fluorescence change (%) upon 

addition of RPA was evaluated as described above. 
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2.5.6 Absorbance measurements 

The absorbance of pCy3-labeled DF substrates in the absence and presence of FEN1 was 

measured at room temperature using Thermo-Scientific™ Evolution™ 

Spectrophotometer. These measurements were taken within FEN1 reaction buffer in 10 

mm quartz cuvettes. The bandpass was set at 1 nm and concentrations of samples were 

kept diluted such that the absorbance measurements were below 0.1. This measure was 

taken into consideration to minimize the reabsorption effect. pCy3 absorption was 

quantified by integrating with  1 nm bounds around the absorption maximum (535 

nm). The instrumental baseline was recorded before each measurement with a blank 

sample containing FEN1 reaction buffer. For each sample, the absorbance 

measurements of DF substrates in the absence of FEN1 (Ai) were recorded, then FEN1 

was added at a saturating concentration to the same cuvette and incubated for 3 mins 

at room temperature. Following that, the absorbance (Af) of labeled DF-substrates was 

recorded in the presence of FEN1. Dilution due to the volume change upon FEN1 

addition was accounted for when performing further calculations. Similar to the SS 

fluorescence change, the absorbance change upon FEN1 addition to the DF substrates 

was calculated as follows: Absorbance Change = 100 * (Ai -Af)/ Ai. The reported 

measurements are the average of 3 independent replicates.  

The absorption and fluorescence emission spectra of O-328 in the absence and 

presence of K+, and in comparison with those of free Cy3 dye, free Cy3B dye, and an 

internally-labeled pCy3 oligo were acquired at room temperature using a microplate 
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spectrofluorometer (TECAN infinite M1000) in water or RPA reaction buffer, 

respectively. Absorption spectra were collected from 440 nm to 575 nm and emission 

spectra were collected from 543 to 700 nm with an excitation at 535 nm. Absorption 

and fluorescence emission spectra were also collected for background absorption and 

emission using a water and an RPA buffer blanks. The background absorption and 

emission were then subtracted from the samples absorption and fluorescence emission 

spectra and the spectra were finally normalized to a maximum value of 1. 

2.5.7 Quantum Yield measurements 

The fluorescence  quantum yield measurements were performed following established 

protocols 77 based on fluorescence emission and absorption measurements. For each 

pCy3-labeled DF substrate, three fluorescence quantum yields were measured: that of 

pCy3-labeled 5’ flap oligo and that of the DF substrate in the absence and presence of 

FEN1 all within FEN1 reaction buffer. For O-328 oligo, two fluorescence quantum yields 

were measured (in water and RPA buffer). For each quantum yield, the absorbance of 

the sample was measured (as described above), then the fluorescence emission 

spectrum of the same sample was collected (as described above). Samples were diluted 

and these measurements were reiterated 3 times keeping the absorbance in the range 

of 0-0.1 where the absorbance and fluorescence emission correlate linearly. Cy3B, 

dissolved in FEN1 buffer or RPA buffer for DF-substrate experiments or O-328 

experiments, respectively, was used as a reference dye and same procedure was 
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applied. Hence, the fluorescence quantum yield of Cy3 in each case was calculated 

according to this equation:  

𝜙𝐶𝑦3 = 𝜙𝐶𝑦3𝐵
𝐸𝐶𝑦3(1 − 10

−𝐴𝐶𝑦3𝐵)𝑛𝐶𝑦3
2

𝐸𝐶𝑦3𝐵(1 − 10
−𝐴𝐶𝑦3)𝑛𝐶𝑦3𝐵

2    (2.1), 

where 𝜙  is the fluorescence quantum yield, E is the integrated fluorescence emission 

across the whole spectrum (550-700 nm), A is the absorbance at 535 nm, n is the 

refractive index of the medium. The values of the refractive indices are same for both 

the reference and sample. The fluorescence quantum yield of Cy3B (0.67) was used as 

reported 78.  

2.5.8 Theoretical non-radiative lifetime loss calculations 

For the determination of the non-radiative loss of Cy3- and Cy3B-coupled DNA, the 

natural fluorescence lifetime (radiative lifetime, in the absence of non-radiative 

competing pathways) was calculated based on the widely used Strickler-Berg equation 9. 

For a transition from a lower energy l to a higher energy level u, induced by light 

absorption, the radiative lifetime of the excited state (𝜏𝑟𝑎𝑑) is given by: 

1

𝜏𝑟𝑎𝑑
= 2.88 ×  10−9𝑛2〈�̃�𝑓

−3〉𝐴𝑣
−1
(𝑔𝑙/𝑔𝑢)∫ 𝜖(�̃�)𝑑𝑙𝑛(�̃�)   (2.2), 

where n is the refractive index of the buffer, �̃� is the frequency of the transition 

expressed in cm-1, 𝜖(�̃�)is the molar extinction coefficient spectra, and  𝑔𝑙  and 𝑔𝑢 are the 

degeneracies of the lower and upper states, respectively, with (𝑔𝑙/𝑔𝑢) = 1 for 
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fluorescent transition. The integration and the averaging of the third negative power of 

the frequency of the transition are performed over the whole absorption spectra. This 

formula was initially used for atomic species, but it estimates well the radiative 

fluorescence lifetime for rigid fluorophores. In the presence of non-radiative competing 

pathways, the measured fluorescence lifetime will always be shorter than this 

theoretically estimated value, in correlation with the quantum yield. Therefore, the ratio 

between the measured fluorescence lifetime and theoretical radiative fluorescence 

lifetime serves as an estimate of the non-radiative competing pathways, including trans-

>cis loss (for reviews, consult 20). In our experiments, the molar extinction coefficient 

spectra were determined by normalizing the absorption spectra over several dilutions 

and the refractive index was approximated by the refractive index of water. Thus, the 

non-radiative lifetime loss percentage was approximated by d = (rad-exp)/ rad*100. For 

free Cy3 and Cy3B, the radiative fluorescence lifetime was estimated by dividing the 

published fluorescence lifetimes by the quantum yields of these two dyes 42. 

2.5.9 Determination of the hyperbolic viscosity dependence of 

fluorescence lifetime and decoupling of rates 

In general, for a fluorophore that can photoisomerize from an excited state that is 

capable of fluorescent de-excitation, the measured fluorescence lifetime  of this state 

is given by: 

1

𝜏
= 𝑘𝑟 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜    (2.3), 
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where kr is the rate of the fluorescent radiative de-excitation, knr is the rate resulting 

from all the non-radiative pathways except photoisomerization and kiso is the 

photoisomerization rate. 

In the simplest model, the photoisomerization rate from any given state has 

been shown to depend on the viscosity of the environment through the dependence 

10,11: 

𝑘𝑖𝑠𝑜(𝜂) = 𝐷 𝜂−𝑎 exp (−
𝐸0
𝑅𝑇
)  (2.4), 

where  is the dynamic viscosity, D is parameter associated with the rotational freedom 

of the fluorophore, E0 is the height of the energy barrier that has to be crossed for 

photoisomerization, a is a constant between 0 and 1, R is the gas constant and T is the 

absolute temperature. 

For simplicity, the value of the parameter a can be considered 1. Moreover, this 

parameter is not of interest for us as we do not intend to characterize the exact 

mechanism of photoisomerization. With this simplification, the measured fluorescence 

lifetime  as a function of viscosity becomes:  

1

𝜏(𝜂)
= 𝑘𝑟 + 𝑘𝑛𝑟 +

𝐷 exp (−𝐸0/𝑅𝑇)

𝜂
   (2.5). 

Calculating the limit at saturating viscosity gives:  

1

𝜏∞
= lim

𝜂→∞

1

𝜏(𝜂)
= 𝑘𝑟 + 𝑘𝑛𝑟    (2.6), 
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which yields the fluorescence lifetime at saturating viscosity, given that 

photoisomerization is completely inhibited. In certain experiments, this value was 

simply replaced by the lifetime of free Cy3B with the assumption that all the other de-

excitation pathways except photoisomerization are similar for Cy3 and Cy3B13. 

The rate of isomerization at any viscosity can, therefore, be easily obtained by 

subtraction:  

𝑘𝑖𝑠𝑜(𝜂) =
1

𝜏(𝜂)
−
1

𝜏∞
   (2.7). 

We are particularly interested in the rate of photoisomerization from trans* in pure 

water, for which we determine the lifetime of a particular construct in pure water and in 

saturating glycerol. 

Rearranging the terms in the first equation gives:  

𝜏(𝜂) =
1

1
𝜏∞

+
D exp (−

𝐸0
𝑅𝑇)

𝜂

=
𝜏∞ ∗ 𝜂

𝜂 + 𝜏∞ D exp (−
𝐸0
𝑅𝑇)

   (2.8). 

Making the notation 𝐾1/2 = 𝜏∞ D exp (−
𝐸0

𝑅𝑇
), the above equation becomes:  

𝜏(𝜂) =
𝜏∞ ∗ 𝜂

𝐾1/2 + 𝜂
   (2.9). 

This equation describes a Michaelis-Menten type hyperbola with the asymptotic 

limit . The parameter K1/2 represents the dynamic viscosity at which half of the 
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maximum lifetime is achieved. At constant temperature, and since  is an intrinsic 

constant of the fluorophore, K1/2 depends on the rotational freedom of the fluorophore 

expressed by D and the height of the photoisomerization energy barrier E0. 

2.5.10 Steady State Fluorescence Anisotropy Measurements 

Steady state fluorescence anisotropy measurements were carried out using 

QuantaMaster 800 spectrofluorometer (Photon Technology International Inc.) equipped 

with a Xenon arc lamp. The optical pathway was set to L-configuration. To reduce the 

collection of scattered light, a longpass filter (550 nm) was placed at the emission side. 

Measurements were recorded at room temperature in FEN1 reaction buffer. Samples 

were excited at 532 nm and emission was collected between 564 and 572 nm with 5 nm 

slit width for both excitation and emission. Emission was then integrated over the above 

interval. For all the below used indices, V denotes the vertical setting of a polarizer, 

while H denotes the horizontal setting of a polarizer. For any pair of indices, the first one 

denotes the setting of the excitation-side polarizer, while the second one denotes the 

setting of the emission-side polarizer. Every sample was prepared and split into two 

equal volumes in order to measure the IVV and IVH components independently with the 

scope of minimizing error introduced by photobleaching. For each sample, the analysis 

and measurements were performed as detailed below. 

First, the instrument G-factor was determined following the below formula 1, 

and by measuring the IHH and IHV components for each sample. 
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𝐺 =
𝐼𝐻𝑉
𝐼𝐻𝐻

   (2.10). 

Next, the IVV and IVH components were measured, and the steady state 

anisotropy r was determined according to the following equation 1. 

𝑟 =
𝐼𝑉𝑉 − 𝐺 ∗ 𝐼𝑉𝐻

𝐼𝑉𝑉 + 2 ∗ 𝐺 ∗ 𝐼𝑉𝐻
   (2.11). 

The fluorescence lifetime, anisotropy and rotational correlation time are related 

through the Perrin equation 1:  

𝑟 =
𝑟0

1 +
𝜏
𝜑 

   (2.12), 

where r is the steady state fluorescence anisotropy measured as mentioned above,   is 

the measured fluorescence lifetime, 𝜑 is the rotational correlation time and r0 is the 

intrinsic anisotropy of the fluorophore in the absence of any rotation given by the angle 

between the absorption and emission dipoles. 

In order to determine the rotational correlation time 𝜑, we first experimentally 

determined r0 by measuring the IVV and IVH components of each sample in FEN1 reaction 

buffer containing 60% glycerol. The 60% glycerol fully inhibited any rotational motion. 

Applying the above anisotropy formula, we obtained r0 values of ~0.38, as previously 

reported for Cy3 42. Hence, the rotational correlation time  was calculated as follows:  

𝜑 = 𝜏 ∗
𝑟

𝑟0 − 𝑟
   (2.13). 



114 
 

2.5.11 Time-Resolved Fluorescence Anisotropy Measurements 

Time-resolved fluorescence anisotropy measurements were carried out using 

QuantaMaster 800 spectrofluorometer (Photon Technology International Inc.) equipped 

with a Fianuim supercontinuum fiber laser source (Fianium, Southampton, U.K.) 

operating at 20 MHz repetition rate. Arrival time of each photon was measured with a 

Becker-Hickl SPC-130 time-correlated single photon counting module (Becker-Hickl 

GmbH, Berlin, Germany). Photons were counted using time to amplitude converter 

(TAC). The optical pathway was set to L-configuration. To reduce the collection of 

scattered light, a longpass filter (550 nm) was placed at the emission side. For all 

measurements, the counts were acquired for 1 min. Measurements were recorded at 

room temperature in FEN1 reaction buffer. Samples were excited at 532 nm and 

emission was collected at 565 nm with 5 nm slit width for both excitation and emission. 

The instrument response function (IRF) was estimated using a Ludox colloidal silica 

suspension dissolved in water.  

Similar to steady state fluorescence anisotropy measurements, each sample was 

prepared and split into two equal volumes for separate measurements. All indices and 

pair of indices are as described above. For each sample, the analysis and measurements 

were performed as described below. 
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The instrument G-factor was determined by measuring the IHH (t) and IHV (t) 

components decays and by using tail-matching option in FluoFit software package 

(PicoQuant).  

Next, the IVV (t) and IVH (t) components decays were measured for each sample 

and the start points of their multi-exponential decays were determined by using the IRF. 

IVV (t) and IVH (t) were then shifted accordingly on the time-axis, to ensure that these 

starting points are aligned at t0=0 ns. The time-resolved anisotropy decay r (t) was 

determined according to 1: 

𝑟(𝑡) =
𝐼𝑉𝑉(𝑡) − 𝐺 ∗ 𝐼𝑉𝐻(𝑡)

𝐼𝑉𝑉(𝑡) + 2 ∗ 𝐺 ∗ 𝐼𝑉𝐻(𝑡)
  (2.14). 

This time-resolved anisotropy decay r(t) was then fitted to a model accounting 

for wobbling-in-cone 13,14,79 (fluorophore) with the cone attached to a cylinder (DNA) 80: 

𝑟(𝑡) = 𝑟0 ((1 − 𝐴∞)𝑒
−

𝑡
𝜏𝐶𝑜𝑛𝑒 + 𝐴∞)(

1

4
(3𝑐𝑜𝑠2(𝛼) − 1)2 +

3

4
𝑠𝑖𝑛2(2𝛼)𝑒−𝐷𝐶𝑦𝑙𝑖𝑛𝑑𝑒𝑟𝑡 +

3

4
𝑠𝑖𝑛4(𝛼)𝑒−4𝐷𝐶𝑦𝑙𝑖𝑛𝑑𝑒𝑟𝑡) (2.15), 

where r0 is the intrinsic anisotropy of the fluorophore given by the angle between the 

aborption and emission dipole moments, Cone is the rotational relaxation time for the 

wobbling-in-cone, DCylinder is the rotational diffusion coefficient of the cylinder around its 

long axis,  is the angle between the long axis of the cylinder and the rotational 

symmetry axis of the cone in the approximation that the angle between the dipoles is 

small (which is the case of Cy3 with r0=0.38 which is close to 0.4) and A is a parameter 

related to the cone angle by: 𝐴∞ = [
1

2
cos (𝜃)(1 + cos (𝜃))]

2
, where  is the maximum 
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angle between the dipole moments of the fluorophore and the rotational symmetry axis 

of the cone achieved during the wobbling-in-cone motion. 

The first decay component is associated with the local rotation of the 

fluorophore relative to the DNA molecule to which it is attached and is described by a 

fast wobbling-in-cone motion 13, while the second component is associated with the 

slow overall spinning motion of the complex around the DNA long axis.  

In order to follow the fast component associated directly with the local 

fluorophore rotation relative to the DNA, we calculated the wobbling-in-cone diffusion 

coefficient (Dw), as described previously 14. 

𝐷𝑤 =
1

𝜏𝐶𝑜𝑛𝑒(1 − 𝐴∞)
{
−𝑥2(1 + 𝑥)2[log ((1 + 𝑥) /2) + (1 − 𝑥)/2]

2(1 − 𝑥)
+
1 − 𝑥

24
(6 + 8𝑥 − 𝑥2 − 12𝑥3 − 7𝑥4)}   (2.16), 

where x=cos().This wobbling-in-cone diffusion coefficient incorporates both the steric 

restriction imposed by the neighboring residues through its dependence on  and the 

effect of the transient interactions and the solvent that can collectively slow down the 

rotation in their vicinity through its dependence on Cone, while maintaining the ease of 

comparison between various conditions. It can be regarded as an overall measure of the 

fluorophore’s local rotational freedom in a particular environment. Mathematically, Dw 

incorporates both the exponential factor of wobbling component as well as it its pre-

exponential factor, which is related to the percentage contribution of this component.  
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2.5.12 Decoupling the Fluorescence Lifetime Rate Components 

As described in the previous sections, the measured fluorescence lifetime  of the 

excited state is given by: 

1

𝜏
= 𝑘𝑟 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜    (2.17), 

where kr is the rate of the fluorescent radiative de-excitation, knr is the rate resulting 

from all the non-radiative pathways except photoisomerization and kiso is the 

photoisomerization rate. 

Likewise, the radiative quantum yield , i.e. the relative efficiency of the 

radiative de-excitation, is given by: 

𝜙 =
𝑘𝑟

𝑘𝑟 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜
= 𝜏 ∗ 𝑘𝑟   (2.18). 

Therefore, by measuring the fluorescence lifetime and the fluorescence 

quantum yield of a particular labeled construct, the rate of the radiative de-excitation is 

obtained algebraically as: 

𝑘𝑟 =
𝜙

𝜏
   (2.19). 

The isomerization rate in a particular buffer can be obtained through an 

increasing viscosity study on the construct of interest, as described in the previous 

sections. kiso is then given by the following formula. 
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𝑘𝑖𝑠𝑜(𝜂𝐵𝑢𝑓𝑓𝑒𝑟) =
1

𝜏(𝜂𝐵𝑢𝑓𝑓𝑒𝑟)
−
1

𝜏∞
   (2.20), 

where Buffer is the dynamic viscosity of the buffer of interest, (Buffer) is the 

fluorescence lifetime in the buffer conditions of interest and  is the fluorescence 

lifetime at saturating viscosity. For most of the rate decoupling experiments, the buffer 

of interest was pure water. For simplicity, we remove the explicit viscosity dependence 

of the fluorescence lifetime in the buffer of interest, thus making the notation (Buffer) = 

, the isomerization rate then becomes:  

𝑘𝑖𝑠𝑜 =
1

𝜏
−
1

𝜏∞
   (2.21). 

Once kr and kiso are determined, knr can be obtained through algebraic 

operations as: 

𝑘𝑛𝑟 =
1

𝜏
− 𝑘𝑟 − 𝑘𝑖𝑠𝑜 =

1

𝜏
−
𝜙

𝜏
− (

1

𝜏
−
1

𝜏∞
)   (2.22). 

After rearranging the terms, knr is given by:  

𝑘𝑛𝑟 = 
1

𝜏∞
−
𝜙

𝜏
   (2.23). 

To summarize, once ,  and  are experimentally measured, the de-excitation 

component rates can be decoupled by the following system of equalities: 
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{
  
 

  
 𝑘𝑟 =

𝜙

𝜏

𝑘𝑛𝑟 =
1

𝜏∞
−
𝜙

𝜏

𝑘𝑖𝑠𝑜 =
1

𝜏
−
1

𝜏∞

   (2.24). 

It is worthy to mention that the above system of equations holds as well for rigid 

fluorophores or non-rigid fluorophores that have been fully rigidified by external 

conditions. The rigidity can be tested for by performing an increasing viscosity study on 

the complex of interest. In the case where the fluorophore is fully rigidified, the 

fluorescence lifetime does not increase with the increase in viscosity. Mathematically, 

this observation is expressed as   = . With this observation, in the case of rigid 

fluorophores such as Cy3B, the above-mentioned system of rates becomes: 

{
 
 

 
 𝑘𝑟 =

𝜙

𝜏

𝑘𝑛𝑟 =
1 − 𝜙

𝜏
𝑘𝑖𝑠𝑜 = 0

   (2.25). 

2.5.13 Signal-to-Noise Ratio Analysis of smFRET/smPIFQ Traces 

The noise around a constant value, for a variable that takes only positive values, such as 

the photon count, can be defined as the reciprocal of signal-to-noise ratio (SNR), given 

by:  

1

𝑆𝑁𝑅
=
𝜎

𝜇
   (2.26), 
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where  denotes the signal mean value and  denotes the noise standard deviation (SD) 

around the mean signal value. For the smFRET/smPIFQ FEN1 cleavage traces,  and  

were determined individually for each trace from the 10-15 frames preceding any state 

change.  and  were determined for a population N=100 traces in each case 

(smFRET/smPIFQ). The resulting set of inverse SNR values was analyzed for mean and 

standard error of the mean (SEM) according to the below equations: 

{
  
 

  
 𝑀𝑒𝑎𝑛 (

1

𝑆𝑁𝑅
) =

1

𝑁
∑ (

𝜎

𝜇
)
𝑇𝑟𝑎𝑐𝑒

𝑁

𝑇𝑟𝑎𝑐𝑒=1

𝑆𝐸𝑀 (
1

𝑆𝑁𝑅
) =

√
∑ [(

𝜎
𝜇)𝑇𝑟𝑎𝑐𝑒

−𝑀𝑒𝑎𝑛 (
1

𝑆𝑁𝑅)]
2

𝑁
𝑇𝑟𝑎𝑐𝑒=1

𝑁 ∗ (𝑁 − 1)

    (2.27). 

The absolute fractional change (AFC) upon protein binding was then calculated 

for each of the N=100 traces as: 

𝐴𝐹𝐶 = |
𝜇𝐹 − 𝜇𝐼
𝜇𝐼

| = |
∆𝜇

𝜇𝐼
|    (2.28), 

where 𝜇𝐼  denotes the mean of the signal before the protein binding, F denotes the 

mean of the signal after the protein binding and | | denotes the absolute value 

function. Similar to the case of the inverse signal to noise ratio, the set of absolute 

fractional change upon protein binding was analyzed for the mean and SEM as: 
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{
  
 

  
 𝑀𝑒𝑎𝑛(𝐴𝐹𝐶) =

1

𝑁
∑ |

∆𝜇

𝜇𝐼
|
𝑇𝑟𝑎𝑐𝑒

𝑁

𝑇𝑟𝑎𝑐𝑒=1

𝑆𝐸𝑀(𝐴𝐹𝐶) =
√
∑ [|

∆𝜇
𝜇𝐼
|
𝑇𝑟𝑎𝑐𝑒

−𝑀𝑒𝑎𝑛(𝐴𝐹𝐶)]
2

𝑁
𝑇𝑟𝑎𝑐𝑒=1

𝑁 ∗ (𝑁 − 1)

   (2.29). 

In order to determine whether the fluorescence/FRET change is significant 

beyond the noise level, the two datasets, i.e. (
1

𝑆𝑁𝑅
)
𝑇𝑟𝑎𝑐𝑒=1:𝑁̅̅ ̅̅ ̅

 and (𝐴𝐹𝐶)𝑇𝑟𝑎𝑐𝑒=1:𝑁̅̅ ̅̅ ̅ in 

both cases were first tested for normality using MATLAB implemented Kolmogorov-

Smirnov test. Once the normality of the two datasets was confirmed, the two datasets 

were compared for statistical difference using two-sample t-test with a significance level 

=0.001 using the MATLAB build-in function ttest2 with the options set to allow for 

unequal SDs of the two sets. The statistic of this test is given by: 

𝑡 =
𝑀𝑒𝑎𝑛(𝐴𝐹𝐶) − 𝑀𝑒𝑎𝑛 (

1
𝑆𝑁𝑅)

√[𝑆𝐸𝑀(𝐴𝐹𝐶)]2 + [𝑆𝐸𝑀 (
1

𝑆𝑁𝑅)]
2
   (2.30). 
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Chapter 3: A direct fluorescent signal transducer embedded in a DNA 

aptamer paves the way for versatile metal-ion detection*2 

3.1 Abstract 

Using DNA aptamers as sensors for metal ions provide a variety of applications in 

biology and industry. Many of these sensors are based on guanine-rich DNA sequences 

that undergo conformational changes upon metal-ion binding. However, these sensors 

require an exogenous reporter that can recognize such DNA conformational changes 

and transduce the signal. Here, we bypass the exogenous reporter by embedding a 

signal transducer in the guanine-rich DNA aptamer that measures directly the DNA 

conformational changes upon metal-ion binding. Our signal transducer is an 

environmentally sensitive Cy3 fluorescent dye that is internally coupled to the DNA 

aptamer. We demonstrate the applicability of our embedded-signal transducer 

approach using a known potassium-responding aptamer. We next demonstrate the 

versatility of this approach by designing an aptamer sensor that can detect potassium 

ions in the low micro-molar range and with high selectivity against a wide range of ions 

including sodium. The aptamer accurately measured potassium ions concentration in a 

variety of aqueous and biological test samples. Our embedded-signal transducer 

 

*2 This chapter contains data published in 81 Raducanu, V. S. et al. A direct 
fluorescent signal transducer embedded in a DNA aptamer paves the way for versatile 
metal-ion detection. Sensor Actuat B-Chem 304, 127376, doi:10.1016/j.snb.2019.127376 
(2020). 
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approach will pave the way for the development of aptamer sensors for a variety of 

ligands. 

3.2. Introduction 

The wide applications of biosensors in biomedicine, agriculture, environment and 

security have inspired significant research into the development of sensitive, selective, 

reliable and cost-effective biosensors. In particular, biosensors that detect metal ions 

gained popularity due to their ease of manipulation to detect wide range of ligands 82-84. 

However, specificity toward target ligands and not toward other mono- and divalent 

metal ions remains difficult to achieve with biosensors 84,85.  

At the core of the biosensing technology are two elements: the biorecognition of 

an analyte and the transduction of this recognition into a quantifiable and measurable 

signal 84,86. The traditional use of proteins and enzymes for the biorecognition element 

has been replaced by the more versatile and cost-effective counterpart, DNA. The ability 

of DNA to bind a wide range of ligands and other small molecules makes it a rich 

resource for biosensors. In DNA-based biosensors, DNA aptamers and DNAzymes have 

been used as the ligand-recognition elements 87. In DNA aptamers, the most common 

recognition mode is the formation of G-quadruplex structures in guanine-rich sequences 

upon metal ion binding, such as K+, NH4
+, Na+, and Pb2+ 82. Recognition by DNAzymes, on 

the other hand, relies on their folding into a catalytically competent structure upon 

metal ion binding 84. 
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As for the transduction element, multiple methods have been used for signal 

readout, including those based on fluorescence, colorimetry, mass-sensitivity, 

electrochemistry, and chemiluminescence 83,84. Fluorescence-based methods are 

superior due to their high signal-to-noise ratios, requirement of minimal sample volume 

and ease of signal readout. One of the most popular fluorescence methods is Förster 

resonance energy transfer (FRET). Multiple studies have used FRET on DNA aptamers to 

sense structural changes in the DNA upon ligands binding 88,89, including the use of FRET 

to detect K+-induced G-quadruplex formation 90. Despite FRET’s popularity, it requires 

dual labeling and a change in distance between the donor and acceptor. This makes the 

development of FRET-based aptamers a very tedious task. A wealth of other 

fluorescence-based transducers has been developed 87,89,91-95. However, all these 

methods require an indirect external dye as a transducer. This requirement increases 

the complexity of the assays and makes them unsuitable for applications in which a high 

dye concentration may interfere with the ligand or the medium. Additionally, the 

response to such external transducers depends on the binding of both the ligand to the 

sensor and the sensor to the transducer, each with its own affinity. This additive effect 

decreases the working range, as well as the sensitivity of the sensor. At the same time, 

the dependence of the assay on the concentration of the dye renders measurement 

reproducibility and error minimization challenging.  

Recently, Umrao et al. 96 coupled a thrombin protein binding aptamer to a Cy3 

fluorophore and showed that thrombin binding enhanced the fluorescence through 
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protein-induced fluorescence enhancement (PIFE). This methodology eliminates the 

requirement of the dual labeling in FRET or the need for an indirect external signal 

transducer. However, the applicability of this methodology is restricted to systems 

where a protein is the ligand itself. In a recent work, we have characterized the 

modulation of PIFE in cyanine dyes, such as Cy3, within the context of cyanine dyes-

conjugated DNA systems 36. Here, we relied on this characterization to develop a 

fluorescent transducing approach that extends the advantages of PIFE-based 

transduction to a protein-free aptamer system.   

Our fluorescent-transducing approach takes advantage of the environmental 

sensitivity of cyanine dyes. These dyes exhibit interesting photophysical properties due 

to their non-rigid structures with a polymethine bond connecting two indole rings 42,45. 

The fluorescence of these dyes, as quantified by fluorescence emission intensity, 

fluorescence lifetime or quantum yield, depends on the cis-trans photoisomerization 

rate around their polymethine bond. This photoisomerization rate in turn hinges on the 

environment surrounding the fluorophore 36,45. Therefore, we conjectured that Cy3, 

when embedded in an aptamer, can report directly on the DNA conformational changes 

upon metal ion binding. In this study, we opted to characterize and develop this 

transducing approach with potassium ion as a ligand of choice. We showed, using an 

incorporated Cy3 to a well-established G-quadruplex potassium sensor, that Cy3 can 

directly transduce the signal from potassium binding. We then demonstrated that this 

transducing approach can be developed to produce a new DNA sensor for potassium 
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detection with remarkable selectivity, affinity and environmental stability. Notably, this 

sensor was able to determine the equivalent K+ concentration in several test samples. 

We envision that future investigations can apply the same general concepts to other 

ligands including nucleic acids or other small molecules. 

3.3 Results 

3.3.1 Internal Cy3 fluorescence transduces metal ion-induced DNA 

conformational change 

In a previous work 36, we characterized several factors that may influence the 

interactions of the DNA with Cy3 and alter its photoisomerization rate. Here, we explore 

the applications of this characterization in developing a fluorescent transducer that 

takes advantage of the environmental sensitivity of Cy3 photoisomerization. In 

particular, we hypothesized that if Cy3 is coupled to an aptamer that undergoes a 

ligand-induced conformational change, which in turn alters Cy3’s photoisomerization 

rate, then Cy3 can transduce the signal into a measurable fluorescence change (Figure 

3.1.1A). 

To test this hypothesis, we turned our attention to the well-established use of G-

quadruplex aptamers as metal-ion biosensors 82,88,90,92-95,97-107. G-quadruplexes are G-

rich ssDNA sequences, which tend to fold into secondary structures that are stabilized in 

the presence of different metal ions, most notably K+. In particular, we conjugated Cy3 

through phosphoramidite linkage to a G-rich sequence (G1), which was previously 



127 
 

reported to respond to K+ binding 108-110. The resulting conjugated system is therefore 

referred to as Cy3-G1. Upon K+ binding, this DNA aptamer folds into a 

parallel/antiparallel-mixed G-quadruplex 108,109. Previously, this signal was transduced in 

the form of isothermal titration calorimetry (ITC) response 108, circular dichroism (CD) 

response 110, electrospray ionization mass spectrometry (ESI-MS) titration curves 109 and 

the distance dependence of dark quenching between a fluorophore and a dark 

fluorescence quencher 108. In these previous studies, the reported linear response range 

to K+ binding was between 20 M and 1 mM, with a dissociation constant (KD) of ~78 

M.  

Throughout this study, we opted to incorporate the Cy3 fluorophore into the 

sugar-phosphate backbone through phosphoramidite rather than post-synthetic 

labeling via N-hydroxysuccinimide (NHS)–amine chemistry, because this approach 

provides Cy3 with greater sensitivity to the conformational changes in the DNA 

molecule to which the dye is attached 36. To examine the ability of the embedded Cy3 in 

transducing the DNA conformational changes induced by K+ binding into an aptamer, we 

measured the time-resolved fluorescence lifetime of Cy3-G1 upon increasing the 

concentration of K+ in the form of KCl salt. At room temperature, KCl and K+ 

concentrations in water are equivalent since KCl almost completely disassociates into its 

constituent ions. Experimentally, measured fluorescence lifetime meets all the 

requirements of a physical observable for signal transducing from a population with two 

species, bound and unbound aptamers, as described in Methods. Moreover, the 
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measured fluorescence lifetime of a mixture of two populations with two different 

lifetimes and the same absorption and emission spectra is a linear combination of the 

concentration-weighted individual lifetimes 111. Cy3-G1 showed a fluorescence lifetime 

of 1.90 ns in ultra-pure water, which continuously increased upon increasing the K+ 

concentration and reached a saturation of 2.27 ns at ~10 mM (Figure 3.1.1B). 

Importantly, the KD and the response range of Cy3-G1 to K+ (Figure 3.1.1B) is consistent 

with previous reports 108,109. 

 

Figure 3.1 Cy3 transduces conformational changes induced by metal ions in DNA 

aptamers through a modulation of its fluorescence properties. (A) Schematic 

illustrating the proposed transducing technology. (B) A plot of time-resolved 

fluorescence lifetimes of Cy3-labeled G1 versus the dimensionless log10 of K+ 

concentration normalized to 1 nM. The curve was fit to Eq. (3.5) (Materials and 

methods) with a fixed starting point at 0 = 1.9 ns. The dissociation constant (KD) and the 

apparent Hill coefficient (n*) are reported. ∞ denotes the maximum fluorescence 

lifetime achieved. 
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3.3.2 Using Cy3 as an embedded transducer to build a potassium sensor 

from scratch 

To ensure that our transducing technology is not G1-sequence specific, we explored its 

applicability and versatility in other DNA-Cy3 conjugated contexts. Therefore, we sought 

to develop another DNA aptamer for K+ sensing keeping in line with our embedded Cy3 

transducing element. In our recent work, we observed a K+-induced hyper-fluorescence 

of a G-rich ssDNA sequence (O328) 36. We hypothesized that the binding of K+ to this 

ssDNA most likely induces the formation of a secondary structure. Hence, we carried out 

Circular dichroism (CD) measurements of an unlabeled O328 oligo. We observed a 

specific CD spectrum between 220 nm and 350 nm; this spectrum was shifted and 

amplified by the addition of KCl (Figure 3.2.1A), while the total absorbance showed no 

change (Figure 3.2.1A, inset). This experiment demonstrates that a K+-induced 

secondary structure is being formed in O328. It is worth noting that this structural 

change is intramolecular rather than intermolecular as we confirmed through single-

molecule work 36. Taken together, these results point towards the potential of O328 

sequence to sense K+.  

To transduce this structural change into a fluorescence signal, we conjugated 

Cy3 through phosphoramidite linkage to this DNA sequence. Cy3 fluorescence and its 

modulation is highly sensitive to the overall structure of the DNA-Dye complex, which is 

influenced by the position of the fluorophore within the DNA, among other factors 

36,47,48. To maximize the signal readout of the K+-induced fluorescence enhancement, we 
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screened for several Cy3 positions in O328 (Figure 3.2.1B). With the exception of Cy3 

terminally conjugated to O328, K+ binding induced a fluorescence enhancement with a 

maximum of ~55% when Cy3 was conjugated right in the middle of the oligo. We 

adopted this particular Cy3-O328 for further characterizations.  

The time-resolved fluorescence lifetime decays of Cy3-O328 measured at 

increasing concentrations of K+ (0 – 1 M) showed a continuous increase of Cy3 

fluorescence in response to increasing K+ concentration (Figure 3.2.1C). These decays 

were fit to two-exponential decays yielding an amplitude-weighted average of 

fluorescence lifetimes. Cy3-O328 exhibited a fluorescence lifetime of 1.8 ns in ultra-pure 

water in the absence of any additional metal ions (Figure 3.2.1D). This fluorescence 

lifetime continuously increased as the K+ concentration increased, reaching a saturation 

of ~2.8 ns at ~10 mM KCl (Figure 3.2.1D). This increase in Cy3 fluorescence lifetime 

indicates that the K+-induced conformational change in the DNA acts locally in such a 

way that rigidifies Cy3, thus decreasing its photoisomerization rate and increasing its 

experimentally measured fluorescence lifetime. 

We plotted the fluorescence lifetime values against the dimensionless log10 of 

the K+ concentration (Figure 3.2.1D). The data points seem to follow a sigmoidal 

response; hence, we fit the curve with Eq. (3.5) (Methods) with a fixed 0 value of 1.8 ns 

(the fluorescence lifetime at zero salt). This fit generated a maximum fluorescence 

lifetime of 2.83 ns at saturating K+ concentration (Figure 3.2.1D). These two parameters 

gave Cy3-O328 a dynamic range of ~1 ns. The fit of the binding kinetics resulted in a KD 
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value of ~6 M (3.77 in log10 scale), demonstrating that our Cy3-O328 aptamer is 

ultrasensitive to K+ in the low micro-molar range. The apparent Hill coefficient (n*) of 

this fit (~6) reflects the log10 transformation of the concentration axis and not the true 

Hill coefficient.  

The time-resolved fluorescence lifetime measurements reported above were 

performed at fixed excitation and emission wavelengths. Such fixed-wavelength 

measurements do not discriminate between a true change in Cy3 fluorescence resulting 

from K+-dependent secondary structure formation in the DNA and a spectral-chromatic 

change induced by the same structure formation. To probe the latter case, we acquired 

steady-state fluorescence emission spectra (520 – 700 nm) of Cy3-O328 at several K+ 

concentrations (Figure 3.2.1E). These emission spectra with increasing K+ concentrations 

up to 1 M did not exhibit any significant spectral-chromatic change. Analogous to the 

lifetime measurements, the steady-state fluorescence intensities increased continuously 

as the K+ concentration increased from zero to 1 mM. For a better comparison between 

the lifetime and steady-state measurements, we normalized their response curves and 

calculated the Pearson correlation coefficient in the quasi-linear response range in order 

to assess the agreement between the two measurements analytically (Figure 3.2.1F). A 

Pearson correlation coefficient of ~0.98 indicated a strong agreement between the 

measurements. Moreover, absorbance measurements of Cy3-O328 under various K+ 

concentrations did not exhibit any spectral-chromatic changes or major variations in 
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their integrated values, confirming the absence of non-linear effects (Figure 3.2.2A). We 

therefore concluded that the response curve can be reproduced by either approach. 

Taken together, the ability of O328 to respond to K+ ions by a DNA 

conformational change and the ability of Cy3 to transduce this response into a 

fluorescence change suggest that Cy3-O328 possess the two components of a biosensor. 

Moreover, Cy3-O328 K+-response was in the low micro-molar range, indicating high 

sensitivity. Regarding Cy3-O328 as a sensor, we estimated the classical EC10 and EC90 

values defined for sigmoidal response curves 112. The sigmoidal response curve (Figure 

3.2.1D) showed an EC10 of 440 nM (2.64 in log10 scale) and an EC90 of 260 μM (5.41 in 

log10 scale) defining a working range that spans over 600 folds. This working range is 

transduced by Cy3 into 1-ns dynamic range of the fluorescence lifetime. Moreover, 

these K+-induced structural changes are specific to DNA, because an oligo with the same 

sequence as O328 but in an RNA form was insensitive to the addition of KCl (Figure 

3.2.2B). 
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Figure 3.2.1 Building a potassium sensor with embedded Cy3 transducer. (A) CD 

spectra of 20 M of unlabeled O328 with increasing concentrations of K+. The inset 

shows the total absorbance spectra of unlabeled O328 for the measured K+ 
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concentrations. (B) Bar chart showing the fluorescence lifetimes of O328 labeled with 

Cy3 at various positions through phosphoramidite linkage, measured in water (light 

blue) or 50 mM KCl (dark blue). The sequence of O328 and the positions at which Cy3 is 

inserted are displayed above the bar chart. (C) Time-resolved fluorescence decays of 

Cy3-O328 with increasing concentrations of K+ (0 – 1 M). (D) A plot of the time-resolved 

fluorescence lifetimes versus the dimensionless log10 of K+ concentration normalized to 

1 nM. The curve was fit to Eq. (3.5) (Materials and methods) with a fixed starting point 

at 0 = 1.8 ns. The dissociation constant (KD) and the apparent Hill coefficient (n*) are 

reported. ∞ denotes the maximum fluorescence lifetime achieved. Vertical dashed lines 

indicate the limits of EC10 and EC90 as described in the Materials and methods. (E) 

Emission spectra (520 – 700 nm) of Cy3-O328 upon excitation at 535 nm with increasing 

concentrations of K+ (0 – 1 M). Spectra are color coded as shown in the included inset 

table. (F) Plots of normalized fluorescence percentage change of Cy3-O328, described by 

Eq. (3.1) (Materials and methods), as a function of log10 of the K+ concentration 

normalized to 1 nM. The results are derived from time-resolved and steady-state 

measurements. The Pearson coefficient of the correlation between the two 

measurements is reported in the interval between EC10 and EC90. 
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Figure 3.2.2 Additional properties of Cy3-O328. (A) Absorption spectra of 1  M of Cy3-

O328 with increasing concentrations of K+. The spectra follow the same color code as 

the included table. The inset shows a bar chart of the integrated absorbance change (%) 

of Cy3-O328 upon addition of K+. The integration is performed over the entire 

corresponding spectra. The absorption at zero salt is considered a baseline for the 

change. The bars follow the same color codes as the spectra. (B) Bar chart showing the 

fluorescence lifetime of Cy3-O328 in DNA and RNA forms with increasing concentrations 

of K+. 

3.3.3 Properties of the response curve of the designed DNA sensor with 

embedded Cy3 transducer 

To further evaluate the performance of Cy3-O328 as a sensor, we investigated the 

properties of its response curve in the interval between EC10 and EC90. In general, the 

performance of a sensor  is assessed based on several factors including sensitivity, 

reproducibility, linearity and selectivity 113. We started by investigating the local 

response over the whole concentration dependence; thus, we adopted the formalism of 

a local response coefficient for sigmoidal curves as described earlier 114. We changed the 
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definition of the response coefficient function to reflect the dynamic range of our 

sensor’s lifetime as shown in Eq. (3.9) (Methods). The resulting curve (Figure 3.3A) 

shows a single-peak function, with the peak centered at ~3 M (3.45 in log10 scale), 

relatively comparable to the KD (6 M). This suggests that the maximum sensitivity of 

the sensor is around the KD. Between EC10 and EC90, our sensor offers a 2 to 9% local 

response to a variation in concentration (Figure 3.3A). Considering the high temporal 

resolution of currently available time-resolved detectors, this response is significant. 

This local response coefficient indicates that if the concentration is varied by a certain 

percentage, the response will vary by that percentage multiplied by the local response 

coefficient of the initial concentration of the variance. For example, the local response 

coefficient would predict that doubling the concentration from 3 M to 6 M would 

result in 9% change in the fluorescence lifetime. This 9% change translates to ~200 ps, 

which is easily resolvable by a detector with 25-ps time resolution. 

Next, we sought to verify the reproducibility of Cy3-O328; therefore, we 

determined a theoretical estimate of the uncertainty associated with sensing and 

transducing an unknown K+ concentration using our Cy3-O328 sensor. The relative 

uncertainty is given by Eq. (3.15) (Methods) and plotted in Figure 3.3B. This relative 

uncertainty is dictated by the parameters of the response curve as well as the 

uncertainty of the lifetime measurement. The relative error varies between 15% and 

55% in the interval between EC10 and EC90, assuming an uncertainty of the lifetime of 25 

ps as dictated by the instrument’s detector. The curve exhibits a single local minimum at 
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around 3.8 M (3.58 in log10 scale), in the vicinity of the KD (6 M). This suggests that in 

the linear range around the KD, error is minimized, and the measurements are highly 

reproducible. 

We then moved to assessing the linearity of Cy3-O328. The response curve 

presented in Figure 3.2.1D is very useful as a calibration curve. However, the inverse 

curve would be required for estimating unknown samples. Mathematically, this is 

possible if and only if the response curve is invertible, such that only one fluorescence 

lifetime corresponds to any given metal ion concentration. Then, the inverse function, 

described by Eq. (3.11) (Methods) and plotted in Figure 3.3C, takes a measured 

fluorescence lifetime of Cy3-O328 sensor in an unknown K+-containing solution and 

outputs the corresponding K+ concentration. This curve exhibits an almost linear 

relationship between log10 of the concentration (y-axis) and fluorescence lifetime (x-

axis) in the interval between EC10 and EC90 (Figure 3.3C). Furthermore, this curve defines 

the dynamic range of the fluorescence lifetime (1.9 – 2.7 ns) required for the Cy3-O328 

sensor to operate in the interval between EC10 and EC90. 

Secondary structures of DNA, especially G-quadruplexes, have been shown to 

coordinate multiple mono- and divalent metal ions 95. Hence, we sought to investigate 

the ability of Cy3-O328 in coordinating metal ions other than K+, including the 

physiologically relevant Na+ ions. We measured the time-resolved fluorescence lifetime 

of Cy3-O328 in the absence and presence of 10 mM of various cations (Li+, Mg2+, Mn2+, 

Ca2+, Cs+, Zn2+, Na+, NH4
+, K+ and Sr2+) in the form of chloride salts (Figure 3.3E). The 
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chloride anion was maintained in all the tested salts such that we could assess the 

exclusive effect of the cations. In the presence of Li+, Mg2+, Mn2+, Ca2+, Cs+ and Zn2+, the 

fluorescence lifetime of Cy3-O328 did not change or slightly decreased, indicating that 

these cations did not stabilize or slightly destabilized the secondary structure of DNA as 

was suggested earlier for G-quadruplexes 95,97,115,116. On the other hand, the 

fluorescence lifetime increased in the presence of Na+, NH4
+, K+ and Sr2+, suggesting that 

these cations stabilized the formation of the secondary structure of DNA. It is worth 

mentioning that in the context of Cy3-O328 sensor, Sr2+ pushes Cy3’s lifetime close to 

the theoretical lifetime of Cy3B (3.19 ns) in the absence of any non-radiative loss 65. 

Given that Na+ and NH4
+ are commonly encountered cations, we also 

investigated the sensitivity of Cy3-O328 to these cations. Similar to the K+-response 

curve, we measured and plotted the fluorescence lifetimes of the Cy3-O328 sensor in 

increasing concentrations of these cations (Figure 3.3F). The response curves for both 

cations exhibit similar sigmoidal behaviors to that of K+ and they were also fitted 

similarly with Eq. (3.5) (Methods). Based on the generated KD values of these cations, we 

found that the Cy3-O328 sensor is 100-fold less sensitive to NH4
+ (KD = 0.6 mM) and 

1000-fold less sensitive to Na+ (KD = 6.8 mM) than it is to K+. 

Finally, we tested the possibility of extending our transducing technology to 

other environmentally sensitive fluorophores. In particular, we replaced Cy3 with Cy5 at 

the same position in O328 DNA aptamer. The fluorescence lifetime of Cy5-O328 

increased in response to an increase in K+ concentration with a sigmoidal signature 
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(Figure 3.3D). This response curve overall resembles that of Cy3-O328 with some minor 

exceptions that are most likely stemming from the structural differences between Cy3 

and Cy5. Nevertheless, the results with Cy5-O328 highlight the generality of our 

transducing technology to other environmentally sensitive fluorophores. 

 

Figure 3.3.1 Characterization of Cy3-O328 as a potassium sensor. (A) A plot of the local 

response coefficient as a percentage, described by Eq. (3.9) (Materials and methods), 
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versus the dimensionless log10 of K+ concentration normalized to 1 nM. The CR value at 

which the maximum response is achieved is indicated by the red vertical line residing 

inside the interval between EC10 and EC90, in the vicinity of the KD. A response between 

2% and 9% is generated in the interval between EC10 and EC90, when transducing from 

the K+ concentration to the fluorescence lifetime (ns). (B) A plot of the theoretical 

relative uncertainty in the measured K+ concentration versus the dimensionless log10 of 

the K+ concentration normalized to 1 nM in the interval between EC10 and EC90 using our 

sensor. The plot is generated as a parametric curve with the y-coordinate given by Eq. 

(3.15) (Materials and methods) and the x-coordinate given by Eq. (3.8) (Materials and 

methods) and varying the parameter  between 1.9 ns (10% response) and 2.73 ns (90% 

response). The concentration at which the minimum uncertainty is achieved, CE, is 

indicated by the red vertical dashed line. The uncertainty of the lifetime measurements 

is indicated as =25 ps. (C) A plot of the inverse function of the response function 

described by the curve in Figure 3.2.1D; i.e. a plot of the dimensionless log10 of the K+ 

concentration normalized to 1 nM versus the fluorescence lifetime as described by Eq. 

(3.11) (Materials and methods). The shaded area marks the working range of the 

concentrations that we propose for our sensor. This area is delimited by EC10 and EC90 

on the y-axis and by the fluorescent lifetimes in ns corresponding to these 

concentrations on the x-axis. (D) A plot of time-resolved fluorescence lifetimes of Cy5-

O328 versus the dimensionless log10 of the K+ concentration normalized to 1 nM. The 

curve was fit to Eq. (3.5) (Materials and methods) with a fixed starting point at 0 = 1.57 

ns. The dissociation constant (KD) and the apparent Hill coefficient (n*) are reported. 

Vertical dashed lines represent the limits of EC10 and EC90 described in the Materials and 

methods. (E) A bar chart representing the time-resolved fluorescence lifetimes of Cy3-

O328 in the presence of water or 10 mM of various salts. (F) Three lifetime response 

curves of Cy3-O328 in the presence of increasing concentrations of KCl (blue), NH4Cl 

(red) and NaCl (green) as a function of log10 of the corresponding salt concentration 

normalized to 1 nM. Curves are fitted as described above. 
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Figure 3.3.2 Environmental sensitivity of Cy3 embedded in d(A)18 oligonucleotide that 

lacks secondary structure. (A) Bar chart showing the fluorescence lifetime of Cy3-

Poly(A) upon increasing ionic strength of monovalent cations (CsCl). (B) Bar chart 

showing the fluorescence lifetime of Cy3-Poly(A) upon increasing ionic strength of 

divalent cations (ZnCl2). (C) Temperature dependence of fluorescence intensity of Cy3-

Poly(A). The experimental data points (purple) were fit to Eq (20) (Materials and 

methods). The photoisomerization energy barrier, E0, resulting from the fitting is 

indicated together with its standard deviation. The two additional parameters from Eq 

(20) resulted from the fitting as A = 7.16 ±. 1.70 A.U. and D = (4.86 ± 2.09) x 105 ns-1. The 

goodness of fit is determined from the indicated R2 value. (D) Bar chart showing the 
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fluorescence lifetime of Cy3-Poly(A) at different pH points. The buffering reagent for the 

whole pH range was 50 mM Trizma Pre-set crystals of the desired pH. 

3.3.4 Cy3-O328 potassium sensing ability exhibits very high stability to 

environmental factors 

In complex samples, Na+ and NH4
+ can coexist with K+ and complicate the interpretation 

of the experimental data, if accurate K+ concentration is of interest. It is widely accepted 

that the fold difference in the KD for different ligands gives the relative selectivity of 

their binding to a common receptor. Nevertheless, this statement is only qualitatively 

accurate and would be mathematically true only if the binding isotherms would be 

infinitely steep. In practice the shape of these curves is dictated by the finite and often 

not very high Hill coefficient. This limited Hill factor produces sigmoidal response curves 

with elongated tails. In complex mixtures of ligands, these tails can have considerable 

overlap, which makes quantification more difficult. If the concentration of the species 

with the highest affinity is of interest, the presence of the other interfering ligand 

species will result in an apparent increase in the concentration of the species of interest. 

With the K+ concentration fixed at the value of the K+ dissociation constant, we 

evaluated the apparent increase in this concentration as a function of the fold excess of 

Na+ and NH4
+. The analytical function is described by Eq. (3.25) (Methods) and the result 

is plotted in Figure 3.4A. Around the K+ dissociation constant of ~6 μM, Cy3-O328 offers 

~15% uncertainty in the measured K+ concentration due to the finite resolution of the 

time-resolved measurements (Figure 3.3B). This uncertainty can be employed to mask 
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the apparent increase in K+ concentration due to the presence of the interfering cations. 

This 15% contour level is illustrated in Figure 3.4A. The area delimited by this 15% 

contour level and the coordinate axis corresponds to the concentrations of Na+ and NH4
+ 

that can be successfully masked by the uncertainty of the experimental method. Cy3-

O328 allows ~150 concentration fold excess over K+ for Na+ interference alone, and ~9.5 

concentration fold excess over K+ for NH4
+ interference alone. Several data points in the 

delimited area were experimentally tested and, in all cases, the apparent K+ increase 

was less than 15% (Figure 3.4B), showing that the experimental uncertainty can mask 

successfully the effect of the interfering cations up to the indicated fold excesses. 

Apart from interfering cations, several other factors can influence the Cy3 

photophysics or the structure formation in O328. These factors include ionic strength, 

temperature and pH. We have previously studied the viscosity dependence of Cy3-O328 

in order to decouple its de-excitation rates and we showed that the K+ sensing ability is 

maintained over a wide range of buffer viscosity 36. In the current study, we also 

performed the environmental sensitivity experiments on a Cy3-labeled d(A)18 

oligonucleotide that is not forming secondary structures. This oligonucleotide, named 

Cy3-Poly(A), serves as a control to determine the effect of the studied environmental 

factors on the fluorescence of Cy3 inside ssDNA directly, rather than on the K+-induced 

structure of O328. 

Ionic strength had only a minor effect on Cy3-Poly(A) fluorescence. Upon 

addition of both monovalent CsCl or divalent ZnCl2, the fluorescence of Cy3-Poly(A) 
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decreased only slightly up to concentration as high as 1 M (Figure S2A and S2B). 

Therefore, we tested this range with Cy3-O328 in the presence of three K+ 

concentrations. Cy3-O328 maintained its K+-sensing ability over the whole monovalent 

Cs+ titration up to 1 M (Figure 3.4C). In the case of divalent Zn2+ the sensing ability is 

largely maintained up to ~1 mM ZnCl2. These values indicate that the K+-sensing ability 

of Cy3-O328 is maintained up to ionic strengths generated by monovalent and divalent 

cations concentration that are hundreds of folds above the K+ dissociation constant. 

Cyanine dyes owe their fluorescence properties mainly to their ability to undergo 

cis-trans photoisomerization in the excited state. Photoisomerization has to cross an 

energy barrier and therefore its rate is dictated by an Arrhenius-type equation 

(Methods). This renders cyanine dyes photoisomerization and therefore fluorescence to 

be temperature-dependent. In case of Cy3-Poly(A), that lacks any secondary structure, 

the temperature dependence described by Eq. (3.20) fit very well the experimental data 

(Figure 3.3.2C). As described in the Methods Section, for simplicity, the experimental 

temperature-dependence of Cy3-O328 was fit to a piecewise linear model (Figure 3.4E). 

The K+-sensing ability of Cy3-O328 is largely maintained between 5 °C and 45 °C. 

Nevertheless, according to the van’t Hoff equation, an increase in the K+ dissociation 

constant is observed with increasing the temperature. Therefore, for practical 

applications the calibration curve described in Figure 3.2.1D at 25 °C, should be 

recalculated at different temperatures and the temperature-dependence of the KD 
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should be considered if the experiments are performed at a temperature other than 25 

°C. 

Cy3-Poly(A) presented excellent stability to pH variations in the range of pH 6.5 

to pH 9.0. Similarly, Cy3-O328 maintained its K+-sensing ability over this whole pH range. 

Taken together, the environmental stability of Cy3-O328 K+-sensing ability suggests that 

Cy3-O328 can be used in a variety of environments for K+ concentration measurements 

with minimum error. 

Equipped with this extensive characterization of Cy3-O328 as a K+ sensor, we 

employed it to determine the K+ equivalent concentration of several test samples. All 

the samples were serially diluted in 1:10 series until the fluorescence lifetime of Cy3-

O328 in the respective test solution was brought down towards 2.3 ns, which 

corresponds to the K+ dissociation constant. Once the lifetime was decreased to a value 

within the EC10-EC90 interval, the equivalent K+ concentration was determined by using 

Eq. (3.11) (Methods) and considering the final dilution factor. For all test samples, the 

resulting K+ equivalent concentration is in very good agreement with the reference 

values (Table 3.1). At the end of each measurement, saturating KCl concentration was 

added to each sample. Cy3-O328 responded by an increase in its fluorescence lifetime 

close to its upper limit value (Table 3.2). This KCl addition experiment shows that, for all 

the measured test samples, the K+-sensitivity of Cy3-O328 is not altered by any 

environmental factor and that the increased fluorescent signal is K+-specific even in 

more complex environments. 
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Figure 3.4 Characterization of the environmental sensitivity of potassium sensing by 

Cy3-O328. (A) Contour color plot of the apparent increase in K+ concentration 

determined using Cy3-O328, as a function of the concentration fold excess of NH4
+ over 

K+ and of the concentration fold excess of Na+ over K+. The datapoints marked by the 

red crosses were experimentally tested. The contour color plot was generated using Eq. 
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(3.25) and Eq. (3.11) (Materials and methods). The contour level lines are shown in black 

in 15% increments. (B) Bar chart showing the experimental apparent increase in K+ 

concentration determined using Cy3-O328 at different fold excess of NH4
+ and Na+ over 

K+. The blue dashed line indicates the 15% uncertainty threshold of the time-resolved 

measurements around the K+ dissociation constant (KD). (C) Bar chart showing the 

fluorescence lifetime of Cy3-O328 in increasing ionic strength of monovalent cations as 

titration of CsCl salt concentration. Datapoints were collected in water (blue), 6 μM KCl 

(red) and 10 mM KCl (green). (D) Bar chart showing the fluorescence lifetime of Cy3-

O328 in increasing ionic strength of divalent cations as titration of ZnCl2 salt 

concentration. Datapoints were collected in water (blue), 6 μM KCl (red) and 10 mM KCl 

(green). (E) Temperature dependence of fluorescence emission intensity of Cy3-O328 in 

water (blue), 6 μM KCl (red) and 10 mM KCl (green). The experimental data points were 

fit to a linear piecewise model by SLM tool (as described in the Materials and methods 

section). Slopes and endpoints are indicated for each linear segment and for each KCl 

concentration with the appropriate color. All the indicated slopes have the unites of 105 

A.U./ °C. The goodness of fit is determined from the indicated global R2 value for each 

KCl concentration. (F) Bar chart showing the fluorescence lifetime of Cy3-O328 at 

different pH points of the buffer. The buffering reagent for the whole pH range was 50 

mM Trizma Pre-set crystals of the desired pH. 
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Table 3.1. Determination of K+ equivalent concentration for a series of test samples 

using Cy3-O328 fluorescence lifetime measurements and Eq. (3.11). The parameters 

used in Eq. (3.11) are the obtained numerically in Figure 3.2.1D from the fitting of the 

calibration curve. 

Sample 
Reference  
Potassium 

Reference  
Source 

Dilution  
Factor 

O328-Cy3 Lifetime (ns) Measured K+ Concentration (M) 
Measured K+  

Concentration Repeat 
1 

Repeat 2 Repeat 3 Repeat 1 Repeat 2 Repeat 3 

Bottled drinking 
water 1 

17.9 M Label 2 2.32 2.36 2.33 12.1 15.0 13.1 13.4 ± 1.5 M 

Bottled drinking 
water 2 

127.9 M Label 200 1.97 1.94 1.98 152.7 124.4 166.5 147.9 ± 21.5 M 

Bottled drinking 
water 3 

204.6 M Label 200 2.00 2.03 2.01 202.8 240.7 214.4 219.3 ± 19.4 M 

Potassium 
standard  
10 ppm 

255.8 M 

Material  
data 
sheet 

20 2.43 2.43 2.39 232.7 241.6 187.8 
227.3 ± 22.1 M 

200 2.02 2.04 2.02 232.2 250.6 218.7 

Potassium 
standard  
100 ppm 

2.56 mM 
Material  

data 
sheet 

200 2.41 2.46 2.45 2126.2 2795.6 2638.3 
2.5 ± 0.3 mM 

2000 2.03 2.02 2.04 2398.0 2245.3 2656.5 

Adult male mouse  
blood serum 

3.8 mM 117 
200 2.47 2.47 2.44 2945.4 3137.4 2535.4 

2.9 ± 0.4 mM 
2000 2.07 2.07 2.05 3179.4 3046.4 2796.1 

Adult male mouse  
urine 

242 mM 118 
2000 2.69 2.66 2.69 259245.3 178677.5 255165.6 

228.7 ± 32.4 mM 
20000 2.44 2.40 2.43 242826.7 199858.6 236493.9 

 

Table 3.2. Fluorescence lifetime of Cy3-O328 in various test samples before and after 

the addition of 10 mM KCl. All the average values are reported with their standard 

deviations. 

Sample 
Reference  
Potassium 

Reference  
Source 

Dilution  
Factor 

Average sample 
 Lifetime (ns) 

Lifetime (ns) after the 
addition of 10 mM KCl Average sample lifetime  

after KCl addition (ns) 
Repeat 1 Repeat 2 Repeat 3 

Bottled drinking water 1 17.9 M Label 2 2.33 ± 0.019 2.73 2.82 2.77 2.78 ± 0.043 

Bottled drinking water 2 127.9 M Label 200 1.96 ± 0.019 2.76 2.82 2.76 2.78 ± 0.034 

Bottled drinking water 3 204.6 M Label 200 2.02 ± 0.013 2.82 2.81 2.73 2.79 ± 0.050 

Potassium standard  
10 ppm 

255.8 M 

Material  
data 
sheet 

20 2.42 ± 0.022 2.80 2.87 2.82 2.83 ± 0.035 

200 2.02 ± 0.010 2.82 2.82 2.78 2.81 ± 0.021 

Potassium standard  
100 ppm 

2.56 mM 
Material  

data 
sheet 

200 2.44 ± 0.023 2.82 2.80 2.79 2.80 ± 0.016 

2000 2.03 ± 0.013 2.81 2.79 2.82 2.81 ± 0.012 

Adult male mouse  
blood serum 

3.8 mM 117 
200 2.46 ± 0.017 2.79 2.74 2.78 2.77 ± 0.026 

2000 2.06 ± 0.011 2.85 2.83 2.81 2.83 ± 0.020 

Adult male mouse  
urine 

242 mM 118 
2000 2.68 ± 0.014 2.77 2.69 2.74 2.73 ± 0.039 

20000 2.42 ± 0.017 2.79 2.77 2.79 2.78 ± 0.013 
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3.4 Discussion 

The ease of use and adaptability of DNA aptamers and DNAzymes, especially G-

quadruplexes, provide working platforms for versatile detection of ions, organic 

molecules, nucleic acids, and proteins 91-94,98-100,103,107,119-122. In addition to their diverse 

sensitivities, these DNA aptamers could potentially be coupled with a wide range of 

signal transducing mechanisms, including fluorescence through FRET, or “turn-on”/ 

“turn-off” mechanisms through other luminescent, fluorescent or colorimetric add-in 

factors, such as crystal violet or berberine 82,84,102,123. In principle, the sensing 

mechanism in DNA aptamers depends on the ligand inducing a DNA conformational 

change that is followed by transducing a measurable signal by an indirect external 

reporter. Here, we introduced a fluorescent transducing technology with a single 

fluorophore (Cy3) embedded in a DNA aptamer. Our transducing technology bypasses 

the requirement of an indirect external reporter and the dual labeling in case of FRET. It 

also extends the use of fluorescence enhancement in the context of PIFE to other 

protein-free systems.  

The environmental sensitivity of Cy3 to structural changes in DNA coupled with 

the sensitivity of O328 to K+ ions gave rise to an effective potassium sensor with a 

working range of 0.44 to 250 M. Cy3-O328 directly transduces the signal as an increase 

in Cy3 fluorescence. Our technology offers the advantage of coupling the biorecognition 

and transducing elements in one single DNA-Dye molecule that is easily customizable 

and available through different venders at efficient costs. The excellent agreement 
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between Cy3-O328 steady-state fluorescence and time-resolved fluorescence lifetimes 

signal readout allows for an almost interchangeable applicability of both measurements 

up to the availability of the machinery and user preference.   

The quality of a biosensor is based on five characteristics: stability, 

reproducibility, linearity, sensitivity, and selectivity 113. As a DNA aptamer, our sensor is 

stable, and with time-resolved fluorescence lifetime measurements, it also achieves 

great reproducibility. Moreover, our sensor exhibits an almost linear response between 

0.44 and 250 µM of K+ over a dynamic fluorescence lifetime range of 1 ns. The most 

important characteristics of a biosensor are sensitivity and selectivity. Our sensor’s 

sensitivity is comparable to, if not better than, established K+-sensors 88,102,104-106,124-126. 

In the context of physiological samples, the most relevant interfering ions for potassium 

sensors are sodium ions. Our sensor provides over a 1000-fold higher sensitivity to K+ 

(KD=6 M) than to Na+ (KD=6.8 mM) (Figure 3.3F) even though most biological samples 

maintain less than a 100-fold excess of Na+ over K+ 102,104,127. Up to 150-fold higher Na+ 

than K+, Cy3-O328 can be considered to measure exclusively the potassium with an 

error lower than the experimental uncertainty (Figure 3B, 4A and 4B). We therefore 

propose that our sensor can be used on physiological samples. Different monovalent 

and divalent ions other than K+ have been shown to coordinate G-quadruplexes, 

including NH4
+, Na+ and Sr2+ 101,128,129. These ions seem to coordinate our DNA aptamer, 

which potentially might make it a versatile sensor with further modulation in its binding 

selectivity. Moreover, O328 K+-sensing ability is maintained with very good stability over 
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a wide range of environmental factors such as ionic strength, temperature, pH and 

interfering cations (Figure 3.4). When employed in determining the equivalent K+ 

concentrations of test samples, O328 excelled through its ease of use and a simple 

sample preparation protocol, while still giving relatively accurate results (Table 3.1). 

In conclusion, we believe that our transducing technology can be adopted in the 

development of various small molecule biosensors. For example, modulating the 

sequence can tailor our sensor from a specific ligand to another. Our DNA aptamer can 

also be integrated into other DNA sequences for different functionalities. In addition, 

more generally, Cy3-conjugated DNA aptamers, other than O328, can be employed not 

only to detect small molecules but also to measure other important environmental 

changes, such as temperature and viscosity. In case of different DNA structures without 

ligand binding, Cy3 has already been successfully used as a single label to monitor a 

series of DNA effects such as opposite strand hybridization 36, sequence dependence of 

fluorescence of cyanine-labeled DNA 48 and DNA hairpin dynamics 50. However, the 

aptamer design should take into consideration the conjugation position of Cy3 such that 

it does not alter the sensor’s recognition and sensitivity to structural rearrangement. 

Furthermore, other environmentally sensitive fluorophores can be considered when 

green dyes are not favorable. We illustrated this extrapolation in the current study by 

using Cy5-O328 and showed that it maintained the capabilities of a sensor.  

One of the main limitations yet to be overcome, in the case of ssDNA aptamers, 

is that the presence of ssDNA-binding proteins can melt the specific secondary 
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structures and remove the ligand-induced fluorescent modulation 36. A similar limitation 

is also imposed by the presence of ssDNA-specific nucleases that would biochemically 

deteriorate the aptamer. In order to measure the concentration of various ligands of 

interest in complex environments where such proteins are present, one would have to 

first denature the proteins and then perform the measurements.  

As a future direction, the single dye-conjugation aptamer in our design makes it 

easier to use multiple aptamers, each with separable fluorescence spectra and different 

metal ion sensitivities, to monitor the concentrations of different small molecules 

simultaneously in an unknown sample. Finally, we anticipate that cyanine dyes in 

general can be engineered to host side functional groups that could play a role in 

stabilizing or destabilizing the overall structure of the aptamer. 

3.5 Materials and methods 

3.5.1 Materials 

DNA and RNA oligos O328 with an 18-nt long G-rich sequence 

(GAGGGACGGGGCAGGAGG) were custom synthesized unlabeled or labelled with Cy3 or 

Cy5 incorporated via phosphoramidite linkage at various positions. A DNA oligo G1 with 

a 21-nt long G-rich sequence (GGGTTAGGGTTAGGGTTAGGG) was custom synthesized 

labelled with Cy3 incorporated via phosphoramidite linkage at its 5’ end. These oligos 

were synthesized and HPLC purified by Integrated DNA Technologies (IDT, Inc.). All salts 
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used in this study are HPLC grade and were purchased from Sigma Aldrich. DNase-free 

water was used to dissolve all salts and/or DNA.  

3.5.2 Time-resolved fluorescence lifetime measurements 

The time-resolved fluorescence lifetimes of Cy3-O328 in increasing concentrations of 

KCl, NaCl and NH4Cl as well as 10 mM of various salts (LiCl, MgCl2, MnCl2, CaCl2, CsCl, 

ZnCl2 and SrCl2) were measured using time-correlated single-photon counting (TCSPC) 

mode on a QuantaMaster 800 spectrofluorometer (Photon Technology International 

Inc.) equipped with a Fianuim supercontinuum fiber laser source (Fianium, 

Southampton, U.K.) operating at a 20-MHz repetition rate. The arrival time of each 

photon was measured with a Becker-Hickl SPC-130 time-correlated single photon 

counting module (Becker-Hickl GmbH, Berlin, Germany).  Measurements were collected 

under magic-angle (54.7) conditions and photons were counted using time-to-

amplitude converter (TAC). To reduce the collection of scattered light, a longpass filter 

(550 nm) was placed on the emission side. In all measurements, 10,000 counts were 

acquired. The instrument response function (IRF) was estimated using a Ludox colloidal 

silica suspension dissolved in water.  

Cy3 was excited at 535 nm and the emission was collected at 565 nm with a 5-

nm slit width for both excitation and emission. The amplitude-averaged lifetimes of Cy3 

in all different cases were estimated by fitting lifetime decays to two exponentials using 

the FluoFit software package (PicoQuant) and applying the IRF. The best fit was chosen 
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based on the reduced chi-square and randomness of the residuals. The lifetimes of Cy3-

O328 in the presence of increasing concentrations of KCl, NaCl or NH4Cl were plotted 

against the dimensionless log10 of the respective salt concentrations normalized to 1 

nM. The resulting curves were fit to the sigmoidal Hill 1 function in Origin (as described 

in Eq. 3.5) while fixing the initial fluorescence lifetime to that of a Cy3-O328 sample in 

water. The reported dissociation constants (KD) are the actual dissociation constants of 

the respective salts from Cy3-O328 after back calculating the concentration from the 

fitted sigmoidal function. On the other hand, n* is the apparent Hill coefficient of the fit. 

3.5.3 Steady-state fluorescence measurements 

Steady-State Fluorescence spectra and intensities of Cy3-O328 were acquired at room 

temperature using a microplate spectrofluorometer (TECAN infinite M1000) in 

increasing concentrations of KCl. In both cases, Cy3 was excited at 535 nm (λmax-ex). Full 

emission spectra were collected between 520 and 700 nm while the fixed-wavelength 

fluorescence intensity was only recorded at 565 nm (λmax-em) for plotting the K+-

dependent response curve. Excitation and emission slit widths were set to 5 nm, and 

measurements were acquired with an integration time of 0.1 s. The emission spectra 

and intensities were corrected by subtracting the background emission of a water blank. 

The spectra were further smoothened using the fast Fourier transform (FFT) 

implemented in the Origin-pro software. The noise harmonics were determined at a 

dynamic window size of 5 nm corresponding to the slit width. The fluorescence 

intensities of Cy3 at different KCl concentrations were plotted against the dimensionless 
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log10 of the KCl concentration normalized to 1 nM. This curve was fitted to the Hill 1 

function similar to the lifetime response curve. The reported KD and n* are as described 

above for the time-resolved measurements. Error bars correspond to the variation in 

the measurement between two replicates.  

3.5.4 Absorbance measurements 

The absorbance of Cy3-O328 in increasing concentrations of KCl was measured at room 

temperature using a microplate spectrophotometer (TECAN infinite M1000). The Cy3-

O328 concentration was kept at 1 µM such that the absorbance was below 0.1 to 

minimize the reabsorption effect. The absorption spectra were acquired from 440 to 

600 nm. Criteria of 1-nm wavelength step size along with 100 flashes per step were 

used. These spectra were corrected by measuring the instrumental baseline with a 

water blank. Similar to the emission spectra, the absorption spectra were smoothened 

using FFT. Absorbance was quantified by integrating over the entire spectra. Absorbance 

change due to increasing salt concentration was calculated as a percentage with respect 

to the absorbance of the zero-salt sample. 

3.5.5 Circular dichroism (CD) measurements 

The CD of unlabeled O328 in increasing concentrations of KCl was measured at room 

temperature using a CD spectrophotometer (JASCO J-1500). The unlabeled O328 

concentration was kept at 20 µM to ensure a reliable signal-to-noise ratio. The CD 

spectra were acquired from 205 to 350 nm. Criteria of 1-nm wavelength step size along 
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with 50 nm/min scanning speed were used. These spectra were corrected by 

subtracting the instrumental baseline with a water blank. Similar to the emission 

spectra, the CD spectra were smoothened using FFT. The total absorption was also 

simultaneously monitored with the CD to monitor the consistency of the oligo 

concentration. 

3.5.6 Temperature dependence measurements 

Steady-state fluorescence emission spectra of Cy3-O328 were acquired at different 

temperatures in 5 °C increments, using a FlouroMax-4 spectrofluorometer with an 

integrated sample holder for temperature control. For all temperatures, Cy3 was excited 

at 535 nm (max-ex) and the emission spectra were collected between 550 and 700 nm 

and then integrated over this interval. Excitation and emission slit widths were set to 5 

nm and measurements were acquired with an integration time of 0.2 s. Before 

integration, the emission spectra were corrected by subtracting the background 

emission spectra of a water blank. All the intensity values at different temperatures 

reflect the background subtraction and the spectral integration. 

In case of the control Cy3-labeled oligonucleotides that don’t form secondary 

structure, the temperature-dependence of the fluorescence emission intensity is 

described by Eq. (3.20) (Methods). If the oligonucleotide has considerable secondary 

structure, the temperature-dependence of Cy3 photoisomerization will be convoluted 

with the temperature-dependence melting of the DNA secondary structure 130. 
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Moreover, if the secondary structure is induced by the biding of a certain ligand, the 

temperature-dependence curves will be also convoluted with the temperature-

dependence of the binding dissociation constant via the van’t Hoff equation 131,132. In 

the case of Cy3-O328, all three temperature-dependence mechanisms coexist. An 

analytical equation for the temperature-dependence curves can be constructed 

mathematically, but given the large number of free parameters involved in such an 

equation, it would be poorly constrained for fitting the experimental data. In order to 

simplify the fitting of the temperature-dependence curves of Cy3-O328 fluorescence 

emission intensity, we employed a Shape Language Modeling (SLM) toolkit 

implemented in MATLAB 133. The experimental datapoints were fit to a piecewise linear 

model using SLM with variable number of knots. The interior knots were allowed to be 

free and no additional constraints were added to the model. Even though less 

informative than an analytical equation, the piecewise linear model allows for 

estimating an apparent value for the main parameters of interest of the temperature-

dependence curves. 

3.5.7 Preparation of the test samples 

The potassium standards were purchased from Ricca Chemical. The bottled drinking 

water was purchased locally from randomly selected retail outlets. DNase-free water 

was used for all the dilutions employed in the experiments for determining the 

potassium equivalent content of the test samples. 
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All the studies were performed in accordance with an approved protocol by 

the Institutional Animal Care and Use Committee at KAUST. During all the procedures, 

adult male mice were anesthetized with isoflurane inhalant (3-4% for induction and 1-

3% for maintenance). Analgesia was confirmed by a toe pinch. For urine collection, the 

mice were restrained, held over a collection tube and lightly stroke on the belly. For 

blood collection, a “V” – shaped cut in the abdomen was made and the intestines were 

gently moved aside. The aorta abdominalis was identified, and a syringe with 23G 

needle was inserted cranially to collect blood from the aorta ventralis. The whole blood 

samples were left to clot at 37 °C (water bath) for 30 min, and centrifuged at 2000xg for 

10 min. The clear supernatant was collected as blood serum. 

3.5.8 Determination of a theoretical formula for fitting the empirical ion 

concentration dependence of fluorescent properties 

Consider a system with two states of a receptor, P0 and P . In this system, the transition 

between the two states is induced by binding of a ligand to this receptor. In the case 

when [P0]<<[L0] (i.e., the ligand is at least 10-folds in excess compared to the receptor, 

giving [L0]-[PL]=[L][L0], since [PL][P0]<<[L0]), the binding isotherm is described by a Hill 

function 134,135, which gives the fraction of the receptor that is bound to the ligand at 

any initial ligand concentration, as following: 

𝑤([𝐿0]) =
1

1 + (
𝐾𝐷
[𝐿]
)
𝑛 ≈

1

1 + (
𝐾𝐷
[𝐿0]

)
𝑛    (3.1), 
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where KD is the microscopic dissociation constant, n is the Hill coefficient, [L0] is the total 

ligand concentration, [L] is the free ligand concentration, [P0] is the total receptor 

concentration and [PL] is the concentration of the receptor-bound ligand. 

Next, we consider that the receptor, P, in a certain configuration is characterized 

by a physical property denoted 136 with three characteristics: {P} has to be (1) 

macroscopically measurable, (2) linear under addition and multiplication by a constant, 

and (3) dependent only on the concentration of ligand-bound receptor and not on the 

concentration of the free ligand. Fluorescence observables such as amplitude-averaged 

fluorescence lifetime, steady-state fluorescence intensity and fluorescence anisotropy 

rotational lifetime satisfy these conditions. Hence, their physical measured property 

value {P}, at any initial ligand concentration, is given by: 

{𝑃}([𝐿0]) = (1 − 𝑤([𝐿0])) ∗ {𝑃0} +  𝑤([𝐿0]) ∗ {𝑃∞} = {𝑃0} + 𝑤([𝐿0]) ∗ ({𝑃∞} − {𝑃0})   (3.2), 

where {P0} is the value of the physical property in the absence of ligand, {P} is the value 

of the physical property at saturating ligand concentration and w([L0]) is the fraction of 

the ligand-bound receptor given by Eq. (3.1). Plugging Eq. (3.1) into Eq. (3.2) gives: 

{𝑃}([𝐿0]) = {𝑃0} +
{𝑃∞} − {𝑃0}

1 + (
𝐾𝐷
[𝐿0]

)
𝑛    (3.3). 

Throughout this study, the role of the physical property {P} is mainly assumed by 

the measured fluorescence lifetime, ; thus, Eq. (3.3) is rewritten with {P}=. Cy3-O328 

acts as the receptor and its concentration is kept constant to an indicated limiting value. 
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For simplicity, since the ligand concentration is the only variable, the total concentration 

of ligand (in our case the metal ion) [L0] will be denoted c. With these notations, Eq. 

(3.3) becomes: 

(𝑐) = 0 +
∞ − 

0

1 + (
𝐾𝐷
𝑐 )

𝑛    (3.4). 

In this study, the metal ion concentration spans over many orders of magnitude 

(1 nM - 1 M); therefore, it is convenient to represent any concentration dependence by 

semi-log plots, with the log scale on the concentration axis and linear scale on the 

fluorescence lifetime axis. All the metal ion concentrations are normalized to (divided 

by) 1 nM and then the base 10 logarithm is taken. Log10(c) will simply be denoted log(c). 

With these last considerations, the final formula that we are proposing for our binding-

based sensor is: 

(log (𝑐)) ≈ 0 +
∞ − 

0

1 + (
log (𝐾𝐷)
log (𝑐)

)
𝑛∗    (3.5), 

where n* is an apparent Hill coefficient once the x-axis is log-transformed. This value 

depends on the true Hill coefficient, n, on the base that is chosen for the x-axis log-

transform and on the value to which the x-axis is normalized. It is known that even in 

the case of a simple Michaelis-Menten hyperbola (n=1), once a semi-log plot is adopted, 

the hyperbola becomes a sigmoidal curve. The KD is also replaced by log(KD) to maintain 

the meaning of this value, namely the ligand concentration at which half of the response 

between 0 and  is achieved. Mathematically, this is motivated by the Taylor series 
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expansion of the log function. Of course, Eq. (3.5) can be also normalized on the y-axis 

by subtracting 0 and then dividing by (-0) to get a response between 0 and 1, but for 

most of the study, we prefer to keep the exact measured values of the physical property 

to capture the dynamic range (-0). This normalization on the y-axis is adopted only 

when comparing the time-resolved to the steady-state fluorescence data points. 

3.5.9 Analysis of the response curve 

For the different analysis, log(c) is treated as the independent x variable. This is possible 

because log(c) is a bijective function for any c>0. The right-hand side (R.H.S.) of Eq. (3.5) 

has some helpful mathematical properties. Next, we investigate these properties 

between EC10 and EC90 since that is the range that we consider for our sensor. The first 

and second derivatives of Eq. (3.5) are given respectively as the following: 

𝜕(log (𝑐))

𝜕(log(𝑐))
=

𝑛∗

log (𝑐)
(
log (𝐾𝐷)

log (𝑐)
)
𝑛∗ ∞ − 0

[1 + (
log (𝐾𝐷)
log (𝑐) )

𝑛∗

]

2   (3.6) 

𝑎𝑛𝑑    
𝜕2(log (𝑐))

𝜕(log(𝑐))2
=

𝑛∗

(log (𝑐))2
(
log (𝐾𝐷)

log (𝑐)
)
𝑛∗

[(𝑛∗ − 1) (
log(𝐾𝐷)

log(𝑐)
)

𝑛∗

− 𝑛∗ − 1]
∞ − 0

[1 + (
log (𝐾𝐷)
log (𝑐) )

𝑛∗

]

3    (3.7). 

Since all the factors on the R.H.S of Eq. (3.6) are positive, it follows that 

𝜕(log (𝑐))

𝜕(log(𝑐))
> 0 𝑓𝑜𝑟 𝑐 > 0. The first derivative has a single maximum, given by the 

equation 
𝜕2(log (𝑐))

𝜕(log(𝑐))2
= 0, located at: 
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log(𝑐𝑅) = log(𝐾𝐷) (
𝑛∗ − 1

𝑛∗ + 1
)

1
𝑛∗

   (3.8). 

For sigmoidal-shaped curves, the local response of the curve was shown to be 

well described by a response coefficient function, 𝑅(𝑥) =
𝑥

𝑦

𝑑𝑦

𝑑𝑥
  112,114. Considering the 

differential of the logarithm of base 10, i.e. d(𝑙𝑜𝑔10(𝑥)) =
dx

𝑥 ln (10)
→

𝑥

𝑑𝑥
=

1

ln(10)𝑑(𝑙𝑜𝑔10(𝑥))
 and replacing the variables, the response coefficient function becomes 

𝑅(log (𝑐)) =
1

ln(10)(log (𝑐))

𝜕(log (𝑐))

𝜕(log (𝑐))
. Introducing the derivative given by Eq. (3.6) into 

this response coefficient function yields:  

𝑅(log(𝑐)) =
1

ln (10)

[
 
 
 

0 +
∞ − 0

1 + (
log (𝐾𝐷)
log (𝑐)

)
𝑛∗

]
 
 
 

𝑛∗

log (𝑐)
(
log (𝐾𝐷)

log (𝑐)
)
𝑛∗ ∞ − 0

[1 + (
log (𝐾𝐷)
log (𝑐)

)
𝑛∗

]

2    (3.9). 

A particular value of interest is: 

𝑅(log(𝑐 = 𝐾𝐷)) =
𝑛∗(∞ − 

0
)

2 ln (10)log (𝐾𝐷)(∞ + 
0
)
   (3.10). 

Three simple observations can be made about this response value: the response 

(1) increases with the dynamic range of the measured physical property  (𝑅 ∝  
∞−0

∞+0
), 

(2) increases with the Hill coefficient (𝑅 ∝  𝑛∗) and (3) decreases with the microscopic 

dissociation constant (𝑅 ∝  
1

log (𝐾𝐷)
). These considerations suggest that the important 

parameters for a binding-based sensor are a high dynamic range, high cooperativity and 
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a low affinity constant. The maximum response value is comparable to that of the first 

derivative (given by Eq. (3.8)), which itself converges to log(KD) for high enough n*, i.e. 

lim
𝑛∗→∞

log(𝑐𝑅) = log (𝐾𝐷). 

One important characteristic of a response curve for a sensor is the reversibility 

of the response curve. Since the first derivative is a positive-definite function 

everywhere and the function is continuous everywhere, then the R.H.S of Eq. (3.5) is a 

bijective function and therefore is invertible. For any measured fluorescence lifetime, 

the inverse function is given by: 

{log(𝑐)}(𝜏) = log(𝐾𝐷) (
𝜏 − 𝜏0
𝜏∞ − 𝜏

)

1
𝑛∗

   (3.11). 

The inverse function is also useful for calculating the relative error (uncertainty) 

in the concentration obtained by measuring a certain fluorescence lifetime and back-

transducing it into a ligand concentration using Eq. (3.11). The first derivative of Eq. 

(3.11) is given by: 

𝜕{log(𝑐)}(𝜏)

𝜕𝜏
=
log (𝐾𝐷)

𝑛∗
∞ − 

0

(𝜏∞ − 𝜏)(𝜏 − 0)
(
𝜏 − 𝜏0
𝜏∞ − 𝜏

)

1
𝑛∗

   (3.12). 

The uncertainty in {log(𝑐)}(𝜏) can be approximated by Taylor series expansion 

as: 

Δ{log(𝑐)}(𝜏) ≈
𝜕{log(𝑐)}(𝜏)

𝜕𝜏
Δ𝜏   (3.13), 
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where  is the uncertainty of the time-resolved fluorescence measurements. Using the 

propagation of errors for the log function, i.e. Δ𝑙𝑜𝑔10(𝑥) ≈
Δ𝑥

𝑥 ln (10)
, we can write the 

relative error in the concentration as: 

∆𝑐

𝑐
= ln(10)Δ{log(𝑐)}   (3.14). 

Combining the last three equations gives this final result: 

{
∆𝑐

𝑐
(𝜏)} (%) = 100 ln(10)

log (𝐾𝐷)

𝑛∗
∞ − 

0

(𝜏∞ − 𝜏)(𝜏 − 0)
(
𝜏 − 𝜏0
𝜏∞ − 𝜏

)

1
𝑛∗

Δ𝜏   (3.15). 

A particular value of interest is the error around the KD, i.e. at  𝜏 =
∞+0

2
. This 

value is then given by the following equation: 

{
∆𝑐

𝑐
(
∞ + 

0

2
)} (%) = 100 ln(10)

log (𝐾𝐷)

𝑛∗
4

∞ − 
0

Δ𝜏   (3.16). 

Four simple observations can be made about this response value: the error (1) 

decreases with the dynamic range of the measured physical property (
∆𝑐

𝑐
∝ 

1

∞−0
), (2) 

decreases with the Hill coefficient (
∆𝑐

𝑐
∝ 

1

𝑛∗
), (3) increases with the microscopic 

dissociation constant (
∆𝑐

𝑐
∝  log (𝐾𝐷)) and (4) increases with the uncertainty of the 

measurement (
∆𝑐

𝑐
∝ Δ𝜏). Except for the dependency on the instrument’s resolution, the 

relative error exhibits the opposite behavior of the response coefficient function.  
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3.5.10 Temperature dependence of fluorescent properties of cyanine dyes 

It was previously established 36,40 that for fluorophores exhibiting cis-trans 

photoisomerization, the fluorescence lifetime () and quantum yield () can be written 

as: 

{
 

 𝜏 =
1

𝑘𝑟 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜

𝜙 =
𝑘𝑟

𝑘𝑟 + 𝑘𝑛𝑟 + 𝑘𝑖𝑠𝑜

   (3.17), 

where kr is the rate of the fluorescent radiative de-excitation, knr is the rate of 

nonradiative de-excitations other than photoisomerization and kiso is the rate of 

photoisomerization from the fluorescent excited trans state to the excited twisted state 

that acts as an energy sink. It can be seen immediately that the fluorescence lifetime 

and quantum yield are related linearly  = kr * . In its simplest form, the temperature 

dependence of the photoisomerization rate was previously described 36,40 in terms of an 

Arrhenius-type equation as: 

𝑘𝑖𝑠𝑜(𝑇) = 𝐷 ∗ exp (−
𝐸0
𝑅𝑇
)   (3.18), 

where T is the absolute temperature, E0 is the photoisomerization activation energy 

barrier, D is a factor accounting for the geometry of the fluorophore through its 

rotational diffusion dynamics and for the viscosity of the solvent and R = 8.314 J/(mol*K) 

is the universal gas constant. 
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Considering kr, knr and D much less sensitive to temperature than the 

exponential dependence of  kiso(T), the temperature dependence of the quantum yield 

can be approximated as: 

𝜙(𝑇) =
𝑘𝑟

𝑘𝑟 + 𝑘𝑛𝑟 +𝐷 ∗ exp (−
𝐸0
𝑅𝑇)

   (3.19). 

If static quenching mechanisms are absent, i.e. absorbance of the fluorophore is 

not perturbed by the environment, the fluorescence intensity emission is proportional 

to the quantum yield. The proportionality constant, A, depends on the excitation power, 

fluorophore concentration, acquisition time and fluorophore photostability among 

other factors. For Cy3 labeled oligonucleotides with absent or very weak secondary 

structure, such as Poly(A) oligonucleotides, kr and knr can be approximated to those of 

Cy3B. Cy3B is a Cy3 derivative that has a rigid bond, between the heterocyclic rings, that 

blocks photoisomerization, i.e. kiso = 0. Cy3B fluorescent properties are given in 42 by   

= 2.7 ns and  = 0.85. The radiative and nonradiative rates can be determined 

algebraically by using Eq. (3.17). The de-excitation rates obtained are kr = 0.315 ns-1 and 

knr = 0.055 ns-1. With all the mentioned considerations, the temperature dependence of 

the fluorescence emission intensity, I(T), for Cy3 incorporated into an oligonucleotide 

without secondary structure or with weak secondary structure, is given by the following 

function: 

𝐼(𝑇) = 𝐴 ∗
0.315

0.37 + 𝐷 ∗ exp (−
𝐸0

8.314 ∗ 𝑇)
   (3.20). 
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3.5.11 Lifetime dependence on the concentrations of simultaneously 

binding ligands 

From Eq. (3.1) the fraction of unbound receptor, v, is given immediately as: 

𝑣([𝐿0]) = 1 − 𝑤([𝐿0]) = 1 −
1

1 + (
𝐾𝐷
[𝐿]
)
𝑛 ≈ 1 −

1

1 + (
𝐾𝐷
[𝐿0]

)
𝑛 =

1

1 + (
[𝐿0]
𝐾𝐷

)
𝑛    (3.21), 

since  𝑣([𝐿0]) + 𝑤([𝐿0]) = 1 for any initial ligand concentration. If a number of M 

ligands can bind to the receptor in an independent manner and are present 

simultaneously in a mixture with the receptor, Eq. (3.21) can be extrapolated to give the 

fraction of free receptor that is unbound by any of the ligands: 

𝑣([𝐿0,1], [𝐿0,2],… , [𝐿0,𝑀]) =
1

1 + ∑ (
[𝐿0,𝑖]
𝐾𝐷,𝑖

)

𝑛𝑖
𝑀
𝑖=1

   (3.22), 

where [𝐿0,𝑖] is the initial concentration of ith ligand, 𝐾𝐷,𝑖  is the microscopic dissociation 

constant of ith ligand, ni is the Hill coefficient of ith ligand. The summation is performed 

over all ligands. The total fraction of bound receptor can be obtained from Eq. (3.22) as 

𝑤([𝐿0,1], [𝐿0,2],… , [𝐿0,𝑀]) = 1 −  𝑣([𝐿0,1], [𝐿0,2],… , [𝐿0,𝑀]). By plugging this 

dependency into Eq. (3.2), the physical measured property value {P}, at any combination 

of the initial ligands concentrations is given by: 
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{𝑃}([𝐿0,1], [𝐿0,2], … , [𝐿0,𝑀]) = {𝑃0} + ({𝑃∞} − {𝑃0}) ∗

(

 
 
1 −

1

1 + ∑ (
[𝐿0,𝑖]
𝐾𝐷,𝑖

)

𝑛𝑖
𝑀
𝑖=1

)

 
 
   (3.23), 

where all the parameters have the meanings as described above and in previous 

sections. Throughout this study, the role of the physical property {P} is mainly assumed 

by the measured fluorescence lifetime, ; thus, Eq. (3.23) is rewritten with {P}=. Cy3-

O328 acts as the receptor and its concentration is kept constant to an indicated limiting 

value. For simplicity, since the ligands concentrations are the only variables, the initial 

concentration of each ligand (the metal ions in our case) [L0,i] will be denoted ci. 

Simultaneously, as described for Eq. (3.5) all the concentrations will be replaced by 

log10 of the respective normalized values, denoted simply log(ci). This logarithmic 

transformation of the x-axis also implies replacing the set of Hill coefficients ni by a set 

of apparent Hill coefficients ni
*, as described in section 1. With these notations, Eq. 

(3.23) becomes: 

𝜏(𝑐1, 𝑐2, … , 𝑐𝑀) = 𝜏0 + (𝜏∞ − 𝜏0) ∗

∑ (
log(𝑐𝑖)

log(𝐾𝐷,𝑖)
)

𝑛𝑖
∗

𝑀
𝑖=1

1 + ∑ (
log(𝑐𝑖)

log(𝐾𝐷,𝑖)
)

𝑛𝑖
∗

𝑀
𝑖=1

   (3.24). 

If one of the ligand concentrations, for example c1, is kept constant, the 

dependency on c1 becomes simply parametric and the other concentrations can be 

replaced by a ratio-metric fold excess over c1 as Qi = ci / c1. In this study, M=3 and we 

assigned c1 to the potassium concentration, c2 to the ammonium concentration and c3 to 
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the sodium concentration. To study the effect of the interfering ammonium and sodium 

ions, we kept the potassium concentration fixed at the value of the potassium 

dissociation constant, i.e. c1 = 𝐾𝐷,1. With these considerations Eq. (3.23) is rewritten as: 

𝜏(𝑄2, 𝑄3) = 𝜏0 + (𝜏∞ − 𝜏0) ∗

1 + (
log(𝑄2 ∗ 𝐾𝐷,1)

log(𝐾𝐷,2)
)

𝑛2
∗

+ (
log(𝑄3 ∗ 𝐾𝐷,1)

log(𝐾𝐷,3)
)

𝑛3
∗

2 + (
log(𝑄2 ∗ 𝐾𝐷,1)

log(𝐾𝐷,2)
)

𝑛2
∗

+ (
log(𝑄3 ∗ 𝐾𝐷,1)

log(𝐾𝐷,3)
)

𝑛3
∗    (3.25), 

where Q2 is the ratio between the ammonium concentration and the potassium 

concentration, Q3 is the ratio between the sodium concentration and the potassium 

concentration, 𝐾𝐷,2 is the dissociation constant for ammonium and 𝐾𝐷,3 is the 

dissociation constant for sodium. The apparent potassium concentration in the presence 

of ammonium and sodium can be obtained from Eq. (3.11) with the lifetime,  given by 

Eq. (3.25). 
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Chapter 4: Simplified detection of polyhistidine-tagged proteins in gels 

and membranes using a UV-excitable dye and a multiple chelator head 

pair*3 

4.1 Abstract 

The polyhistidine tag (His-tag) is one of the most popular protein tags used in the life 

sciences. Traditionally, the detection of His-tagged proteins relies on immunoblotting 

with anti-His antibodies. This approach is laborious for certain applications such as 

protein purification, where time and simplicity are critical. The His-tag can also be 

directly detected by metal ion–loaded N-nitrilotriacetic acid–based chelator heads 

conjugated to fluorophores, which is a convenient alternative method to 

immunoblotting. Typically, such chelator heads are conjugated to either green or red 

fluorophores, the detection of which requires specialized excitation sources and 

detection systems. Here, we demonstrate that post-run staining is ideal for His-tag 

detection by metal ion–loaded and fluorescently labeled chelator heads in PAGE and 

blot membranes. Additionally, by comparing the performances of different chelator 

heads, we show how differences in microscopic affinity constants translate to 

macroscopic differences in the detection limits in environments with limited diffusion, 

such as PAGE. On the basis of these results, we devise a simple approach, called UVHis-

 

*3 This chapter contains data published in 23 Raducanu, V. S., Isaioglou, I., 
Raducanu, D. V., Merzaban, J. S. & Hamdan, S. M. Simplified detection of polyhistidine-
tagged proteins in gels and membranes using a UV-excitable dye and a multiple chelator 
head pair. J Biol Chem 295, 12214-12223, doi:10.1074/jbc.RA120.014132 (2020). 
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PAGE, that uses metal ion–loaded and fluorescently labeled chelator heads to detect 

His-tagged proteins in PAGE and blot membranes. Our method uses a UV 

transilluminator as an excitation source, and the results can be visually inspected by the 

naked eye.  

4.2. Introduction 

The polyhistidine tag (His-tag) is widely used for protein purification, detection, and 

immobilization 137. The majority of expression vectors use a His-tag composed of six 

consecutive histidine residues (His6-tag), and this tag is fused to the protein of interest 

with or without flexible linkers 138. In general, fast and selective detection of His-tagged 

proteins is desired. With these considerations in mind, here we build a detection system 

for His-tagged proteins based on simple, commercially available, and cost-effective 

consumables and instrumentation. This system, which we call UVHis-PAGE, allows for 

the detection of His6-tagged proteins in PAGE and blot membranes using a simple UV 

transilluminator (Figure 4.1). 

As an alternative to traditional immuno-detection with anti-His antibodies, metal 

ion–loaded nitrilotriacetate (NTA) moiety (monoNTA, monovalent N-nitriloacetic acid, 

Figure 4.2.1a) offers easier detection while eliminating the need for costly antibodies 

139,140. This method relies on the metal affinity interaction of the metal ion–loaded 

chelator head with the His-tag in an analogous manner to the method used to purify 

His-tagged proteins by Immobilized Metal Affinity Chromatography (IMAC) 138,141-145. 
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However, the relatively weak affinity of Ni2+-monoNTA (Nickel(II)-loaded monoNTA) 

towards the commonly used His6-tag, in the low-micromolar range, limits the detection 

sensitivity. Careful chemical and geometrical considerations have led to the assembly of 

the NTA moiety into higher-order structures, known as multivalent chelator heads 

(MCHs). The multivalent interactions of Ni2+-MCHs (Nickel(II)-loaded MCH) increase the 

affinity towards His6-tag by a 1000-folds relative to Ni2+-monoNTA 146-150. This 

optimization considerably increases both the applicability and popularity of His-Ni2+-

NTA–based approaches 151-156. Among MCHs, the commercially available trisNTA 

(trivalent N-nitriloacetic acid) represents the minimal lock-and-key chelator with a 

dissociation constant of ~10 nM for the His6-tag (in its cyclic version; Figure 4.2.1a) 149. 

More recently, two trisNTA heads were coupled via an optimized linker into a super-

chelator (hexaNTA, hexavalent N-nitriloacetic acid). This super-chelator further 

enhances the affinity towards His-tags down to the picomolar range. However, this 

enhancement requires an increase in the size of the His-tag to twelve consecutive 

histidine residues (His12) 157. 

One area of applicability of MCHs, namely the detection of His-tagged proteins in 

PAGE has been partially overlooked until the recent introduction of the HisQuick-PAGE 

assay 158. In this assay, the authors relied on the preincubation of His-tagged proteins 

with Ni2+-MCH conjugate Ni2+-trisNTAAlexa647 or Ni2+-super-chelator conjugate Ni2+-

hexaNTAAlexa647, followed by in-gel detection of the complex (pre-run staining 

conditions). Under denaturing conditions, Ni2+-hexaNTAAlexa647 could detect as low as 0.2 
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pmol of a His12-tagged protein, which is comparable to the detection limit of 

immunoblotting 158. In contrast, Ni2+-trisNTAAlexa647 failed to detect the His12-tagged 

protein under the same conditions even when used at concentrations as high as 

hundreds of nM; many folds above its dissociation constant 158. This apparent 

discrepancy between the high binding affinity of Ni2+-trisNTA and its lack of detection 158 

poses several limitations to the HisQuick-PAGE assay, especially in the case of SDS-PAGE 

detection. From a practical perspective, His-tag detection that is based on Ni2+-hexaNTA 

conjugates is limited to the detection of the less-common His12 and with reduced 

detection efficiency of His10. From a theoretical perspective, the complete lack of 

detection with Ni2+-trisNTA conjugate, despite its relatively high binding strength, 

suggests that pre-run staining conditions may not be optimal for achieving the full 

detection limit of metal ion–loaded MCH conjugates. Additionally, without the 

possibility to compare with another chelator head, it is unclear whether the 0.2 pmol 

detection limit is imposed by the chelator head itself or by the conjugated fluorophore. 

In the current study, we switch to post-run staining conditions (Figure 4.1) to 

bypass the aforementioned limitations of pre-run staining conditions. We show that 

under post-run staining conditions, Ni2+-trisNTA green- and red-fluorescent conjugates 

can detect as low as 0.1 pmol of His6-tag protein. This detection limit is comparable to 

the pre-run staining conditions in the HisQuick-PAGE assay described in 158, but is 

achieved using the simpler trisNTA MCH and the widely used His6-tag. Moreover, we 

establish that detection by Ni2+-trisNTA conjugates is considerably superior to detection 
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by Ni2+-monoNTA conjugates, even under in-gel diffusion conditions. From the 

fluorophore point of view, most chelator heads to date have been conjugated either to 

green or red fluorescent organic dyes (such as Cy3B and Alexa Fluor 647, Figure 4.2.1a), 

which require complex and rather costly instrumentation with specialized excitation 

sources and detectors. To further improve the ease of use and to increase the 

availability of this method, we conjugate trisNTA to Alexa Fluor 405 (Figure 4.2.1a), 

which is a UV-excitable dye that emits in the visible spectrum. This approach allows us 

to visualize His6-tag proteins, with a detection limit as low as 5 pmol for SDS-PAGE or 2.5 

pmol in the blot membrane, simply by using a UV transilluminator as an excitation 

source and a bench camera or even the naked eye for visualization. 

 

Figure 4.1 Schematic representation of the UVHis-PAGE protocol for UV–based 

detection of His-tagged proteins in PAGE gels without the need for immunoblotting. 

The method relies on the metal affinity interaction of the metal ion–loaded and 

fluorescently labeled MCH with the His-tag of the protein of interest. The conjugated 

fluorophore is UV-excitable with visible emission for visualization by the naked eye upon 

exposure to a UV transilluminator. The gel shown on the UV transilluminator is an 

example for illustration purposes. 
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4.3 Results 

To build the UV–based detection system for His6-tagged proteins in PAGE and blot 

membrane, two initial choices must be made: a chelator head and a UV-excitable dye. 

However, given the lack of sensitivity of the chelator heads to the His6-tag under pre-run 

staining conditions 158, an alternative staining procedure that allows and maximizes the 

detection of His6-tagged proteins must be optimized first. 

4.3.1 Choice of chelator head and staining method for highly sensitive 

fluorescent detection 

We hypothesized that reducing the harsh conditions of SDS-PAGE during the initial 

incubation and complex migration in the pre-run staining protocol 158 can increase the 

detection performance of a given chelator head. To evaluate this hypothesis, we 

implemented a post-run staining protocol (Figure 4.1) that enabled us to compare the 

detection limit of Ni2+-monoNTA- and Ni2+-trisNTA-coupled fluorophores directly. As a 

target protein for detection, we used a His6-SUMO fusion protein which bears a single 

His6-tag at the N-terminus and is >95% pure (Figure 4.3.2A). Therefore, any amount of 

protein described in mol will correspond to the same amount of His6. Moreover, we 

preferred this protein fusion due to its relatively small size, which minimizes the chance 

of unspecific binding. 

We mixed various amounts (0.1 – 25 pmol) of His6-SUMO with SDS-PAGE 

electrophoresis sample buffer, which we heated to 95 °C and ran on 10% SDS-PAGE, as 
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described in the Experimental procedures section. Each sample was prepared as a 

double loading volume (30 l) and then split into two independent gels. This procedure 

was repeated four times, once for each of the tested Ni2+-loaded fluorophore-chelator 

head conjugates: Ni2+-monoNTAAtto550, Ni2+-trisNTACy3B, Ni2+-monoNTAAtto647N, and Ni2+-

trisNTAAlexa647. One copy of each gel was transferred to PVDF membrane and 

immunoblotted overnight with commercial anti-His antibody and imaged with 

chemiluminescence (first rows in Figure 4.3.1A-D). This immunoblotting step served a 

two-fold purpose. First, it ensured that equal amounts of His6-SUMO were loaded on 

each of the four replicated gels. Second, it illustrated the detection limit of typical anti-

His antibody–based chemiluminescent immunoblotting as ~0.1 pmol (first rows in Figure 

4.3.1A-D). 

The second copy of each of the four gels was fixed using the fast protocol (12 

min) described in the Experimental procedures section. After fixing and washing the 

gels, the protocol proceeded directly to the staining step. Alternatively, the fixed gel can 

be stored in water for staining in the future with minimal diffusion of the bands (Figure 

4.1). For the gel staining step, fresh PBS solutions containing 150 nM of Ni2+-

monoNTAAtto647N or Ni2+-trisNTAAlexa647 or 300 nM of Ni2+-monoNTAAtto550 or Ni2+-

trisNTACy3B were prepared. The gels were submerged in these solutions, and staining 

was allowed to proceed for 1 hr at room temperature with gentle shaking in the dark. 

After completion of the staining step, the gels were rinsed with water to remove 

the excess staining solution. In the initial trials, the gels were imaged immediately, 
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which resulted in an excessive background, especially given the high sensitivity of the 

laser–based Typhoon scanner (data not shown). To remove the unbound fluorophore 

conjugates and reduce the background, we submerged the gels in warm water (warm 

water facilitates the diffusion of the unbound fluorophore conjugates out of the gels) 

and gently shook them in the dark for 30, 60, or 90 min. After each 30 min washing 

cycle, the gels were imaged using the same Typhoon imaging conditions with an 

appropriate excitation source and emission filters, depending on the conjugated 

fluorophore. 

After the first destaining and imaging cycle (30 min), both Ni2+-trisNTA 

conjugates exhibited a His6-SUMO detection limit of ~0.1 pmol (Figure 4.3.1B,D). In 

contrast, the Ni2+-monoNTA conjugates were considerably less sensitive, with a 

detection limit of only ~2.5 pmol (Figure 4.3.1A,C). Thus, the Ni2+-trisNTA conjugates 

were ~25-fold more sensitive than Ni2+-monoNTA conjugates. We further validated 

these detection limits by replacing His6-SUMO with N-terminus His6-tagged human 

PCNA (its monomer has higher molecular weight (~30 kDa) than His6-SUMO, and this 

monomer forms an oligomer (homotrimer) in solution) and staining the PCNA-

containing gels with Ni2+-trisNTACy3B or Ni2+- monoNTAAtto550 (Figure 4.3.2B,C). Each 

additional 30-min destaining step caused the loss of detection of the last previous band 

for both Ni2+-trisNTA and Ni2+-monoNTA conjugates. Nevertheless, from a quantitative 

point of view, this translated into the loss of only ~0.15 – 0.5 pmol / 30 min for Ni2+-

trisNTA and ~1 – 5 pmol / 30 min for Ni2+-monoNTA. Therefore, additional to the 
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increased detection sensitivity, Ni2+-trisNTA conjugates also exhibited a ~10-fold 

increase in stability over time. Overall, these results demonstrate that the post-run 

protocol improved the detection by Ni2+-trisNTA conjugates to a level that matches the 

limit of typical anti-His antibody–based chemiluminescent immunoblotting (Table 4.2). 

 

Figure 4.2.1 Structure and properties of the various chemical reagents. (A) Chemical 

structures of: Cyclic trisNTA containing a terminus amine group, monoNTA containing a 
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terminus amine group, Alexa Fluor 405 NHS ester, Cy3B NHS ester, and Alexa Fluor 647 

NHS ester. (B) Absorption and emission spectra of Alexa Fluor 405 NHS ester as available 

from the online Spectra Viewer tool from the Chroma Technology Corporation website. 

The red vertical bars represent the relative absorbance (%) of Alexa Fluor 405 at the 

indicated wavelength as compared to the maximum of absorbance. (C) Bar chart of the 

brightness of Alexa Fluor 405, Cy3B, and Alexa Fluor 647 as free NHS esters (left set of 

bars) and Ni2+-trisNTA conjugates (right set of bars). Excitation is considered to be 

performed at the wavelength of maximum excitation as indicated in Table 4.1. Each 

brightness was estimated as described in the Experimental Procedures section and 

Table 4.1. The color code is described in the inset legend. 

 

 

Figure 4.2.2 Fitting of the elution peak of Ni2+-trisNTAAlexa405 from the HiTrap Q 1 ml 

column by the EMG model. The values of the EMG parameters are shown in the inset 

table with their 95% confidence interval. The vertical red line represents the position of 

the maximum of the elution peak as calculated from the fitting parameters as described 

in the Experimental Procedures section. This value together with its 95% confidence 

interval is also reported above the peak. Data points above 2000 A.U. were removed, 

due to spectrophotometer detector saturation. 
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Figure 4.3.1 Comparison of the detection performance of Ni2+-monoNTA and Ni2+-

trisNTA fluorescent conjugates in SDS-PAGE. Each gel was run in duplicate and one 

copy was stained post-run and fixation with: (A) Ni2+-monoNTAAtto550, (B) Ni2+-

trisNTACy3B, (C) Ni2+-monoNTAAtto647, and (D) Ni2+-trisNTAAlexa647. The gels were destained 

for the indicated amount of time (30, 60, or 90 min) and imaged using a Typhoon laser–

based scanning system (rows 2 – 4 in each panel). The second copy of each gel was used 

for chemiluminescent immunoblotting using an anti-His antibody (Ab-WB, first row in 

each panel). For all SDS-PAGE gels, the 15 kDa molecular weight marker tick corresponds 

to the run of the 15 kDa band of PageRuler Prestained Protein Ladder (Thermo Fisher 

Scientific, 26616); the ladder is run under identical conditions, stained with Coomassie 

Brilliant Blue (CBB) and visualized under white light. The relative position of His6-SUMO 

protein to all bands on the PageRuler Prestained Protein Ladder can be visualized in 

Figure 4.5A and 4.3.2A. For all Ab-WBs, the 20 kDa molecular weight marker tick 

corresponds to the run of the 20 kDa band of MagicMark XP Western Protein Standard 

(Thermo Fisher Scientific, LC5603); the ladder is run and stained under identical 

conditions and visualized through chemiluminescence. The relative position of His6-

SUMO protein to all bands on the MagicMark XP Western Protein Standard can be 

visualized in Figure 4.5B. 
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Figure 4.3.2 Control SDS-PAGE gels. (A) Image of a CBB-stained SDS-PAGE gel containing 

the final purified His6-SUMO protein sample. The molecular weight marker ticks (kDa) 

correspond to the run of the bands of PageRuler Prestained Protein Ladder (Thermo 

Fisher Scientific, 26616). Comparison of the detection performance of (B) Ni2+-

trisNTACy3B and (C) Ni2+-monoNTAAtto550 for His6-tagged human PCNA (one His6-tag per 

PCNA monomer). For both gels the destaining time was 30 min. PCNA amounts are 

indicated as His6-tagged PCNA monomer amounts in pmol. Human PCNA tagged at the 

N-terminus with His6 was purified identically as described in 159. 
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Table 4.1  Photophysical parameters describing the brightness of the Ni2+-trisNTA-

fluorophore conjugates. All estimated parameters are derived according to the 

information described in the Experimental Procedures section. All values have their 

source indicated as: a as per manufacturer’s description, b as approximated by the value 

of the highly similar Cascade Blue dye as per the adjacent reference, c as approximated 

by the value of the highly similar iFluor 405 dye as per manufacturer’s description, d as 

described in the adjacent reference and e as experimentally determined in the current 

study. 

Fluorophore 
Maximum 

absorption (nm) 

Extinction 
coefficient 
(M-1cm-1) 

Free NHS ester form Ni2+-trisNTA-coupled form 
Quenching 

(%) Lifetime 
(ns) 

QY 
Brightness 

(A.U.) 
Lifetime (ns) 

Brightness 
(A.U.) 

Alexa Fluor 405 401 a 35000 a 3.8 b, 160 0.91 c 31850 1.81 ± 0.04 e 15162 ± 340 52.4 

Cy3B 559 a 130000 a 2.4 d, 36 0.67 d, 65 87100 0.87 ± 0.03 e 31500 ± 1055 63.8 

Alexa Fluor 647 651 a 270000 a 1.0 a 0.33 a 89100 0.75 ± 0.01 e 66959 ± 780 24.9 

 

4.3.2 UV-excitable dye with visible emission: Trading sensitivity for 

detection simplicity 

Equipped with the above-established highly sensitive detection provided by the post-

run staining conditions, we next turned our attention to the choice of fluorophore for 

building a UV–based detection system for His6-tagged proteins. Typical UV 

transilluminators offer a very limited number of wavelength choices, such as 302 and 

365 nm. With these considerations, by surveying the absorption spectra, molecular 

extinction coefficients, and quantum yields of commercially available UV-excitable 

fluorophores with visible emission, we chose Alexa Fluor 405. At 365 nm, this 

fluorophore retains ~68% of its maximum molar extinction coefficient (Figure 4.2.1b). 
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Moreover, Alexa Fluor 405 is directly available as NHS ester for the convenience of 

coupling to the amine-containing chelator heads. However, Alexa Fluor 405 exhibits a 

relatively low brightness, which is typical for small organic UV and near-UV fluorophores 

(Figure 4.2.1c and Table 4.1). 

We proceeded to determine the detection limit of His6-tagged in SDS-PAGE and 

blot membrane using Ni2+-trisNTAAlexa405. The samples were prepared as described in the 

previous section, but in the His6-SUMO amount range of 1 – 1000 pmol. Each sample 

was prepared as a double loading volume (30 l) and then split into two independent 

gels. One copy of the gel was transferred to PVDF membrane and blocked with BSA for 1 

hr, and the second was fixed using the fast protocol (12 min). After rinsing, both the gel 

and the membrane can be either stained immediately or stored for future staining 

(Figure 4.1). 

For the staining step, both the gel and the membrane were treated identically. 

The gel and the membrane were submerged into fresh PBS solution containing 2 M 

Ni2+-trisNTAAlexa405 and then they were submerged in this solution and incubated for 1 hr 

in the dark with gentle shaking. After one hour, the gel was rinsed with warm water and 

the membrane was rinsed with 1× TBST and exposed to a UV transilluminator equipped 

with a protective screen. To capture an image as similar as possible to the one available 

to the naked eye, we photographed both the gel and the membrane with a regular 

cellphone camera in the dark (Figure 4.4.1C,E). For accuracy, we also took images with 

the integrated camera of the FluorChem Q Image analysis system (Figure 4.4.1D,F). 
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With this simple approach, a detection limit of ~5 pmol for the gel and ~2.5 pmol for the 

membrane were visible to the naked eye through the protective screen of the UV 

transilluminator (Figure 4.4.1C,E). These detection limits were also confirmed by the 

camera of the FluorChem Q Image analysis system (Figure 4.4.1D,F). Remarkably, these 

detection limits were achieved without the need for any additional time-consuming 

destaining steps, despite the relatively low brightness of Ni2+-trisNTAAlexa405 (Figure 

4.2.1c and Table 4.1) and the simplicity of the equipment involved. The membrane was 

easily visualized using the UV transilluminator and the naked eye, even under ambient 

light conditions (Figure 4.4g). Moreover, at the end of the visualization, the gel could be 

stained with Coomassie Brilliant Blue (CBB) for complementarity (Figure 4.4.1A,B). By 

using the fast staining protocol described in the Experimental procedures section, CBB in 

its G-250 form allowed ~1 pmol of His6-SUMO to be visualized. In the case of the blot 

membrane, washing in the presence of at least 50 mM EDTA removed the bound Ni2+-

trisNTAAlexa405, thus allowing the membrane to be reused for future experiments (data 

not shown). 

To quantitatively assess the correlation between the CBB and Ni2+-trisNTAAlexa405 

detection, we measured the band intensities in the gels and the membrane by using the 

built-in function of the ImageJ software. We then normalized these values to the 

intensity of the 1000 pmol band in the corresponding gel or membrane (Figure 4.4.2). 

The intensities of Ni2+-trisNTAAlexa405 in both the gel and membrane scaled very 

accurately with the CBB intensities in the gel, with a correlation coefficient higher than 
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99%. From a practical point of view, this high correlation indicates excellent 

complementarity of Ni2+-trisNTAAlexa405 and CBB staining within the given detection 

range of 5 – 500 pmol. 

 

Figure 4.4.1 Performance of Ni2+-trisNTAAlexa405 in the UVHis-PAGE protocol and 

comparison with Coomassie Brilliant Blue (CBB) staining. CBB-stained SDS-PAGE was 

imaged with (A) a regular cellphone camera and (B) a gel-dock camera. Ni2+-

trisNTAAlexa405-stained SDS-PAGE was illuminated by a UV transilluminator and imaged in 

the dark with (C) a regular cellphone camera and (D) a gel-dock camera. An additional 

copy of the gel was transferred to a blot membrane, blocked with BSA, stained with 

Ni2+-trisNTAAlexa405, illuminated by a UV transilluminator, and imaged in the dark with   

(E) a regular cellphone camera and (F) a gel-dock camera. Ni2+-trisNTAAlexa405-stained 

blot membrane can also be clearly visualized (G) through the protective screen of the 

UV transilluminator even under ambient light conditions. For all SDS-PAGE gels, the 15 

kDa molecular weight marker tick corresponds to the run of the 15 kDa band of 

PageRuler Prestained Protein Ladder (Thermo Fisher Scientific, 26616); the ladder is run 

under identical conditions, stained with Coomassie Brilliant Blue (CBB) and visualized 



186 
 

under white light. The relative position of His6-SUMO protein to all the bands on the 

PageRuler Prestained Protein Ladder can be visualized in Figure 4.5A and 4.3.2A. For all 

Dye-Blots, the 20 kDa molecular weight marker tick corresponds to the run of the 20 

kDa band of MagicMark XP Western Protein Standard (Thermo Fisher Scientific, 

LC5603); the ladder is run and stained under identical conditions as described for Figure 

4.5B and visualized through chemiluminescence. The relative position of His6-SUMO 

protein to all the bands on the MagicMark XP Western Protein Standard can be 

visualized in Figure 4.5B. 

 

Figure 4.4.2 Plot of the normalized band intensities detected by Ni2+-trisNTAAlexa405, in 

both SDS-PAGE and blot membrane, and by Coomassie Blue G-250 (CBB) staining, in 

SDS-PAGE, from the images presented in Figure 4.4.1. The intensity of each band was 

normalized to the intensity of the 1000 pmol band within the same gel. The correlation 

coefficient between the Ni2+-trisNTAAlexa405 and CBB staining in SDS-SPAGE is indicated 

on the graph together with its 95% confidence interval. Each data point is represented 

by the average and standard deviation of three independent quantifications using the 

built-in option of the Image-J software. 
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Table 4.2  A summary of the characteristics of various systems that can be used for the 

detection of His-tagged proteins in PAGE and blot membranes. All the detection limits 

have their source indicated as: a as experimentally determined in the current study, b as 

per manufacturer’s description for the Invitrogen Alexa Fluor Plus 800 secondary 

antibodies and assuming a strong anti-His6 primary antibody and c as described in the 

adjacent reference. NA denotes not applicable. 

Detection system Detection method 
Excitation 
method 

Observation 
method 

Detection 
limit (pmol) 

Coomassie Brilliant 
Blue G-250 

Colorimetric White light Naked eye ~1 a 

Anti-His6 Ab 
immunoblotting with 

HRP secondary Ab 
Chemiluminescence NA Specialized ~0.1 a 

Anti-His6 Ab 
immunoblotting with 

fluorescent secondary Ab 

VIS-excitation 
fluorescence 

Specialized Specialized ~0.7 b 

HisQuick-PAGE 
(hexaNTA, His12) 

VIS-excitation 
fluorescence 

Specialized Specialized ~0.2 c, 158 

Post-run staining 
with Ni2+-trisNTA- 

green/red conjugates (His6) 

VIS-excitation 
fluorescence 

Specialized Specialized ~0.1 a 

Post-run staining 
with Ni2+-monoNTA- 

green/red conjugates (His6) 

VIS-excitation 
fluorescence 

Specialized Specialized ~2.5 a 

UVHis-PAGE (His6) 
UV-excitation 
fluorescence 

UV 
transilluminator 

Naked eye ~5 a 

UVHis-Blot (His6) 
UV-excitation 
fluorescence 

UV 
transilluminator 

Naked eye ~2.5 a 

 

4.3.3 UVHis-PAGE is a highly specific detection system 

In complex mixture samples, especially in whole cellular extracts, a variety of different 

proteins can show different affinities towards His-tag-binding reagents, such as anti-His 

antibodies and metal ion–loaded chelator heads 161-165. Therefore, we investigated the 

specificity of Ni2+-trisNTAAlexa405 in the UVHis-PAGE approach for detecting His6-SUMO in 

E. coli extract. We prepared uninduced and induced samples as a double loading volume 
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(30 l) and then split them into two independent gels. One copy of the gel was 

transferred to a PVDF membrane and blocked with BSA for 1 hr, immunoblotted for 2 hr 

with anti-His antibody and imaged with chemiluminescence (Figure 4.5b). The second 

copy of the gel was fixed using the fast protocol (12 min). The gel was then stained with 

Ni2+-trisNTAAlexa405 as described above and imaged both with a regular cellphone camera 

and with the camera of the FluorChem Q Image analysis system (Figure 4.5c). After 

imaging, the same gel was stained with CBB, as previously described (Figure 4.5a). A 

clear additional band at ~15 kDa was visible in the induced sample relative to the 

uninduced sample, which corresponds to His6-SUMO. The presence of the His-tag was 

directly confirmed by the antibody–based immunoblotting (Figure 4.5b). The Ni2+-

trisNTAAlexa405 signal was highly specific to the confirmed His6-SUMO band under both 

imaging methods. Notably, no additional unspecific bands could be visualized either by 

the naked eye or by the camera of the analysis system. These experiments clearly 

illustrate the high specificity of detection of the Ni2+-trisNTAAlexa405 in the UVHis-PAGE 

approach, even in complex mixture samples. 
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Figure 4.5 Specificity of Ni2+-trisNTAAlexa405 in the UVHis-PAGE protocol and comparison 

with anti-His antibody–based immunoblotting. (A) Uninduced (Un) and induced (In) 

samples of E. coli culture expressing His6-SUMO were run on SDS-PAGE and stained with 

CBB. The molecular weight marker (M) is PageRuler Prestained Protein Ladder (Thermo 

Fisher Scientific, 26616). (B) An additional copy of this SDS-PAGE was used for 

chemiluminescent immunoblotting using an anti-His antibody. The molecular weight 

marker (M) is MagicMark XP Western Protein Standard (Thermo Fisher Scientific, 

LC5603). (C) Before CBB staining, the SDS-PAGE gel was stained with Ni2+-trisNTAAlexa405, 

illuminated by a UV transilluminator, and imaged in the dark with a regular cellphone 

camera (right) and a gel-dock camera (left). The molecular weight marker ticks (kDa) 

correspond to the run of the bands of PageRuler Prestained Protein Ladder obtained by 

overlapping these images under UV exposure to the CBB-stained SDS-PAGE gel shown  

in (A). 
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Table 4.3  Final yields, concentrations and volumes obtained for the fluorescent Ni2+-

trisNTA conjugates. All the reagents are described in the Experimental Procedures 

section. 

Fluorophore, 
NHS ester form 

tris-NTA 
starting amount 

Dye 
amount 

Dye 
amount 

Conjugate 
final volume 

Conjugate final 
concentration 

Conjugate 
final yield 

Alexa Fluor 405 
1 mg 

~859.8 nmol 
573.2 
nmol 

~0.59 mg 2000 l ~78.2 M ~156.4 nmol 

Cy3B ~0.37 mg 1500 l ~151.2 M ~226.8 nmol 

Alexa Fluor 647 ~0.56 mg 1000 l ~95.1 M ~95.1 nmol 

 

4.4 Discussion 

In this work, we describe UVHis-PAGE, a method for the detection of His-tagged 

proteins that bypasses the need for antibody–based immunoblotting. This method 

allows for the visualization of His6-tagged protein using a simple UV transilluminator as 

the excitation source and the naked eye as the detector, down to amounts as low as 5 

pmol in SDS-PAGE or 2.5 pmol in blot membrane. This approach uses a Ni2+-loaded NTA–

based chelator head and a UV-excitable fluorophore with visible emission, which were 

carefully chosen. 

Amine-terminated monoNTA 139,140 and trisNTA 146-150 (Figure 4.2.1a) represent 

two popular and commercially available chelator heads that can be directly used for 

coupling to NHS ester fluorophores. trisNTA loaded with Ni2+ has been previously 

optimized to enhance its binding affinity to His6-tags by 1000-folds as compared to that 

of Ni2+-monoNTA 149. Therefore, our first set of experiments was designed to directly 

evaluate the performance of these two Ni2+-loaded and fluorescently-labeled chelator 

heads in the SDS-PAGE detection of His6-tagged proteins. A complete lack of detection 
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was previously shown when Ni2+-trisNTA was employed in a pre-run staining protocol 

158. Ni2+-loaded hexaNTA is the only known chelator head that can withstand the harsh 

conditions of the pre-run staining protocol 158. Thus, we switched to a post-run staining 

protocol (Figure 4.1) to directly compare Ni2+-monoNTA and Ni2+-trisNTA. 

Compared to Ni2+-monoNTA conjugates, Ni2+-trisNTA conjugates resulted in a 

~25-fold increase in the detection sensitivity of His6-SUMO (Figure 4.3.1). In fact, as per 

the manufacturer’s description, the Atto dyes that were attached to Ni2+-monoNTA are 

brighter than their Alexa or Cyanine counterparts that were attached to Ni2+-trisNTA, 

which makes this result even more remarkable. On a theoretical level, this result also 

shows that in complex environments, such as in and out of gel diffusion, a several-fold 

difference in the affinity constant does not necessarily directly translate into the same-

fold difference in the detection limit. Nevertheless, given this considerable 

enhancement, we chose trisNTA for the subsequent experiments. 

The detection limit of Ni2+-trisNTAAlexa647 of ~0.1 pmol in post-run staining 

conditions was similar to that of Ni2+-hexaNTAAlexa647 (~0.2 pmol) in pre-run staining 

conditions 158. This similarity opens two potential directions for further investigation. 

First, this detection limit may be imposed by the conjugated fluorophore itself rather 

than by the chelator head; a case in which brighter small organic fluorophores should be 

developed and coupled to these chelator heads to enhance the detection sensitivity. 

This possibility is also sustained by directly comparing the detection limit of Ni2+-

trisNTAAlexa647 (Figure 4.3.1d; ~0.1 pmol) with Ni2+-trisNTAAlexa405 (Figure 4.4.1C,D; ~5 
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pmol), which, despite using the same chelator head, resulted in a ~50-fold difference in 

favor of the brighter Alexa Fluor 647 and the more advanced instrumentation used for 

its visualization (Figure 4.2.1c and Table 4.1). Alternatively, since Ni2+-hexaNTA is ~1000-

fold stronger binder than Ni2+-trisNTA 157 but these two Ni2+-loaded MCHs resulted in a 

similar detection limit (when used under pre-run (for Ni2+-hexaNTA) and post-run (for 

Ni2+-trisNTA) staining conditions, respectively), it is possible that any chelator head may 

not be used at its maximum capacity under SDS-PAGE pre-run staining conditions. This 

possibility is also sustained by the completely different behavior of Ni2+-trisNTAAlexa647 

under post-run staining conditions in the current study and under the pre-run staining 

conditions described previously 158. 

In addition to the theoretical advantage of directly comparing the staining 

kinetics using different fluorophore-coupled chelator heads, post-run staining conditions 

offer several further advantages, as well as a drawback, when compared with pre-run 

staining conditions. For instance, since trisNTA can be employed, post-run staining 

conditions allow for the efficient detection of the most common form of His-tag, His6, in 

SDS-PAGE. Moreover, because the complex is formed post-run, post-run staining 

conditions do not induce an undesired upper shift in the apparent molecular weight of 

the protein of interest. Lastly, the post-run staining conditions protocol allows for gel 

fixation and later staining without the requirement for immediate imaging. However, 

this protocol consumes larger amounts of Ni2+-trisNTA conjugates in the staining step. 

Nevertheless, both protocols perform similarly well, with a detection limit similar to that 
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of antibody–based chemiluminescent immunoblotting. A comparison of the detection 

limits and required instrumentation for different His-tag detection assays in PAGE and 

blot membranes is summarized in Table 4.2. 

Next, we focused on increasing the ease of detection by changing the 

fluorophore to Alexa Fluor 405. This dye is UV-excitable and exhibits fluorescence 

emission in the visible part of the spectrum (Figure 4.2.1b). Typical detection usually 

employs green or red fluorophores, which require specialized excitation sources and 

detection systems. By coupling Alexa Fluor 405 with Ni2+-trisNTA, we were able to 

detect amounts of His6-SUMO as low as 5 pmol for SDS-PAGE or 2.5 pmol in blot 

membrane using a simple UV transilluminator as the excitation source and the naked 

eye as the detector. This method of detection showed excellent correlation with the 

CBB staining method (Figure 4.4 and Figure 4.4.2) and was highly specific to the His-

tagged protein, even in complex mixture samples (Figure 4.5). These results are 

particularly remarkable in the context of the reduced brightness of UV-excitable dyes 

such as Alexa Fluor 405, as well as their strong quenching upon conjugation to Ni2+-

trisNTA (Figure 4.2.1c and Table 4.1). Therefore, in the future, such simplified UV 

excitation–based detection systems with naked-eye visualization could significantly 

improve with the development of brighter small organic fluorophores that have 

considerable UV excitation and visible emission. 

In conclusion, UVHis-PAGE can be an ideal tool for the rapid and straightforward 

detection of His-tagged proteins in applications where specialized fluorescence 
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detection is unavailable or traditional antibody–based immunoblotting is too costly or 

time-consuming. Apart from indicating the presence of a particular epitope, 

immunoblotting with secondary antibodies (based on both chemiluminescent 166,167 and 

fluorescent 166,168,169 detection) has been used as a quantitative tool to determine the 

epitope amount. For a given set of conditions (such as gel percentage and composition 

or blot membrane composition, the type and concentration of Ni2+-MCH conjugate 

used, the staining and destaining times, and the imaging parameters), we envision that 

our methods can also be used as quantitative tools, mainly through the use of a 

calibration curve similar to the dependence described in Figure 4.4.2. For the methods 

presented here, all the necessary chemical components are commercially available and, 

through the use of the well-established amine-NHS chemistry, require uncomplicated 

experimental conditions for efficient coupling. To clarify the required amount of 

reagents for implementing our methods, we summarized the starting amount of 

materials and the final yields, volumes, and concentrations for the three Ni2+-loaded 

trisNTA conjugates in Table 4.3. In a broader sense, the current work also highlights the 

benefits of using UV-excitable dyes in various assays, which, despite their lower 

brightness, can offer a simple platform for detection due to the simplified equipment 

requirements. 
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4.5 Experimental Procedures 

4.5.1 Protein expression and purification 

To express the His6-SUMO protein, the empty expression plasmid pE-SUMO 

(LifeSensors) was transformed into BL21(DE3) E. coli expression strain (Novagen). 2 l of 

2xYT (Teknova) media supplemented with 50 mg/l Kanamycin was inoculated from an 

overnight pre-culture and grown at 37 °C. When the cell growth reached an OD600 of 0.8, 

the expression was induced by the addition of 0.1 mM Isopropyl β-D-1-

thiogalactopyranoside (IPTG), and the incubation continued for an additional 4 hr at 37 

°C. From here onwards, the purification steps were performed at 4 °C. The soluble 

fraction of the cell lysate was applied onto a 5 ml HisTrap HP (GE Healthcare) affinity 

column, and the protein was eluted with 350 mM Imidazole. The eluted protein was 

concentrated and further purified over a 120 ml Superdex 75 pg size-exclusion column 

(GE Healthcare). All these steps were performed using an FPLC system. The final purity 

of the His6-SUMO protein was assessed by SDS-PAGE (Figure 4.3.2A), followed by 

quantification using the built-in option of the Image-J software. The purity was found to 

be higher than 95%. 

4.5.2 Synthesis of fluorescent multivalent chelator probes 

Ni2+-monoNTA conjugates of Atto550 and Atto647N were purchased from Sigma-

Aldrich. 
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trisNTA amine was purchased from Toronto Research Chemicals. NHS ester 

forms of Alexa Fluor 405 and Alexa Fluor 647 were purchased from Thermo Fisher 

Scientific. NHS ester form of Cy3B was purchased from GE Healthcare. The amine-NHS 

coupling reactions were performed according to the well-established protocol described 

in 149,150. The conjugates were purified over a reversed-phase C18 (Sigma-Aldrich) 

column by using an HPLC system, verified by MALDI-TOF-MS, and loaded with Ni(II), 

identically to the steps described in 149,150. After incubation with Ni(II), the conjugates 

were purified over a 1 ml HiTrap Q HP (GE Healthcare) column and eluted with a 0 – 2.5 

M NaCl gradient using an FPLC system. It is worth noting that Ni2+-trisNTA conjugates of 

Cy3B and Alexa Fluor 647 were eluted at less than 1 M NaCl concentration, whereas the 

Ni2+-trisNTA conjugate of Alexa Fluor 405 required up to ~1.6 M NaCl for complete 

elution (Figure 4.2.2). The final yields, volumes, and concentrations for the three Ni2+-

loaded trisNTA conjugates are summarized in Table 4.3. 

4.5.3 SDS-PAGE running and staining 

The target samples of interest were mixed with 5× electrophoresis sample buffer (10% 

SDS, 500 mM DTT, 50% Glycerol, 250 mM Tris-HCl, pH 6.8), heated for 10 min at 95 °C, 

and then loaded onto 10% SDS-PAGE gels (Invitrogen NuPAGE 10% Bis-Tris gels, 10 wells 

and 1.0 mm thickness). The gels were run in 1× MOPS SDS running buffer (Invitrogen 

Novex 20× NuPAGE MOPS SDS Running Buffer). The electrophoresis sample buffer 

intentionally did not contain any loading dye that could interfere with image acquisition. 
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For CBB staining, the gels were stained with 1× staining solution (40% methanol, 20% 

glacial acetic acid, 40% water, and 0.3% (w/v) Coomassie Brilliant Blue G-250) while 

heating in the microwave for 1 min. The gels were then destained with water while 

heating for 10 min in the microwave. 

For Ni2+-NTA–based detection, the gels were fixed with 1× fixation solution (40% 

methanol, 20% glacial acetic acid, and 40% water) by heating in the microwave for 2 

min, followed by rinsing with water, and heating again for 10 min in the microwave in 

water. The gels were then submerged in 1× PBS containing 150 nM Ni2+-monoNTAAtto647N 

or Ni2+-trisNTAAlexa647, 300 nM Ni2+-monoNTAAtto550 or Ni2+-trisNTACy3B or 2 M Ni2+-

trisNTAAlexa405. The gels were incubated in these solutions for 1 hr with gentle shaking in 

the dark, rinsed with water, and destained in warm water for varying amounts of time, 

as indicated in each case. 

4.5.4 Immunoblotting 

Following the SDS-PAGE procedure, the proteins were transferred to PVDF membrane 

with 0.45 µm pore size (Merck) using the sandwich method. The transfer was performed 

under a constant electric current of 0.39 A for 90 min. The transfer buffer contained 25 

mM Tris-base, 192 mM glycine, both dissolved in ddH2O, and 20% (v/v) methanol. After 

the transfer, the membranes were washed once with 1× Tris Buffered Saline containing 

Tween 20 (TBST). The membranes were then blocked for 1 hr while shaking at room 

temperature using 5% (w/v) Bovine Serum Albumin (BSA) dissolved in 1× TBST. 
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Following that, the membranes were washed once with 1× TBST. Then, they were 

incubated with the anti-Histidine tag antibody (Bio-Rad, MCA1396) at a concentration of 

1 μg/mL for the indicated amount of time, depending on the experiment, as described in 

the Results section. The proteins were then washed with 1× TBST three times for 5 min 

each. Next, the membranes were incubated for 30 min at room temperature while 

shaking with the anti-mouse IgG, HRP-conjugated antibody (Cell Signaling, 7076) at a 

concentration of 0.1 μg/mL. Finally, the membranes were washed three times for 5 min 

each and incubated for 2 min with the chemiluminescent substrate (SuperSignal West 

Pico, Thermo Fisher, 34080) before imaging. 

4.5.5 Gel and membrane imaging 

The CBB-stained gels were imaged under white light using an iBright CL1000 system 

(Thermo Fisher Scientific) or a regular cellphone camera. The antibody–based 

immunoblotting membranes were imaged with the iBright CL1000 system under the 

chemiluminescence mode. Ni2+-trisNTAAlexa405-stained gels and membranes were 

exposed to the UV light generated by the UV transilluminator of the FluorChem Q Image 

analysis system (Alpha Innotech) and imaged with the camera of the same system or by 

a regular cellphone camera. The Atto550, Cy3B, Atto647N, and Alexa Fluor 647 

conjugate-stained gels were imaged using an Amersham Typhoon biomolecular laser 

scanner (GE Healthcare). 
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4.5.6 Brightness determination for the fluorophore conjugates 

For the fluorophores in their free NHS ester form, molecular fluorescence brightness 

(BFree) was calculated, using reference values for the molar extinction coefficient () at 

the maximum of absorption (max) and for the fluorescence quantum yield ( Free), as 

previously described in 170:  

𝐵𝜆𝑚𝑎𝑥
𝐹𝑟𝑒𝑒 = 𝜀𝜆𝑚𝑎𝑥 × 𝜙

𝐹𝑟𝑒𝑒     (4.1). 

For the Ni2+-trisNTA-fluorophore conjugates we opted to determine the 

fluorescence brightness (BCoupled), via the measured fluorescence lifetime (), rather than 

directly through the fluorescence quantum yield which is more error-prone in 

measurements.  

Assuming an energy or electron transfer mechanism in the excited state 

between the fluorophore and the Ni2+ ions loaded on the conjugate 171, implies that the 

radiative rate of the fluorescence decay (kr) remains largely unchanged between the 

free and coupled forms. Only the non-radiative component increases in magnitude to 

accommodate also the rate of the energy transfer. Under this conditions, in both the 

free and coupled forms the relationships between the fluorescence quantum yields ( 

Free and  Coupled) and measured fluorescence lifetimes ( Free and   Coupled) can be written 

as: 

{
𝜙𝐹𝑟𝑒𝑒 = 𝑘𝑟 × 𝜏

𝐹𝑟𝑒𝑒

𝜙𝐶𝑜𝑢𝑝𝑙𝑒𝑑 = 𝑘𝑟 × 𝜏
𝐶𝑜𝑢𝑝𝑙𝑒𝑑    (4.2). 
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Under the above-mentioned assumption of unchanged radiative rate of the 

fluorescence decay (kr), the system of two equalities is algebraically reduced to: 

𝜙𝐹𝑟𝑒𝑒

𝜙𝐶𝑜𝑢𝑝𝑙𝑒𝑑
=

𝜏𝐹𝑟𝑒𝑒

𝜏𝐶𝑜𝑢𝑝𝑙𝑒𝑑
⇒ 𝜙𝐶𝑜𝑢𝑝𝑙𝑒𝑑 = 𝜙𝐹𝑟𝑒𝑒 ×

𝜏𝐶𝑜𝑢𝑝𝑙𝑒𝑑

𝜏𝐹𝑟𝑒𝑒
   (4.3). 

Adapting the indices in Eq. (4.1) to the case of the coupled fluorophore and by 

using Eq. (4.3), the brightness of Ni2+-trisNTA-fluorophore conjugates is immediately 

given as: 

𝐵𝜆𝑚𝑎𝑥
𝐶𝑜𝑢𝑝𝑙𝑒𝑑 = 𝜀𝜆𝑚𝑎𝑥 × 𝜙

𝐶𝑜𝑢𝑝𝑙𝑒𝑑 = 𝜀𝜆𝑚𝑎𝑥 × 𝜙
𝐹𝑟𝑒𝑒 ×

𝜏𝐶𝑜𝑢𝑝𝑙𝑒𝑑

𝜏𝐹𝑟𝑒𝑒
= 𝐵𝜆𝑚𝑎𝑥

𝐹𝑟𝑒𝑒 ×
𝜏𝐶𝑜𝑢𝑝𝑙𝑒𝑑

𝜏𝐹𝑟𝑒𝑒
   (4.4). 

Here we also assumed that static quenching mechanisms are absent, such that 

non-fluorescent complexes are not formed and the molar extinction coefficient () 

remains largely unchanged. Moreover, we assumed the lack of bathochromic and 

hypsochromic shifts in the absorption spectra, such that 𝜆𝑚𝑎𝑥 remains largely 

unchanged. By using reference values for 𝐵𝜆𝑚𝑎𝑥
𝐹𝑟𝑒𝑒  and 𝜏𝐹𝑟𝑒𝑒 , with these considerations, 

the determination of the brightness of the Ni2+-trisNTA-conjugated fluorophore is 

reduced to the measurement of its fluorescence lifetime. 

Time-resolved fluorescence lifetime measurements were carried out, as 

previously described 36,81, using QuantaMaster 800 spectrofluorometer (Photon 

Technology International Inc.) equipped with a Fianium supercontinuum fiber laser 

source (Fianium, Southampton, U.K.) operating at 20 MHz repetition rate. Arrival time of 

each photon was measured with a Becker-Hickl SPC-130 time-correlated single photon 
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counting module (Becker-Hickl GmbH, Berlin, Germany). Measurements were collected 

under magic angle (54.7°) conditions and photons were counted using time to 

amplitude converter (TAC). In all measurements, 10,000 counts were acquired. The 

instrument response function (IRF) was estimated using a Ludox colloidal silica 

suspension dissolved in water. 

Measurements were recorded at room temperature in PBS. All samples were 

excited at their wavelength of maximum excitation and emission was collected at their 

wavelength of maximum emission with 5 nm slit width for both excitation and emission. 

The fluorophore lifetime decays were then obtained using FluoFit software package 

(PicoQuant) by applying the IRF and fitted to two-exponential decays. The best fit was 

chosen based on reduced chi-square and randomness of the residuals. The reported 

lifetimes are the mean of amplitude-averaged lifetimes of three independent replicates. 

4.5.7 Analysis of the elution profile of Ni2+-trisNTAAlexa405 from the HiTrap 

Q column 

The measured A400 values of the Ni2+-trisNTAAlexa405 elution profile from the 1 ml HiTrap 

Q column were monitored continuously by using the integrated spectrophotometer 

module of an FPLC system. This measured elution profile was fitted to an Exponentially-

Modified Gaussian (exGaussian, EMG) profile as previously described in 172-175. First, 

baseline subtraction routine was applied using the built-in function of the GE Unicorn 
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software. The elution peak was fitted to an EMG profile described by either one of the 

below equations: 

{
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  (4.5), 

where c represents the current salt (NaCl) concentration, h is the amplitude of the 

Gaussian which is proportional to the eluted Ni2+-trisNTAAlexa405 amount and to its molar 

extinction coefficient,  and  are the mean and the standard deviation of the Gaussian 

part of the model and  is the relaxation time of the exponential part of the model. Erfc 

and erfcx are the regular and the scaled complementary error functions. The elution 

peak was fitted with one of the above-mentioned functions using the cftool of MATLAB 

software. After obtaining the fitting parameters ,  and , the main parameter of 

interest, namely the mode, i.e. the position of the elution peak maximum was 

determined as: 

𝑀𝑜𝑑𝑒 = 𝜇 − 𝜎√2 erfcxinv(
𝜏

𝜎
√
2

𝜋
 ) +

𝜎2

𝜏
   (4.6), 

where erfcxinv is the inverse scaled complementary error function and all the other 

variables are defined above. Therefore, the parameters , ,  and the mode have the 

same units.  
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Chapter 5: Dynamic assembly on PCNA and driving the reaction to ligation 

controls the human Maturation of Okazaki Fragments 

5.1 Abstract 

In the current manuscript, we reconstituted and characterized the human Maturation of 

Okazaki Fragments machinery through biochemistry, single-molecule imaging and a 

variety of bulk fluorescence assays. Previously, most of the knowledge of this 

fundamental DNA replication process was based on yeast data, while the human system 

was assumed to behave in a similar fashion. Nevertheless, differences in the stability of 

the Polymerase δ holoenzyme yield highly distinctive mechanisms for these two 

eukaryotic systems. We found that the human system has evolved to possess a higher 

dynamicity, lower processivity and to be formed by two toolbelt complexes that act 

sequentially to drive the reaction to the ligation step as soon as the initiation RNA is 

removed. Overall, the human system recycles the scarce Polymerase δ more often 

without compromising RNA removal fidelity. 

5.2. Introduction 

The chemical structure of nucleotides (nt) renders nucleic acids to possess intrinsic 

directionality. With few exceptions 176,177, most polymerases synthesize nucleic acids by 

extending in the 5’ to 3’ direction. All known polymerases involved in DNA replication 

obey this rule. This directionality raises the need for different DNA replication 

mechanisms for the two DNA strands. DNA replication machinery components and 
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interactions of various replication systems were extensively reviewed in 178-182. The 

leading-strand is replicated continuously, while the lagging-strand is replicated 

discontinuously through short fragments of ~200 nt 183 called Okazaki Fragments (OF). 

Synthesis of OFs is initiated by the Primase component of the Polymerase 𝛼-Primase 

complex (Pol𝛼-Prim) which generates a defined 7–10 ribonucleotides 184 (initiator RNA) 

primer through de novo synthesis, annealed to the parental lagging-strand template. 

Following the switch between primase and polymerase activities within the Pol𝛼-Prim 

complex, which occurs efficiently only when the initiator RNA primer grows to  ≥7 nt 184, 

the initiator RNA primer is  extended by Pol𝛼 with an additional 10–12 

deoxyribonucleotides 185 to generate a <30 nt RNA-DNA hybrid. 

Maturation of Okazaki Fragments (MOF) is initiated with the loading of PCNA by 

RFC onto the 3’ end of the OF primer-template junction (P/T junction). Both, the binding 

of RFC to PCNA in solution (KD <20 nM) 186, and the binding of the RFC•PCNA complex to 

DNA (KD = 5.2 nM) 187 are high-affinity and ATP-dependent processes 188. RFC can also 

load PCNA on nick substrates and even on dsDNA, yet with reduced efficiency (KD ~80 

nM) 187. RFC does not only load PCNA on the DNA, but it can also unload it 189. Unlike in 

the case of the yeast system 190, in human this loading-unloading cycle does not saturate 

at 1:1 stoichiometry between RFC•PCNA and DNA 189, which may render the clamp 

assembly to be more dynamic in the human system. This loading-unloading cycle is 

broken 189 by the high affinity recruitment of Polymerase δ (Polδ) at the PCNA-loaded 

P/T junction (KD = 7.1 nM) 191 to form the processive Polδ holoenzyme (Figures 5.1.3A, 
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B). PCNA increases both the rate 192,193 and processivity 159,194 of Polδ, allowing Polδ to 

efficiently close the gap between adjacent OFs. Since PCNA is a homotrimer and Polδ 

occupies a single PCNA monomer 159, additional proteins can also complex with the Polδ 

holoenzyme via their interaction with PCNA. For instance, Flap endonuclease 1 (FEN1) 

and Polδ can form a toolbelt complex on PCNA that was previously observed directly 

through cryo-EM 159 for the human system (Figures 5.1.3C, D). Like most PCNA-

interacting proteins, FEN1 also interacts with PCNA in solution in the absence of DNA via 

its PIP-binding motif with moderate affinity (KD = 70 nM) 195 compared to its high affinity 

for DNA equilibrating flap structures (KD = 3 nM) 51,53. 

Following gap closure, the PCNA•Polδ•FEN1 complex hits the previous OF and 

Polδ enters into strand displacement (SD) activity 196,197, generating a flap structure. This 

equilibrating flap structure is cleaved by FEN1 with high efficiency 36,51,53,198. Last, the 

resulting nick product (NP) is sealed by Ligase 1 (Lig1) 196 to generate contiguous 

inheritable dsDNA. Lig1 can also interact with PCNA 199,200 to form a functional complex, 

yet Lig1 was shown to be distributive 201 rather than part of the initial PCNA•Polδ•FEN1 

toolbelt 196,201. Moreover, in the yeast system, under conditions that forced a single 

active binding site on PCNA, sequential processive action of Polδ and FEN1 could also be 

achieved, without severe deficiency as compared to the toolbelt conditions 202. The 

toolbelt and the sequential models are illustrated in Figure 5.1.1. 

RNA-DNA hybrids are highly toxic to cells and also unreliable for the long-term 

storage of genetic information 203-205. Therefore, the initiator RNA part of OFs must be 
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completely removed before the ligation step. Here, in general terms, two models 

emerged throughout the literature. In the first model, Polδ performs SD until the flap 

grows to a certain medium length and only then is engaged by FEN1. This scenario, 

called the short flap pathway 196,206, is supported by the higher kinetic efficiency of FEN1 

on medium flap lengths as compared to very short flap lengths (<4 nt) 52,207 and also by 

the lack of flap threading by FEN1 of very short flaps 208. At high flap length, the tight 

RPA binding 61 to the ssDNA flap becomes highly inhibitory for FEN1 53, probably by 

blocking the catalysis-required FEN1 flap threading activity 51, and additional pathways 

are required for efficient flap cleavage 209,210. In the second model, Polδ and FEN1 

engage in a fast and processive exchange that consumes the initiator RNA, 1 nt at a 

time. Since the nick position is moved in the 3’ direction, 1 nt at a time, this mechanism 

was called nick translation (NT).  

The NT model was shown by reconstitution and detailed characterization to be 

the dominant mechanism in the yeast replication system 211. The yeast NT complex is 

fast (~0.2 s/nt) and processive in both Polδ and FEN1. Due to the similarities between 

the yeast and human proteins, it could be assumed that the initiator RNA removal 

mechanisms of these two eukaryotic species are also similar. Nevertheless, a number of 

differences between the human and yeast Polδ have already emerged. First, yeast Polδ 

is a three-subunit protein (Polδ1-3) unlike the human one which contains four subunits 

(Polδ1-4). When human Polδ loses its p12 subunit (Polδ1-3), the synthesis rate is 

decreased by ~5 folds, while its exonuclease mode is engaged ~9 times more often 
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when required 212. This rate interplay gives human Polδ1-3 an overall higher fidelity 212 

and the ability to idle efficiently for maintaining a ligatable nick 196; properties which are 

similar to those of the yeast Polδ 213,214. These observations made a number of studies 

196,206,215 to conclude that Polδ1-3 may function as the human lagging-strand replicative 

polymerase. Second, yeast Polδ 216 has ~50% more contacts with PCNA than human Polδ 

159 (Figures 5.1.3A, B). Thus, the stability of the two eukaryotic holoenzymes might be 

rather different, with the yeast one holding the higher stability. Third, this stability 

difference would be immediately translated into processivity and dissociation rate 

differences. Indeed, it was shown that while yeast Polδ can replicate (under primer 

extension conditions) a 5.4 knt plasmid from a single encounter 217,218, up to 31% of 

human Polδ may abort before even closing the gap between two adjacent OFs 193. 

Mechanistically, it was directly shown that the lower processivity of the human 

holoenzyme is due to an increased dissociation rate rather than a decreased 

polymerization rate 193. When stalled on PCNA-loaded P/T junctions, yeast Polδ took 

>300 s to dissociate 217, while the human enzyme dissociated in <6.3 s 193. 

In SD activity, several additional factors such as polymerase idling 196,211, the 

growing 5’flap acting as a molecular break 211, and even the transient binding of RPA 197, 

act additively against Polδ advancement and can force its departure to reduce 

processivity. Therefore, it can be envisioned that the >47-folds difference in stability, 

between the yeast and human holoenzymes, can lead to even more dramatic 

differences in SD and further in the NT mechanisms. Additionally, if the human 
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PCNA•Polδ•FEN1 complex proves to be inefficient, other mechanisms would be needed 

to ensure that the initiator RNA part of OFs is efficiently removed before committing to 

ligation. In fact, it is known, that at least two more pathways contribute to initiator RNA 

removal in yeast in vivo 219. One of these additional pathways deals with a minority of 

RPA-coated long flaps that cannot be cleaved by FEN1 alone and requires DNA2 and 

PIF1 209,210,219-221. The second additional pathway involves RNase 219,222 H1 223,224 (or H2 

219,225) which nicks OFs near the RNA-DNA junction, and Exo1 219 (or FEN1 223) that 

further removes the remaining ribonucleotides through exonuclease activity. 

In the current manuscript, we reconstitute the human MOF machinery. We show 

that upon encountering the previous OF, Polδ performs limited processive SD of 1-4 

nucleotides. FEN1 forms a toolbelt complex with PCNA and Polδ, and efficiently cleaves 

the generated flap structure. Surprisingly, FEN1 has a dramatic PCNA-dependent 

stability on its NP which cannot be outcompeted by the already unstable Polδ. 

Therefore, proceeding beyond the first FEN1 cleavage cycle is a highly inefficient process 

that requires ~11 s/nt, even under conditions where all protein binding steps are 

saturated. In fact, during the very first catalytic cycle of FEN1 as much as ~40% of Polδ 

may already dissociate. This yields the PCNA•Polδ•FEN1 toolbelt to be highly dynamic 

and more distributive in Polδ than initially assumed through an analogy with the yeast 

system. Human Lig1 discerns efficiently between RNA and DNA and waits for complete 

RNA removal. On the other hand, on DNA regions, Lig1 acts as an efficient molecular 

brake for both SD and NT to complete MOF immediately. The interaction of Lig1 with 
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PCNA enhances its breaking activity while Lig1 assembles with FEN1 and PCNA into a 

second toolbelt complex to terminate MOF. The slow rate and low processivity of the 

human PCNA•Polδ•FEN1 complex raise the need for additional RNA removal pathways, 

out of which we propose that the pre-removal of the initiator RNA by a Pol𝛼-Prim•FEN1 

complex or by RNases may be of particular importance in human. Overall, the data 

indicates that the human MOF machinery has evolved to recycle the scarce Polδ more 

often and to drive OFs to ligation as soon as all the initiator RNA ribonucleotides were 

safely removed. 
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Figure 5.1.1 Schematic representation of the toolbelt model (left) and of the 

sequential model (right) for MOF. All the proteins are indicated in the inset legend. 



211 
 

 

Figure 5.1.2 Structure and sequence of the DNA substrates and oligonucleotides used 

in the current study. The mixing ratios of oligonucleotides used for substrate making are 

indicated as 3’Primer : Template : 5’Block/Flap; with 3’ and 5’ relative to the junction. 
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Figure 5.1.3 Cryo-EM structures of the human Polδ holoenzyme and of the human nick 

translation complex. (A) Cryo-EM density map of the Polδ•DNA•PCNA complex colored 

by domain. (B) Structure of the Polδ•DNA•PCNA complex colored by domain and 

sequence of the DNA primer/template substrate. The region of the substrate that was 

modelled is boxed. (C) Cryo-EM density map of the Polδ•DNA•PCNA•FEN1 complex 

colored by domains. (D) Structure of the Polδ•DNA•PCNA•FEN1 complex model colored 

by domains. Structural Cryo-EM data presented in all panels is published in 159. 
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5.3 Results and discussion 

5.3.1 Lig1 but not Polδ can efficiently compete FEN1 on its NP 

Through single-molecule FRET imaging, we have previously investigated FEN1 catalytic 

cycle through extensive studies 36,51,53 which culminated with a full kinetic scheme of 

this cycle 53; these findings were integrated and reviewed in 226. In this established 

methodology, FEN1 catalytic cycle is mainly monitored through two labeling schemes: 

the internal (Figure 5.2.1A) and the flap (Figure 5.2.1E) labeling schemes. As compared 

to the previous studies, for the current study we extended the substrate design to 

contain a ssDNA region upstream of the 3’ duplex arm which is bound by RPA to block 

RFC-loaded PCNA from escaping by diffusion through the free DNA end. For flap 

substrates the two labeling schemes report on four different conformers that exist 

during FEN1 catalytic cycle. 

The first DNA conformer is linear prior to FEN1 binding. The second conformer 

represents a bent FEN1-bound DNA form before flap cleavage. Third conformer is a bent 

FEN1-bound DNA form that exists post-5’flap cleavage. Last, after FEN1 dissociation the 

NP reverts to another linear conformer. In the internal labeling scheme, the FRET donor 

and the acceptor are located in the 5’ and in the 3’ duplex regions of the substrate 

giving rise to a low-FRET state (Figure 5.2.1B). Upon FEN1 binding and bending of the 

DNA substrate, the distance between the two fluorophores decreases and therefore 

FRET increases for the second and third conformers. Following FEN1 dissociation and 
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the return of the substrate to the linear NP conformer, FRET decreases to an efficiency 

similar to the one of the initial substrate. In the flap labeling scheme, the FRET donor 

and acceptor are located in the 3’ duplex region and at the tip of the 5’flap, respectively. 

For this labeling scheme, the donor and acceptor are in close proximity in the substrate 

alone resulting in a high FRET state (Figure 5.2.1F). The un-cleaved bent conformer 

increases the distance between the donor and acceptor and therefore decreases the 

FRET efficiency (Figure 5.2.1F). Flap cleavage and departure, which implies acceptor 

departure, results in loss of FRET. Thus, the transition between the third and fourth 

conformers can no longer be detected using the flap labeling scheme. For both labeling 

schemes the bent conformers can be accessed without progressing to cleavage by 

replacing FEN1 WT with the catalytically inactive mutant FEN1 D181A, even in the 

presence of Mg2+. The higher to lower FRET transition of the flap labeling scheme 

substrate is illustrated in Figure 5.2.2A, while the lower to higher FRET transition of the 

internal labeling scheme substrate is illustrated in Figure 5.2.2B. 

Using the internal labeling scheme, we tested the effect of the other MOF 

proteins on FEN1 induced conformers (Figure 5.2.1B). The first experiment tested the 

effect of individual MOF proteins in the presence and absence of RFC•PCNA (Figure 

5.2.1C). Addition of RFC•PCNA to the substrate did not significantly alter its FRET 

efficiency. In the absence of RFC•PCNA, Polδ did not induce any considerable FRET 

change, yet a clear increase was observed in the presence of RFC•PCNA. We attribute 

this increase to the bending of the DNA substrate by the Polδ holoenzyme. Lig1 did not 
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induce any considerable FRET change regardless of the presence of RFC•PCNA. FEN1 

D181A bent the DNA substrate resulting in a FRET increase under both conditions, yet 

loaded PCNA stabilized further the bent conformer. The first striking observation of the 

study was obtained in the case of FEN1. In the absence of RFC•PCNA, FEN1 decreased 

the FRET efficiency. This is expected as FEN1 WT rapidly cleaves the 5’flap and release 

the bent conformer (~270 ms 53) and cannot efficiently rebind the NP at high salt (KD > 

580 nM 53). Remarkably, in the presence of pre-loaded PCNA, FEN1 WT exhibited a high 

FRET state similar to that of FEN1 D181A. We postulate that this FRET state is associated 

with FEN1 efficiently rebinding its NP in the presence of trapped PCNA, despite being 

present at a concentration of only 15 nM.  

Next, we investigated the combined sequential action of MOF proteins through 

the use of the internal labeling scheme in the presence of trapped PCNA (Figure 5.2.1D). 

Polδ was used at ~16.7-folds excess to FEN1, while Lig1 was used at ~33.3-folds excess 

to FEN1. Both FEN1 WT and D181A were capable to win over the DNA substrate in the 

presence of Polδ, despite the clear concentration advantage given to Polδ. Lig1 could 

not release the high FRET state induced by FEN1 D181A bending of the substrate, but it 

was fully capable of releasing it from FEN1 WT in the presence and absence of Polδ. 

Therefore, flap cleavage and generation of a NP is required for Lig1 engagement of the 

substrate. Moreover, this engagement is independent of the presence of Polδ. To 

summarize, the flap substrate can be bound and bent by Polδ, won over by FEN1 in both 

flap and NP forms, and efficiently engaged by Lig1 post-cleavage. This experiment offers 
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a first insight into a kinetic competition for the NP where Lig1 has a clear advantage 

followed by FEN1 and only last by Polδ. 

The flap labeling scheme was employed to ensure that the addition of Polδ 

and/or Lig1 does not impair FEN1 cleavage in the presence of pre-loaded PCNA (Figure 

5.2.1G). Polδ and Lig1 were used in the same high excess to FEN1 as indicated above. 

FEN1 D181A won over the DNA substrate and induced a high to low FRET change in the 

presence of Polδ, Lig1 or both proteins. FEN1 WT won over the DNA substrate and 

efficiently cleaved the acceptor-carrying 5’flap and eliminated FRET in the presence of 

Polδ, Lig1 or both proteins. Therefore, without kinetic characterization we conclude that 

Lig1 and Polδ do not block FEN1 cleavage. 

To provide a more quantitative description of the effect of Lig1 and Polδ on FEN1 

cleavage, we performed two multiple turnover cleavage experiments. In the first 

experiment, PCNA was loaded from solution by diffusion through the free end of the 3’ 

DNA duplex arm 66 (Figure 5.2.1H). Here, none of the MOF proteins had any 

considerable effect on FEN1 multiple turnover kinetics. In the second experiment, the 

effect of the MOF proteins was tested on FEN1 multiple turnover kinetics in the 

presence of trapped PCNA (Figure 5.2.1I). RPA and RFC did not affect FEN1 kinetics. On 

the other hand, trapped PCNA presence considerably reduced FEN1 multiple turnover 

cleavage by ~5 folds. Addition of Polδ could not reverse this inhibition, but Lig1 could 

produce an ~3-folds recovery in the apparent multiple turnover rate, in both the 

presence and absence of Polδ. The Lig1-induced recovery can stem from two 
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simultaneous mechanisms. First, Lig1 seals NPs to prevent FEN1 rebinding and gradually 

compete the product inhibition of FEN1. Second, Lig1 may also force FEN1 departure 

from its NP through a specific hand-off mechanism. 

Overall, the experiments presented above indicate a considerable stabilization of 

FEN1 on its NP (Figure 5.2.1). While the fluorescence experiments show this directly, the 

multiple turnover experiments show this effect through its implications in FEN1 multiple 

turnover kinetics. FEN1 is known to be an enzyme with a relatively high degree of 

product inhibition (kSTO = 21 s-1 versus kcat =1.4 s-1) 53,198. If trapped PCNA could stabilize 

FEN1 on its NP, it is therefore expected that trapped PCNA would also reduce FEN1 

multiple turnover kinetics as NP accumulates. The inability of Polδ to aid in the recovery 

of the reaction shows that Polδ is a relatively weak competitor for FEN1 on the NP. This 

is rather surprising since a processive NT reaction, as the yeast one, would require Polδ 

to be able to efficiently win over the NP. Conversely, Lig1 engages and seals-off the 

generated NPs which prevents FEN1 rebinding to allow it to participate in productive 

multiple turnover cleavage. Varying flap length from 0 to 5 nt had only a minor effect, 

both in the presence and absence of PCNA loaded from solution through the free DNA 

end (Figure 5.2.2C).  

As FEN1 is known to interact with PCNA in solution with moderate affinity (KD = 

70 nM) 195, next we determined the strength of a similar interaction for Polδ and Lig1 

with PCNA in solution through protein-protein EMSA. Polδ1-4 (Figure 5.2.2D) formed a 

complex with PCNA in solution with an overall binding affinity of ~16 nM (Figure 5.2.2E), 
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while Lig1 (Figure 5.2.2F) was slightly weaker with a dissociation constant of ~31 nM 

(Figure 5.2.2G). Therefore, in solution both proteins bind tighter to PCNA than FEN1. 

This observation indicates that the tight binding of FEN1 to its NP must involve DNA 

contacts supplementary to PCNA contacts, as a PCNA contact only model would favor 

Polδ rather than FEN1. Moreover, this sets the tone for a direct kinetic competition 

between Polδ and FEN1, mainly for the DNA rather than for their place on PCNA. 

 

Figure 5.2.1 Sequential engagement of the DNA by the MOF proteins. (A) Schematic 

representation of the DF6,1 substrate and its conformers (C1–C4) as visible through the 
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internal labelling scheme. (B) Examples of emission spectra of the internally labeled 

DF6,1 upon addition of various combinations of MOF proteins. (C) Apparent FRET 

efficiencies of the DF6,1 upon addition of individual MOF proteins in the presence and 

absence of RFC•PCNA. (D) Apparent FRET efficiencies of the internally labeled DF6,1 

upon addition of various combinations MOF proteins in the presence of RFC•PCNA. (E) 

Schematic representation of the DF6,1 substrate and its conformers (C1–C4) as visible 

through the flap labelling scheme. (F) Examples of emission spectra of the flap labeled 

DF6,1 upon addition of FEN1 WT or FEN1 D181A. (G) Apparent FRET efficiencies of the 

flap labeled DF6,1 upon addition of various combinations MOF proteins in the presence 

of RFC•PCNA. (H) Multiple turnover cleavage of DF6,1 by FEN1 in the presence of 

various combinations of MOF proteins. PCNA is loaded from solution through the free 

DNA end by diffusion. Reaction conditions: 1 nM FEN1, 500 nM DNA, 500 nM PCNA, 500 

nM Polδ, 500 nM Lig1, 1 mM ATP, 37 °C, 3 min. (H) Multiple turnover cleavage of DF6,1 

by FEN1 in the presence of various combinations of MOF proteins. PCNA is loaded by 

RFC and trapped on the RPA-blocked DNA substrate. Reaction conditions: 1 nM FEN1, 

500 nM DNA, 600 nM RPA, 500 nM RFC, 500 nM PCNA, 500 nM Polδ, 500 nM Lig1, 1 

mM ATP, 37 °C, 3 min. 
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Figure 5.2.2 Bending and cleavage of DF substrates by FEN1, and solution interaction 

of Lig1 and Polδ with PCNA. Monitoring FEN1 (250 nM FEN1 D181A)-induced bending at 

single-molecule level through (A) the flap labelling scheme and (B) the internal labeling 

scheme. In the absence of FEN1 the substrates are found in a single stable FRET state. 

Upon FEN1 addition a sharp FRET transition is observed. At saturating FEN1 
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concentration the substrates are found in a different stable FRET state. All single-

molecule traces were acquired with a temporal resolution of 160 ms. (C) Multiple 

turnover cleavage of flap substrates with various 5’flap lengths by FEN1 WT (or FEN1 

ΔC) in the presence and absence of PCNA. PCNA is loaded from solution through the 

free DNA end by diffusion. Reaction conditions: 1 nM FEN1, 500 nM DNA, 500 nM PCNA, 

37 °C, 3 min. Protein-protein EMSA for testing the interaction between (D) Polδ and (F) 

Lig1, and PCNA in solution in the absence of DNA. (E) and (G) Quantification of the 

experimental results presented in panels D and F, respectively. 

5.3.2 FEN1 cleavage turnover kinetics in the presence of solution PCNA 

Flap cleavage and release kinetics were monitored at single-molecule level through a 

previously establish cleavage assay 51 that employs the flap labeling scheme (Figure 

5.3.1A). Prior to FEN1 binding, the DNA substrate has a high FRET state of ~0.8. Upon 

FEN1 arrival into the flow cell, FEN1 binds the DF substrate and bends it to an 

intermediate conformer with a FRET of ~0.5. This bent conformer lives for a few frames 

and then FRET is lost as a consequence of 5’flap cleavage and departure together with 

the acceptor. The donor signal persists and increases in intensity post-cleavage. 

Throughout the manuscript, FRET changes are assessed as reliable only when an anti-

corelated change between the donor and acceptor signals generated that particular 

FRET change. The dwell time of the bent conformer was measured both in the presence 

and absence of solution PCNA. FEN1 alone cleaved the flap within ~164 ms (Figure 

5.3.1B), while addition of PCNA increased this dwell time to ~226 ms (Figure 5.3.1C). 

This shows that solution-loaded PCNA does not considerably affect single turnover 

kinetics of flap cleavage and release. 
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Complementary, the internal labeling scheme was used to monitor the kinetics 

up to the substrate unbending point 53 (Figure 5.3.1D). In this labeling scheme the 

substrate has a FRET state of ~0.3 in the absence of protein. Upon FEN1 arrival into the 

flow cell, the DNA is bound and bent to a FRET state of ~0.55. This FRET state 

corresponds to two bent conformers: DF bound by FEN1 during flap cleavage and NP 

bound by FEN1 post flap cleavage 53.  

Following FEN1 dissociation, the NP returns to an unbent conformer with a FRET 

state of ~0.25. The difference between the initial FRET before bending and the final 

FRET after bending represents a guaranty of successful conversion from DF to NP 53. The 

bent conformer lived for ~306 ms in the absence of PCNA (Figure 5.3.1E), while the 

dwell time of the bent conformer increased by ~50% to ~447 ms in the presence of 

solution-loaded PCNA (Figure 5.3.1F). No rebinding of FEN1 to the NP was observed 

after the first catalytic cycle, both in the presence and absence of PCNA. 

It was previously shown that FEN1 does not completely release the substrate 

from the bent NP, but it resides on the linear NP for an additional amount of time 

before complete dissociation 53. Therefore, FEN1 product release is a two-step process. 

To measure the total time spent by FEN1 from the initial engagement of the substrate to 

complete dissociation, we employed a single-molecule protein-induced fluorescence 

enhancement (smPIFE) 36,53. In this experiment the dwell time of the high fluorescence 

state upon protein binding is monitored (Figure 5.3.1G). As PIFE depends on the overall 

structure of the DNA-dye complex and in particular on the relative position of the 
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fluorophore 36, we optimized the PIFE positions for Cy3. In the first position Cy3 was 

placed at position 11 upstream of the 3’junction (Figure 5.3.2A). At this position, both 

the binding of FEN1 alone and the binding of FEN1 with PCNA induced an ~30% PIFE. In 

the second position, Cy3 was placed 13 nt downstream of the 3’junction. Here, FEN1 

binding induced a minor ~4% quenching effect, while the binding of FEN1 with PCNA 

induced ~40% PIFE (Figure 5.3.2B). 

Using the first position we determined that in the absence of PCNA, FEN1 lived 

for ~590 ms on the DNA in total (Figure 5.3.1H). In the presence of PCNA, FEN1 could be 

found on the DNA for ~605 ms in total (Figure 5.3.1I). No rebinding was observed, both 

in the presence and absence of PCNA. The second position reports directly on the total 

dwell time of PCNA on the substrate of ~554 ms (Figure 5.3.2C).  

This set of single-molecule experiments show that solution-loaded PCNA cannot 

considerably affect FEN1 catalytic cycle. Since rebinding is absent in both the presence 

and absence of PCNA, the total dwell times (~590 ms versus ~605 ms; Figure 5.3.1 H,I) 

report directly on the behavior of FEN1 in multiple turnover kinetics and more precisely 

on the kcat. This explains the lack of modulation of FEN1 multiple turnover cleavage by 

solution-loaded PCNA presented in the previous section (Figure 5.2.1H). We do not 

exclude that PCNA can stimulate the initial binding of FEN1 to DF, especially for small 

flap lengths, yet this stimulation would be rather irrelevant as FEN1 alone is a diffusion 

limited enzyme (kon = 1.57x108 M-1s-1) and a perfect enzyme (koff = 0.45 s-1, kcat = 1.4 s-1; 

kcat/KM = 1.19x108 M-1s-1) 51,53. On the other hand, when these single-molecule 
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experiments are combined into kinetic schemes, a first effect of PCNA becomes 

immediately visible. In the absence of PCNA, post-cleavage FEN1 lives on the bent NP 

for an additional ~140 ms, and further on the unbent NP for ~286 ms (Figure 5.3.1J). In 

the presence of PCNA these numbers change to ~221 ms for the bent NP and ~158 ms 

on the unbent NP (Figure 5.3.1K). In other words, PCNA stabilizes the bent NP by ~1.6 

folds, while it destabilizes the unbent NP by ~1.8 folds. From the overall ~3 folds higher 

preference of PCNA•FEN1 for bent NP rather than linear NP it can already be foreseen 

that this effect will become even more dramatic with trapped PCNA. 

The second PIFE position reported directly on the total dwell time of PCNA itself 

on the substrate during its action with FEN1 (Figure 5.3.2C). It is worth mentioning that 

at the PCNA concentration used in this experiment, no PIFE was observed in the absence 

of FEN1 (data not shown). Therefore, we conclude that FEN1 stably recruited PCNA and 

maintained it during PIFE duration, rather than the opposite. PCNA dissociated slightly 

sooner (~554 ms; Figure 5.3.2C) then FEN1 (~605 ms; Figure 5.3.1I), nevertheless due to 

the broadness of the dwell time histograms it is hard to establish the exact dissociation 

mechanism. It is possible that two mechanisms coexist: staged disengagement of the 

PCNA•FEN1 on the DNA with FEN1 remaining bound to the DNA, and simultaneous 

departure of PCNA and FEN1 via PCNA sliding back to solution. Further experiments are 

needed to determine whether PCNA and FEN1 can slide together on the DNA as a 

complex, as shown for PCNA alone 227,228. 
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Figure 5.3.1 PCNA alters the kinetics of FEN1 cleavage steps. Representative single-

molecule cleavage traces of DF6,1 by FEN1 (250 nM) in the absence of PCNA through 

the flap-labeling scheme at 50 ms temporal resolution (A), internal-labeling scheme at 

100 ms temporal resolution (D) and PIFE labeling scheme at 100 ms temporal resolution 

(G). The dwell time of the bent state was quantified from the flap-labeling scheme in the 

absence (B) and presence (C) of PCNA (500 nM) loaded by diffusion from solution 

through the free DNA end. The dwell time of the bent state was quantified from the 

internal-labeling scheme in the absence (E) and presence (F) of PCNA (500 nM) loaded 

by diffusion from solution through the free DNA end. The dwell time of the bound state 
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was quantified from the PIFE-labeling scheme with Cy3 placed at position 11 upstream 

of the 3’junction in the absence (H) and presence (I) of PCNA (500 nM) loaded by 

diffusion from solution through the free DNA end. Based on the quantified dwell times 

the post-binding kinetic schemes of FEN1 catalytic cycle were built in the absence (J) 

and presence (K) of solution-loaded PCNA. 

 

Figure 5.3.2 PCNA lives together with FEN1 during most of its catalytic cycle. (A) 

Fluorescence emission spectra of the PIFE substrate (10 nM) with Cy3 placed at position 

11 upstream of the 3’junction in the presence of FEN1 D181A (250 nM) alone, or FEN1 

D181A (250 nM) and solution-loaded PCNA (500 nM). (B) Fluorescence emission spectra 

of the PIFE substrate (10 nM) with Cy3 placed at position 13 upstream of the 3’junction 

in the presence of FEN1 D181A (250 nM) alone, or FEN1 D181A (250 nM) and solution-

loaded PCNA (500 nM). (C) The dwell time of the PCNA-bound state was quantified from 

the PIFE-labeling scheme with Cy3 placed at position 13 upstream of the 3’junction in 

the presence of PCNA (500 nM) loaded by diffusion from solution through the free end. 
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5.3.3 PCNA dramatically stabilizes FEN1 on its nick product 

PCNA was loaded by RFC and trapped on the duplex region of the DF substrate as 

described in the Materials and methods section. Excess RFC was removed by extensive 

washing and then cleavage experiments were performed using the internal labeling 

scheme as presented in the previous section. As compared to the FEN1 alone and 

solution-loaded PCNA conditions (Figure 5.3.1A), trapped PCNA decisively changed the 

appearance of the single-molecule cleavage traces (Figure 5.4.1A, B). In the presence of 

trapped PCNA, FEN1 engaged the substrate, bent it, but never returned or passed 

through an unbent state throughout the observation time. Since cleavage is not 

impaired by PCNA loading (Figure 5.2.1G) this long-lived bent states must represent 

FEN1 binding to its NP, at least after the initial ~226 ms (Figure 5.3.1C) necessary for 

cleavage. In the absence of PCNA and in the presence of solution-loaded PCNA, FEN1 

bent states did not exceed 1.2 s (Figure 5.3.1F) and the substrate always returned to 

unbent NP (Figure 5.3.1D). For the experiments with trapped PCNA the bent state lived 

up to 30 s (Figure 5.4.1B) without perturbance. In fact, these states may live even 

longer, yet we were limited by the fluorophore photostability, as all such traces 

terminated with a photobleaching event (mostly acceptor photobleaching; Figure 

5.4.1A, B). 

To test the stabilization of FEN1 on its NP by trapped PCNA, we measured its 

dissociation constant through a bulk FRET titration (Figure 5.4.2A). FEN1 D181A was 

used for the titration to prevent FEN1 exonuclease activity. In fact, we will later show 
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that at room temperature and 100 mM KCl FEN1 exonuclease activity is already minimal 

and unlikely to interfere with the assay. Nevertheless, using FEN1 D181A completely 

removes any possible exonucleotic bias. The dissociation constant was determined to be 

~5.3 nM. We mention again that in the absence of PCNA this dissociation constant is 

>580 nM 53. Therefore, trapped PCNA stabilizes FEN1 by >100 folds on its NP. Next, we 

estimated the time needed for FEN1 to dissociate and disengage the DNA through a bulk 

fluorescence recovery experiment. FEN1 was pre-bound to its NP which generates a 

high FRET state (Figure 5.4.2A). After ~10 s, a trap competitor was added in high excess 

to capture dissociated FEN1. The trap competitor is protected from cleavage to prevent 

its catalytic consumption, which could regenerate free FEN1. FEN1 dissociation and 

trapping reduces FRET efficiency and therefore increase the donor fluorescence 

emission. FEN1 dissociated within ~1.8 s (Figure 5.4.2C), or equivalently with the 

dissociation rate koff = 0.56 s-1. The association rate can be estimated as kon = koff / KD = 

1.1x108 M-1s-1, which is at the diffusion limit. 

In the absence of PCNA the dissociation rate of FEN1 from its NP could not be 

measured directly using the temporal resolution of our single-molecule setup 53 or by 

using the currently described bulk fluorescence recovery assay (Figure 5.4.2C; data not 

shown). Nevertheless, this value can be estimated indirectly from the data presented in 

53 for the NP and for a 1 nt unpaired product, at 100 mM KCl as following. Since 3’flap 

pulling occurs post FEN1 binding, bending and 5’flap threading 51, we assume that the 

association rate of FEN1 to the two products is nearly identical. Indeed, this was 
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previously validated in 53 at lower ionic strength conditions. FEN1 binds the 1 nt 

unpaired product (UP) with a dissociation constant KD-UP = 173 nM and a dissociation 

rate koff-UP = 7.25 s-1. As mentioned above FEN1 binds the NP with an affinity constant KD-

NP = 580 nM. Finally, under the assumption of similar association rates, the dissociation 

from NP in the absence of PCNA at 100 mM KCl can be estimated as koff-NP = koff-UP * KD-NP 

/ KD-UP = 24.3 s-1. This corresponds to a dissociation time of ~41.2 ms. This value is below 

our temporal resolution of 50 ms. By comparing this dissociation time with the one 

currently observed in the presence of trapped PCNA (~1800 ms; Figure 5.4.2C), it follows 

immediately that trapped PCNA stabilizes FEN1 on its NP by an impressive ~44-folds 

decrease in its dissociation rate and an additional ~2.5-folds increase in its association 

rate. 

It can be argued that the hyper-stabilization of FEN1 on the NP is experimentally 

biased by the usage of short substrates that do not allow for long-range PCNA diffusion. 

In vivo, the length of OF is ~200 bp and PCNA can rapidly diffuse on dsDNA with a 

diffusion coefficient of ~1 µm2/s 227,228. We consider that the usage of short substrates 

does not significantly affect our conclusions based on two arguments. First, the extreme 

stabilization by PCNA is mostly due to a dramatically decreased dissociation rate rather 

than a highly increased association rate. Dissociation rates are generated as a 

consequence of highly specific protein-protein and protein-DNA interactions. Therefore, 

at least in the first cycle of FEN1 binding, cleavage, and dissociation, the presented 

stabilization is highly relevant. Second, we consider the effect of PCNA encounter with 
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FEN1 in the subsequent cycles of FEN1 binding to the NP. With an average length of 200 

bp and 3.4 nm/10 bp the average length of an OF is ~0.068 µm. Through its fast 

diffusion PCNA scans the length of an OF in ~4.6 ms. As indicated above, FEN1 

dissociates from its NP in the absence of PCNA in ~41.2 ms. Therefore, even if PCNA is 

allowed to diffuse on the upstream OF, during the dwell time of FEN1 on its NP, PCNA 

and FEN1 have ~9 chances to collide and to form the stabilized complex. These two 

arguments show that neither the association nor the dissociation of the complex are 

highly affected by the usage of short substrates. 

Next, we performed a similar investigation for the stability of Polδ on NP. In the 

absence of trapped PCNA (Figure 5.4.1D) or even in the presence of solution-loaded 

PCNA (data not shown), Polδ did not induced any considerable FRET change in the NP. 

This does not eliminate the possibility of binding, but it clearly shows that no major 

conformational change occurs in the DNA. Conversely, when PCNA was trapped (Figure 

5.4.1E) a large percentage of the single-molecule traces (~66%; Figure 5.4.2G) shown an 

abrupt FRET increase, and we attributed them to the assembly of the Polδ holoenzyme. 

The limited assembly efficiency of human Polδ holoenzyme was previously reported at a 

similar level in 193. Nevertheless, we cannot exclude that this limited efficiency is a result 

of experimental bias rather than an intrinsic property. Usage of ΔN-RFC rather than full-

length RFC, extensive washing steps, particle inhomogeneity and PCNA dissociation into 

its component subunits at low concentration are some of the factors that can introduce 

experimental bias. While these experimental factors are difficult to test individually, the 
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assembly efficiency and trace appearance always remain consistent in our experiments 

(Figure 5.4.1E). Stable Polδ bending in any single-molecule trace is from here onwards 

associated with single-molecule particles that contained trapped PCNA. Thus, PCNA may 

be required to act as an anchoring point for Polδ to completely engage and bent the 

DNA, similar to a cantilever mechanism. 

To devise an experiment that can access Polδ binding kinetics for a variety of 

substrates, we turned our attention to the fluorescence quenching induced in nearby 

fluorophores by proteins that contain iron-sulfur clusters (FeSQ) 29,30. Aided by the cryo-

EM structure of the processive human Polδ holoenzyme 159 (Figures 5.1.3A, B), we 

estimated that placing Cy3 at position 4 upstream of the 3’junction would offer an ~34.2 

Å distance between Cy3 and the Polδ1 4Fe4S iron-sulfur cluster, which should support 

FeSQ. Upon titrating Polδ to a PCNA-loaded (trapped) NP labeled with Cy3 at position 4, 

a gradual decrease in Cy3 emission intensity was observed (Figure 5.4.2D). This 

methodology was used to obtain the dissociation constants of Polδ for a 2 nt gap, a NP 

and a DF6,1 substrate (Figure 5.4.2E). For the 2 nt gap, Polδ had an affinity of ~5.4 nM, 

highly similar with the value previously established for the P/T junction 191. As the gap 

turned into a nick, the affinity decreased by ~5 folds to ~25.9 nM. This value is of a 

particular interest for the direct competition between Polδ and FEN1. Upon increasing 

the 5’flap length to 6 nt, the affinity further decreased to ~50.4 nM. This data suggests, 

that at least kinetically, Polδ senses the 5’block and that as Polδ approaches it and 

enters SD mode its affinity for the DNA decreases gradually. It could be expected that 
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dynamically in SD catalysis these differences may become even larger since Polδ would 

require additional power stroke to push against the nascent 5’flap. 

Polδ dissociation rates were measured through a similar bulk-fluorescence 

recovery experiment (Figure 5.4.2F) as described above for FEN1. In this experiments 

Cy3 fluorescence emission intensity is recovered as a consequence of eliminating FeSQ 

(Figure 5.4.2D) upon protein dissociation. For a P/T junction, human Polδ dissociated in 

~6.3 s 193. In our experiments, Polδ dissociated from the 2 nt gap within ~3.5 s, while this 

value further decreased for the NP to ~1.1 s. Together with the affinity constant and the 

Polδ polymerization rate, we can now proceed to discuss a kinetic competition between 

FEN1 and Polδ on the NP. First, we obtain the association rate of Polδ to PCNA-loaded 

NP as kon = koff / KD = 0.35x108 M-1s-1. 

Human Polδ1-4 and yeast Polδ were shown to have similar polymerization rate 

and to differ only in the dissociation rates 193. Therefore, for the current discussion we 

assume that the polymerization rates in SD mode are similar for human and yeast 

holoenzymes. Using a non-branched kinetic scheme, in 211 the authors clearly resolved 

the rates of the incorporation of the first 3 nt in SD mode. These rates were found as 

10.9, 1.82 and 0.32 s-1 for the insertion of the first, second and third nt in SD mode, 

respectively. This gradual decrease represents the dynamic effect of the nascent 5’flap 

acting as a molecular brake against Polδ SD. Eq. (5.9) allows to predict a pointwise 

probability of insertion (processivity coefficient) based on the polymerization and 

dissociation rates at each insertion point, under conditions that do not allow 
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polymerase rebinding (trapping). For human Polδ we consider a dissociation rate of ~0.9 

s-1 as the inverse of the dissociation time from a NP (Figure 5.4.2F). Combining this value 

with the SD rates presented above, yields probabilities of insertion of 92.4%, 66.9%, 

26.2% for the first 3 SD nt in this order. A similar analysis, for the yeast Polδ 

holoenzyme, which includes an ~45-folds (211 versus 217) slower dissociation constant, 

yields probabilities of insertion of 99.8%, 98.9% and 94.1% for the first 3 nt in this order. 

This analysis makes the differences between the human and yeast Polδ holoenzymes 

immediately visible in SD mode. Further, these microscopic probabilities of insertion can 

be converted to macroscopic survival probability and further to macroscopic average of 

processive nt. Using Eq. (5.24), the survival probabilities of the 1, 2 and 3 nt SD products 

can be calculated and give 92.4%, 61.8% and 16.2% for the human holoenzyme, and 

99.8%, 98.7% and 92.9% for the yeast system. Therefore, while 92.9% of yeast Polδ 

holoenzymes would incorporate 3 nt in a processive manner, only 16.2% of human Polδ 

holoenzymes would reach to this point. Additionally, using Eq. (5.27), pointwise 

probabilities of insertion can be transformed into an average macroscopic number of nt 

that could maximally be inserted after each step in a processive manner. At the point of 

insertion of the third nt, the analysis predicts that the yeast holoenzyme can still insert 

<37.9 nt, while the human system can only insert an additional <1.7 nt. Taken together, 

the results of this kinetic-dynamic analysis predict a processivity of <5 nt for the human 

Polδ holoenzyme in SD mode. 
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Figure 5.4.1 PCNA stabilizes FEN1 and Polδ on the nick product. (A) and (B) 

Representative single-molecule cleavage traces of DF6,1 by FEN1 (250 nM) in the 

presence of pre-loaded and trapped PCNA through the internal-labeling scheme at 50 

ms temporal resolution. The first phase (yellow background) represents the low FRET 

state prior to FEN1 arrival and binding. The second phase (blue background) represents 

the stable high FRET state induced by FEN1 binding, even after cleavage (<5 frames) 
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must have occurred. The third phase (pink background) corresponds to acceptor 

photobleaching. (C) Schematic representation of the cascade of events that leads to the 

stable bent state of the NP in the presence of FEN1 and trapped PCNA. Representative 

single-molecule binding traces of DF6,1 by Polδ (250 nM) in the absence (D) and 

presence (E) of pre-loaded and trapped PCNA through the internal-labeling scheme at 

50 ms temporal resolution. Only in the presence of trapped PCNA, Polδ induces a FRET 

transition from a low FRET phase (yellow background) to a higher FRET phase (blue 

background). (F) Schematic representation of the cascade of events that leads to the 

stable bent state of the flap substrate in the presence of Polδ and trapped PCNA. A 

heterogeneity is observed among traces where Polδ is able to engage only ~66% of the 

single-molecule particles and this efficiency is attributed to a heterogeneity in PCNA 

loading and retention efficiency. 
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Figure 5.4.2 FEN1 and Polδ binding kinetics to the nick product in the presence of 

trapped PCNA. (A) Fluorescence emission spectra of internally-labeled NP (10 nM) in 

the presence of trapped PCNA (100 nM) at various concentrations of FEN1 D181A. PCNA 

is loaded by RFC (100 nM) and trapped on the RPA (50 nM)-blocked DNA substrate. (B) 

Quantification of the data presented in panel A. (C) Fluorescence recovery of the Cy3 

donor presented in panel A, upon addition of a large excess of FEN1 DNA trap (5 µM of 

unlabeled phosphotiolated DF6,1 NEQ). (D) Fluorescence emission spectra of NP (10 

nM), containing Cy3 at position 4 upstream of the 3’junction in the presence of trapped 

PCNA (100 nM) at various concentrations of Polδ. PCNA is loaded by RFC (100 nM) and 

trapped on the RPA (50 nM)-blocked DNA substrate. (E) Quantification of the data 

presented in panel D and of similar experiments in which the NP was replaced with 

either a 2 nt gap or DF6,1. (F) Fluorescence recovery of the Cy3 donor presented in 
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panel D, upon addition of a large excess of Polδ chemical trap (20 ng/µL of Heparin) for 

the nick and 2 nt gap substrates. (G) Bar chart showing the efficiency of Polδ 

holoenzyme assembly on DF6,1 in the presence of trapped PCNA as deduced from a 

typical single-molecule field of view. PCNA presence is assessed based on the property 

of Polδ to induce a FRET change on DF6,1 only in the presence of trapped PCNA. 

5.3.4 A direct competition between FEN1 and Polδ inhibits the human NT 

reaction 

In the previous sections, we have established that in the presence of trapped PCNA, 

FEN1 engages the DNA with an association rate kon-NP-FEN1 = 1.1x108 M-1s-1, while Polδ 

engages the DNA with an ~3-folds slower association rate kon-NP-Polδ = 0.35x108 M-1s-1. 

Similar to Eq. (5.9), we can define a probability of Polδ to engage the NP in competition 

with FEN1. Since the PCNA•Polδ•Fen1 toolbelt complex has a 1:1:1 stoichiometry 159 

(Figures 5.1.3C, D) at concentrations that saturate toolbelt formation, the probability of 

Polδ to win the internal competition for the NP can be estimated as PPolδ-NP = kon-NP-Polδ / 

(kon-NP-Polδ + kon-NP-FEN1) = 24.1%. If FEN1 would be absent, this probability would be 100%, 

since only Polδ could re-engage the NP. This simple analysis does not account for steric 

effects, active hand-off mechanisms or rate-limiting conformational changes that may 

take place in the system. Nevertheless, if such mechanisms are absent or non-limiting 

this analysis predicts that FEN1 should limit considerably the toolbelt processivity after 

the first cleavage cycle and generation of a NP. The probability of Polδ to insert 1 nt in 

the event of wining the NP was estimated in the previous section as  P1 nt SD = 92.4%. 
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Finally, this simple model predicts that the combined probability of Polδ to win a NP 

over FEN1 and then to insert 1 nt is PPolδ-NP * P1 nt SD = 22.3%.  

Based on this value two predictions can be made. First, if active hand-off 

mechanisms are absent within the human PCNA•Polδ•Fen1 toolbelt complex, the NT 

reaction should exhibit only limited efficiency due to the dominating engagement of the 

NP by FEN1. Second, this kinetic probability allows to predict a minimal dynamic rate for 

the human NT reaction under toolbelt saturation conditions. The total probability 

presented above translates, by ergodicity (assuming that DNA mechanical bending-

unbending 51,53 and 3’flap re-equilibration 211 are not rate-limiting), into the statement 

that only 1 in 5 attempts in DNA engagement results in Polδ wining the NP and inserting 

1 nt. The other 4 attempts are won by FEN1 and are mostly unproductive (since DNA is 

already NP), simply resulting in a delayed dissociation, even in exonuclease mode (kexo-

NP-FEN1 = 0.03  s-1 << koff-NP-FEN1 = 0.56 s-1; Figure 5.4.2C versus 5.8.1B). Without an active 

hand-off to Polδ the 4 unproductive FEN1 binding events would block the substrate for 

~7.2 s. Thus, for each generated NP, Polδ would have to wait on average >7.2 s to be 

able to engage the product and insert one additional nt. Unless additional mechanisms 

are present, this estimation sets the fastest possible rate of human NT to 7.2 s/nt for the 

kinetic competition, plus ~0.6 s for FEN1 catalytic cycle (Figure 5.3.1I), plus ~0.1 s for 

Polδ 1 nt SD which yields a total of >8 s/nt. 

To observe the hand-off between Polδ and FEN1 on the flap substrate, Polδ was 

pre-bound to the substrate in the absence of dNTPs. Polδ induces a FRET increase only 
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in the traces that correspond to single-molecule particles that contain trapped PCNA 

(Figure 5.4.1DF). The FRET state of the bent DNA bound by Polδ is ~0.5 (Figure 5.4.1E). 

Therefore, for the current experiments traces of interest must start with a FRET 

efficiency of ~0.5 (rather than ~0.3 of substrate alone) which represents a guaranty of 

successful loading and trapping of PCNA. At the concentrations of Polδ and FEN1 

present in the assay (250 nM each), both proteins generated single-molecule traces that 

showed exclusively bent states post-binding (Figures 5.4.1A and 5.4.1E). Remarkably, 

only in the presence of both proteins, upon FEN1 arrival, an unbent state can be 

observed in the traces that were initially bound by Polδ (Figure 5.5.1A). Here two 

questions can be asked: what is the nature of this unbent state; and what is the protein 

that is engaged in the bent state after this unbent transition? To address the first 

question, we determined the FRET state of a NP and of a DF in the presence of trapped 

PCNA, after removal of excess RFC. For NP we found the FRET value of ~0.25 (Figure 

5.5.2A) while the DF had a FRET value of ~0.32 (Figure 5.5.2B). This FRET difference 

between DF and NP has been previously exploited in assessing successful cleavage 

events through the internal labelling scheme as shown in Figure 5.3.1D and throughout 

the data presented in 53. This unbent FRET state lived for (533 ± 63) ms and appeared 

uniformly in all single-molecule traces pre-bound by Polδ. From an association rate 

perspective this unbent state is rather peculiar, since at the given protein 

concentrations at least one of the proteins should have bent the DNA within a single 

frame (50 ms). Comparing the mean FRET efficiency of this unbent state with the FRET 

efficiencies of the DF and NP shows that it is ~3-folds more probable for this conformer 



240 
 

to represent an un-cleaved linear DF (Figure 5.5.2C). To answer the second question, we 

compared the long-lasting FRET state that occurs after the unbent conformer with the 

FRET efficiencies of FEN1-bound and Polδ-bound DF and NP (Figure 5.5.1B). In the 

presence of trapped PCNA, FEN1 bents the DF and NP to similar FRET efficiencies of 

>0.55. On the other hand, Polδ bents the DF to a FRET efficiency ~0.45 and the NP to a 

FRET efficiency of ~0.4. After the unbent state, the FRET efficiency did not drop beyond 

noise level to <0.5. Therefore, we conclude that the long-lived >0.5 FRET state must be 

associated with FEN1. Since Polδ presence does not inhibit FEN1 cleavage (Figure 5.2.1), 

flap cleavage must have also happened during this state. We propose that the unbent 

state that is specific to the exclusive presence of both proteins, represents a unique 

conformer in which both proteins are engaged in the toolbelt, yet they block each other 

from fully engaging the DNA. Since the dwell time of this unbent state (~530 ms) is 

shorter than Polδ dissociation time (<1100 ms; Figure 5.4.2F), we suggest that the 

unbent state corresponds to a linear conformer in which Polδ is still partially engaged on 

the 3’ arm of the DF junction, while FEN1 tries to access the DNA but it has first to wait 

for complete Polδ dissociation. It is possible that FEN1 tries to engage the DNA from the 

5’arm of the DF junction. The considerable dwell time of this unbent state as compared 

with the diffusion-limited association kinetics of FEN1, strongly suggests that active 

hand-off mechanisms from Polδ to FEN1 are absent or inefficient. Additionally, when 

the same experiment was repeated in the presence of 5-folds molar excess of Polδ to 

FEN1, the appearance of the single-molecule traces remained identical (data not 

shown). The intention of these experiments was to investigate if excess Polδ could 
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release the NP from FEN1 and therefore destabilize the long-lived high FRET state that 

follows after the unbent conformer. During our observation time (that is considerably 

reduced by photobleaching due to the large protein concentrations) we could not 

observe such a destabilization regardless of the experimental conditions. In other 

words, active hand-off mechanisms from FEN1 to Polδ must be very weak or absent. The 

dwell time of the unbent state of ~0.5 s, necessary for the DF hand-off from Polδ to 

FEN1 would also be added to the minimum time needed for 1 nt processing in NT, to 

increase its value to >8.5 s/nt. 

Taken together, all the kinetic and dynamic experiments presented, up to this 

point, indicate that the DF is always engaged by FEN1, and surprisingly the NP is also 

won by FEN1 in most cases. As presented and discussed hitherto, FEN1 efficiency in 

winning the NP without strong active hand-off mechanisms predicts a rather inefficient 

human NT reaction, where FEN1 affinity for its NP acts as a limiting factor in NT 

progression. In yeast, a total opposite behavior was observed 211. There, within 2 s, Polδ 

strand displaced ~7 nt, while in the presence of FEN1 NT processed a maximum of more 

than 22 nt. Therefore, in yeast FEN1 presence has a stimulatory effect, while the current 

data predicts an inhibitory effect of FEN1 in the human system. We believe that this 

major difference is not given by a stronger human FEN1, but by a weaker Polδ.  

The effect of FEN1 on processivity can also be discussed from a dissociation rate 

perspective, under conditions that do not allow free Polδ in solution to exist and rebind 

(trapping), similar to the results and discussion presented in the previous section for 
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Polδ SD alone. The discussion assumes loaded and trapped PCNA. Polδ has a 

dissociation time of <1100 ms (Figure 5.4.2F). FEN1 has a catalytic cycle of ~600 ms 

(Figure 5.3.1I) and a dissociation time from NP of ~1800 ms (Figure 5.4.2C). Following an 

exponential survival function, this data immediately shows that during the very first 

catalytic cycle of FEN1 up to ~42% of Polδ may dissociate. If the remaining Polδ fails to 

engage the NP and insert 1 nt, FEN1 will unproductively engage the NP and keep it 

occupied for another 1800 ms. Including one Polδ missed competition event on the NP, 

predicts that up to ~89% of Polδ will dissociate, while two missed events will increase 

this value to ~98% and therefore result in an almost complete termination of the NT 

reaction. With some anticipation, we mention that it is possible for FEN1 presence to 

stabilize Polδ interactions within the PCNA•Polδ•Fen1•NP toolbelt complex. An ~5-folds 

stabilization would reduce the dissociated Polδ percentages ~10% during FEN1 catalysis, 

and ~35%, ~53%, ~66%, ~76% for 1, 2, 3 and 4 missed engagements events.  Therefore, 

even if aided by PCNA•Polδ•Fen1 toolbelt complex architecture, a considerable portion 

of Polδ would dissociate during each engagement (productive or unproductive) of the 

DNA by FEN1, and this would happen for every NP along the way of the NT reaction, 

unless aided by active hand-off mechanisms. In the second part of the manuscript, we 

focus on reconstituting and characterizing the human SD and NT reactions, and 

comparing the findings with the hitherto presented results and predictions. 

Initially, we reconstituted the SD and the NT reaction on PCNA loaded 4 nt gap 

substrates. For these initial reconstitutions we used 25 nM Polδ Exo– and 25 nM FEN1, 
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below their dissociation constant from PCNA in solution (Figure 5.2.2E for Polδ and 195 

for FEN1). The concentrations were intended not to saturate the toolbelt to allow for a 

more dynamic reconstitution. In the absence of FEN1, Polδ strand-displaced 1–4 nt in 5 s 

(Figure 5.5.1C). Increasing the reaction time by 10 folds, increased the maximum 

number of SD nt only to 14 nt, with the most abundant products being 3–4 nt SD. This 

lack of scaling of product length with the reaction time clearly shows that the human SD 

reaction is dictated by processivity and not by rate. Moreover, the lack of processivity is 

even stronger than presented in this experiment, since this experiment did not contain a 

Polδ trap and therefore, allows Polδ rebinding. Addition of FEN1 maintained and even 

strengthened the processivity dictated pattern (Figure 5.5.1D). Comparing Figure 5.5.1D 

(NT) with Figure 5.5.1C (SD), clearly shows a higher retention overtime of the first and 

second nt following the first NP. The retention of the first nt overtime was quantified in 

Figure 5.5.2G. After 50 s, FEN1 increases the abundancy of the 1 nt SD product by ~2 

folds. FEN1 did not affect the reaction yields, which shows that it did not impair Polδ 

holoenzyme assembly and closure of the initial gap (Figure 5.5.2F). One characteristic of 

the reconstituted reactions is the relatively low substrate usage, even in the absence of 

FEN1. To test if this effect is generated by the low Polδ concentration, we titrated Polδ 

(Figure 5.5.2D) and monitored the reaction yields that form within 5 s of SD. Polδ alone 

does not extend the primer on its own in the absence of PCNA, under our experimental 

conditions (Figures 5.5.1C and 5.5.2D). Increasing Polδ concentration did not have a 

major effect on the reaction yield above 25 nM and saturated at ~52% at 250 nM, which 

shows the limited efficiency of Polδ holoenzyme assembly. This was also discussed in 
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the previous sections and it is in agreement with the results presented in 193 for primer 

extension assays. Since a 10-folds increase in Polδ concentration did not considerably 

change the reaction yield (Figure 5.5.2E), we consider that Polδ is not the limiting factor 

for this low yield and other factors (e.g. PCNA loading) must be considered as discussed 

in the previous sections. Nevertheless, the efficiency of assembly of the human enzyme 

is beyond the scope of the current study and it may simply represent an experimental 

bias. 

Using Eq. (5.23), we analyzed the insertion probability of the first 11 nt at long 

time-scale (30, 40 and 50 s; Figure 5.5.1E). We clearly state that these insertion 

probabilities cannot be compared with the values presented in the previous sections, 

since these values are increased in the current experiments by protein rebinding in the 

absence of a trap-competitor. For each nt this probability of insertion assumed that the 

previous nt was already inserted. The data points were relatively similar in the presence 

and the absence of FEN1. A sequence-dependence is also revealed by this analysis. In 

general, the probability of insertion is decreased for C and G nt, probably due to their 

stronger base pairing before SD. The sequence effect on SD and NT reactions was also 

observed for the yeast system 211. Further, using Eq. (5.24), this insertion probabilities 

were converted to product survival probabilities (Figure 5.5.1F). The experimental data 

points were fitted to Eq. (5.28) and gave macroscopic processivities of ~3.9 nt for 

PCNA•Polδ (SD) and ~3.6 nt for PCNA•Polδ•FEN1 (NT). These experiments, clearly show 

a major difference between the human and yeast systems. In human, FEN1 slightly 



245 
 

inhibited the reaction processivity, while in yeast it dramatically increased it 211. FEN1 

inhibition rather than stimulation was also validated and became even more visible at 

37 °C. This condition, which represents the human physiological one, enhances mainly 

Polδ (SD) activity, by aiding the melting of the 5’block which stands in Polδ’s way. 

Additionally, this shows that the limited processivity of SD and NT, while 

macroscopically similar (Figure 5.5.1F), at a microscopic level stem from different 

mechanisms: PCNA•Polδ (SD) is dynamically obstructed by the growth of the nascent 

5’flap over time, while PCNA•Polδ•FEN1 (NT) progression is limited by FEN1 presence. 

To directly obtain the processivity of the SD and NT complexes, we performed 

similar experiments at 37 °C in the presence and absence of a Polδ competitor (Figure 

5.5.2I). For both complexes, the presence of the trap did not affect considerably the 

efficiency of gap closure, yet they considerably reduced processivity beyond the 

formation of the first NP. SD, inserted processively 1–4 nt (81% of total products) and 

only a minority of substrates were extended beyond this length. This processivity in the 

presence of a Polδ trap is in excellent agreement with the predictions of the previous 

sections of <5 nt.  In the presence of FEN1, which holds to the NPs, this processivity is 

also 1–4 nt and the pattern is even slightly more inclined towards lower processivities. 

Using Eqs. (5.23) and (5.24), we determined the survival probabilities of the products in 

which the nick was translated by 1, 2, and 3 nt. Experimentally, we found survival 

probabilities of 86.9%, 43.9% and 21.3% for the first three NT products. In the previous 

sections, we estimated the survival probabilities of the first 3 SD products as: 92.4%, 
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61.8% and 16.2% by using nothing else than kinetic parameters. FEN1 (NT) slightly 

decreases processivity (as compared to SD) suggesting that a minor active hand-off 

mechanism from Polδ to FEN1 may be present, but not vice-versa. Nevertheless,  the 

accuracy of this statement may be affected by a possible effect of the Polδ trap-

competitor on FEN1. Taken together, the data shows that human NT is un-processive, 

being able to translate the nick by a maximum of 4 nt in a single encounter with the 

PCNA•Polδ•FEN1 toolbelt complex.  

Having established this low processivity, next, we turned our attention to NT 

rate. Protein concentrations were increased to 250 nM for both Polδ and FEN1 to 

saturate association with PCNA in the toolbelt complex. We monitored both the 

extension of the primer length (Figure 5.6.1A) and the reduction of the block length 

(Figure 5.6.1B). Rates were determined in the absence of traps and by using Polδ Exo–. 

At each experimental time point, product intensities were integrated between the 1 nt 

product and the top (Figure 5.6.1A) or bottom (Figure 5.6.1B) of the corresponding lane. 

Then the position (Rf value) corresponding to 50% integrated synthesis was obtained. A 

calibration curve (Rf value versus primer length) was initially generated for each gel. The 

position of median synthesis was back-translated into nt by using the calibration curves. 

This method is an adaptation of the median analysis presented in 211. Median primer 

and block lengths were than plotted against reaction time and fitted to linear 

dependencies (Figure 5.6.1C). The experimental data points were highly anticorrelated 

(ρ = -0.981) with a median primer increased rate of ~0.08 nt/s and a median block 
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decrease rate of ~0.10 nt/s. This high anticorrelation shows a tightly coupled process 

between Polδ and FEN1 actions. Nevertheless, it can be seen that the initial two data 

points (≤ 10 s) slightly deviate from the linear dependence by being slightly faster, 

suggesting that the first round of SD may be 1–4 nt processed in a single step and 

distributed according to processivity (Figure 5.5.2I). After this first cycle the reaction 

proceeds slowly, requiring ~10.9 s/nt, even under large excess of protein 

concentrations. In yeast the processive NT reaction required only ~0.2 s/nt 211. 

Therefore, the human NT reaction is ~55-folds slower than its yeast counterpart, even 

under conditions that force processivity by allowing protein rebinding.  

The observed rate is in good agreement with the minimal rate of >8.5 s/nt 

predicted in the previous sections by the kinetic-dynamic analysis. The hypothesis of the 

analysis was based on very weak or completely absent active hand-off mechanisms from 

FEN1 to Polδ. A hand-off mechanism from Polδ to FEN1 may exist (Figures 5.5.1A and 

5.5.2I). Therefore, the reaction is mostly limited by the weak re-engagement of the NP 

by Polδ in the presence of FEN1.  

When Polδ1-4 Exo– was replaced by Polδ1-4 WT, the product distribution pattern 

remained largely similar (Figures 5.6.1A, B and Figure 5.6.2A), yet the reaction yield 

decreased by ~20% (Figure 5.6.2B). On the other hand, replacing Polδ1-4 Exo– by Polδ1-3 

WT reduced the processivity to 1 nt (Figure 5.6.2A) only, and considerably decreased 

the reaction yield (Figure 5.6.2B). This 1 nt processivity should not be confused with the 

yeast NT reaction, which produces 1 nt products. The yeast reaction is processive, while 
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the human NT reaction with Polδ1-3 WT stops exactly after 1 nt, even under conditions 

that allow protein rebinding. Last, we tested the aforementioned tight coupling 

between Polδ and FEN1 within the saturated toolbelt complex by replacing FEN1 WT by 

FEN1 ΔC, a truncated FEN1 version that deletes FEN1 C-terminal tail which contains the 

PCNA interacting residues. This truncation reduces FEN1 activity by only ~2 folds (Figure 

5.2.2C). At the first glance, the primer extension is enhanced when FEN1 ΔC (Figures 

5.6.1A and 5.6.2A, B) is used, yet this is not accompanied by coupled block reduction 

(Figures 5.6.1B and 5.6.2A, B). Therefore, in the absence of an interaction with PCNA, 

FEN1 is incapable to compete with Polδ even as the flap length grows excessively. Taken 

together, the results show that the human NT reaction mechanism is dominated by a 

low processivity of Polδ in SD together with an excessive stabilization of FEN1 by PCNA 

on the NPs. The only mechanism that could rescue the reaction in the form of a strong 

active hand-off of the NP from FEN1 to Polδ seems to be missing. Since each Polδ 

molecule must be reused ~1220–3060 times per S-phase 229,230, it is highly unlikely that 

human NT will proceed beyond the first cycle of ~1-4 nt (Figure 5.5.2I) even at long time 

scales. 

The last experiment in this section was designed to ensure that the assembly of 

the PCNA•Polδ•FEN1 toolbelt complex is saturated by our experimental conditions. A 

flap-labeled substrate, with the acceptor placed at the tip of the 5’flap and the donor 

placed at position 4 upstream of the junction was employed. In the absence of the 

acceptor, the donor undergoes PIFQ upon FEN1 binding and cleavage of the flap, and a 
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further FeSQ upon addition of Polδ. We remind that Polδ cannot take the NP from FEN1 

under the tested conditions (Figure 5.2.1D). Nevertheless, the subsequent FeSQ effect is 

observed showing that the Polδ iron-sulfur cluster comes in proximity of the 

fluorophore and therefore, Polδ is recruited to the toolbelt. In the presence of the 

acceptor, flap cleavage and Polδ association can be visualized simultaneously (Figure 

5.6.1D). To quantify Polδ recruitment into the toolbelt we used a NP with the Cy3 placed 

at position 4 upstream of the junction (Figure 5.6.2D). The nick was loaded with PCNA 

by RCF and FEN1 D181A was pre-bound to form a NP•PCNA•FEN1. FEN1 D181A was 

used to prevent exonuclease activity during the titration. The NP•PCNA•FEN1 complex 

represents the substrate for Polδ titration. Increasing Polδ concentration resulted in 

increasing amplitude of FeSQ. The experimental data points were fitted to a quadratic 

dependence and an apparent dissociation constant of ~4.3 nM was obtained (Figure 

5.6.2D). It is worth noting that the FeSQ amplitude at saturation is lower in the presence 

of FEN1 (Figure 5.6.2D) than in the absence of FEN1 (Figure 5.4.2E), suggesting that the 

Polδ iron-sulfur cluster is positioned further away from Cy3 in the case of the 

PCNA•Polδ•FEN1 toolbelt. This lower FeSQ amplitude is in line with the observation 

that the DNA is engaged by FEN1 rather than Polδ for the majority of the time. From this 

experiment we conclude that our experimental conditions allow for efficient toolbelt 

formation. 
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Figure 5.5.1 The high affinity of FEN1 for its nick product in the presence of PCNA 

impairs Polδ advancement. (A) Representative single-molecule trace showing the hand-
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ff of the flap substrate from Polδ  (250 nM) to FEN1 (250 nM) in the presence of pre-

loaded and trapped PCNA. In the first phase (yellow background) the DNA is bound and 

bent by Polδ. Upon FEN1 arrival, a unique unbent state (blue background) is observed 

before returning to another high FRET state that lasts indefinitely (pink background). 

The experiment was performed by using the internal-labeling scheme at 50 ms temporal 

resolution. Flap cleavage must have occurred in <5 frames. (B) Comparison of the FRET 

efficiencies of NP and DF6,1 substrates (10 nM) in the absence and presence of FEN1 

WT (250 nM), FEN1 D181A (250 nM) or Polδ (250 nM). This FRET efficiencies were 

determined from bulk steady-state  fluorescence measurements in the presence of RPA 

(50 nM)-trapped PCNA (100 nM) loaded by RFC (100 nM). (C)  Strand displacement 

products of a 4 nt gap substrate by Polδ. (D) Nick translation products of a 4 nt gap 

substrate by Polδ and FEN1. Reaction conditions: 10 nM DNA, 40 nM PCNA, 20 nM RFC, 

50 nM RPA, 25 nM Polδ, 25 nM FEN1, 1 mM ATP, 500 µM dNTPs, RT. Protein 

combinations and reaction times are indicated for each lane. (E) Quantification of the 

insertion probabilities of the first 11 nt following gap closure from the data presented in 

panels C and D. Nucleotide insertion probabilities were determined by using Eq. (5.23).  

Each insertion probability represents the average between the 30, 40 and 50 s reaction 

times. (F) Product survival probabilities were estimated from the data presented in 

panel E by using Eq. (5.23). The experimental data points were fitted to single-

exponential survival functions as described by Eq. (5.23). (G) Schematic representation 

of the flap hand-off from Polδ to FEN1 during the NT reaction. 
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Figure 5.5.2 Human strand displacement and nick translation reactions exhibit only 

limited processivity. (A) and (B) Histograms showing the distribution of FRET efficiencies 

of the nick and flap substrates following PCNA loading by RFC and removal of excess 

RFC. (C) A comparison of the mean FRET efficiencies of the unbent state presented in 

Figure 5.5.1A with the mean FRET efficiency of the unbent nick and flap substrates. The 

experimental data points were generated exclusively from single-molecule traces in 

which the unbent state lived for >500 ms. The indicated values represent the sum of 

squared errors between the experimental data points and the FRET states of the flap 

and NP, respectively. (D) Efficiency of Polδ holoenzyme assembly monitored through SD 

yield at 5 s reaction time, as a function of Polδ concentration. Reaction conditions: 10 
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nM DNA, 40 nM PCNA, 20 nM RFC, 50 nM RPA, 1 mM ATP, 500 µM dNTPs, RT. Protein 

combinations and reaction times are indicated for each lane. (E) Quantification of the 

experimental data presented in panel D. The yield is monitored as the efficiency of gap 

closure. (F) Comparison of the efficiency of gap closure in the absence (Figure 5.5.1C) 

and presence (Figure 5.5.1D) of FEN1. The data points were generated from the lanes 

corresponding to 30, 40 and 50 s reaction times. (G) Quantification of the relative 

abundancy of the 1 nt SD product in the absence (Figure 5.5.1C) and presence (Figure 

5.5.1D) of FEN1 over increasing reaction time. (H) Comparison between the product 

distributions of SD and NT reactions at physiological temperature. Reaction conditions: 

10 nM DNA, 40 nM PCNA, 20 nM RFC, 50 nM RPA, 25 nM Polδ, 25 nM FEN1, 1 mM ATP, 

500 µM dNTPs, 37 °C. Reaction times and protein combinations are indicated for each 

lane. (I) Processivities of SD and NT reactions in the presence of a Polδ trap competitor 

(Heparin). Reaction conditions: 10 nM DNA, 40 nM PCNA, 20 nM RFC, 50 nM RPA, 100 

nM Polδ, 100 nM FEN1, 1 mM ATP, 500 µM dNTPs, 20 ng/ µL Heparin, 37 °C, 30 

seconds. Reaction times, protein combinations and trapping conditions are indicated for 

each lane. Tapping conditions are presented in the Materials and methods section. 
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Figure 5.6.1 Human nick translation proceeds inefficiently with a relatively low rate. 

Reconstitution of the human NT reaction under conditions that saturate 

PCNA•Polδ•FEN1 toolbelt complex. The reaction is monitored both through the 

extension of the primer oligonucleotide (A) and through the cleavage of the block 

oligonucleotide (B) at various reaction times. Reaction conditions: 10 nM DNA, 60 nM 

PCNA, 40 nM RFC, 50 nM RPA, 250 nM Polδ, 250 nM FEN1, 1 mM ATP, 500 µM dNTPs, 

RT. Protein combinations and reaction times are indicated for each lane. (C) 

Quantification of the reaction rates presented in panel A and B. Median product 

synthesis length, above the first NP, was determined for each lane (reaction time) as 
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described in the Materials and methods section. The experimental data points were 

plotted against time and fitted to linear dependencies with fixed intercepts (28 nt for 

block length reduction and 33 nt for primer length increase). The slopes of the two 

linear fittings are reported together with the Pearson correlation coefficient between 

these two experimental data sets. (D) Emission spectra of a DF6,1 substrate labeled with 

Cy5 at the tip of the 5’flap and Cy3 at position 4 downstream of the 3’junction in the 

presence of NT proteins. This experiment monitors both flap cleavage by FEN1 (FRET 

and PIFQ) and recruitment of Polδ (FeSQ) to form the PCNA•Polδ•FEN1 toolbelt 

complex. Steady-state conditions: 10 nM DNA, 100 nM PCNA, 100 nM RFC, 50 nM RPA, 

250 nM Polδ, 15 nM FEN1, 1 mM ATP, RT. (E) Schematic representation of the inefficient 

NP hand-off from FEN1 to Polδ during the NT reaction. 

 

Figure 5.6.2 Assembly of the PCNA•Polδ•FEN1 toolbelt complex. Quantification of the 

NT reaction median product lengths (A) and yields (B) from Figure 5.6.1A,B under 

various conditions. The quantification is performed for the reaction products formed in 

50 s and the median length synthesis was determined as described in the Materials and 

methods section. NT reaction were considered only above the length of the first NP. (C) 
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Emission spectra of a DF6,1 substrate labeled with Cy3 at position 4 downstream of the 

3’junction in the presence of NT proteins. This experiment monitors the recruitment of 

Polδ (FeSQ) to form the PCNA•Polδ•FEN1 toolbelt complex. Steady-state conditions: 10 

nM DNA, 100 nM PCNA, 100 nM RFC, 50 nM RPA, 250 nM Polδ, 15 nM FEN1, 1 mM ATP, 

RT. (D) Polδ binding curve based on the experiment presented in panel D. FEN1 (250 

nM) was prebound to PCNA-loaded NP and this complex constitutes the substrate for 

the additional titration of  Polδ. Other component concentrations are as described in 

panel C. 

5.3.5 Lig1 efficiently breaks NT progression on DNA regions 

Having established the behavior of the human NT reaction, we turned our attention to 

the ligation step. While Lig1 can be expected to compete with Polδ on a NP, we found 

an additional unexpected behavior on flap substrates (Figure 5.7.1A). Starting from 1 nt 

gap Polδ bent the DNA substrates with increasing FRET efficiency (and probably junction 

bending angle). This suggests that Polδ adjusts the bound DNA conformation to 

accommodate the 5’block (or flap). Structurally this is consistent with a model in which 

Polδ pushes dynamically against the 5’block and further against the nascent 5’flap. 

Further investigation of this mechanism is beyond the scope of the current study. 

Nevertheless, this high FRET state can be used to monitor the hand-off of the substrate 

from Polδ to Lig1. Remarkably, Lig1 destabilized Polδ and efficiently engaged the DNA 

not only on the NP, but also on all given flap lengths (Figures 5.7.1A and 5.7.2A).  

This kinetic competition between Lig1 and Polδ on flap substrates, while unable 

to generate ligation can be expected to further decrease Polδ processivity in the 
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presence of the Lig1. To test this hypothesis, we monitored SD in the presence of 

increasing concentrations of Lig1 WT or Lig1 ΔN (Figure 5.7.1B). The experiment 

immediately shows that Lig1 WT limits Polδ SD activity, while Lig1 ΔN shows almost no 

effect. Lig1 ΔN has its N-terminus truncated and therefore, its interaction with PCNA in 

solution is removed. Upon quantification, Lig1 WT, at saturating concentration, 

decreased the median size of SD products by ~8 nt (Figure 5.7.1E, top). The substrate 

used in this experiment contained 1 nt unpaired at the 5’ end of the block and did not 

contain a 5’block phosphate group to prevent ligation when Polδ closes the gap.  

Subsequently, we tested the effect of Lig1 on the termination of the NT reaction 

(Figure 5.7.1C). Increasing Lig1 concentration, did not considerably affect the ligation 

yield (Figure 5.7.1E, bottom) with either Lig1 WT or ΔN. Nevertheless, at intermediate 

concentrations, Lig1 WT was slightly more efficient in braking earlier the NT reaction 

(Figure 5.7.1E, middle), yet at high concentrations Lig1 WT and ΔN performed similarly 

well.  

Traditionally, in the case of processive and/or fast NT reactions, Lig1 needs to be 

highly distributive to be able to compete with the ongoing NT reaction. In those systems 

the interaction of Lig1 with PCNA via Lig1 N-terminus is critical to enhance Lig1 

recruitment in a timely manner. In human despite a minor effect (3 nt) of reducing 

processivity, Lig1 ΔN was capable to ligate nearly identical amounts of products as Lig1 

WT. This can be understood as the human NT reaction is already slow (Figure 5.6.1C) 

and un-processive (Figure 5.5.2I) and the NP is bound by FEN1 for considerable fractions 
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of time (Figure 5.5.1A). Lig1 is highly efficient in taking over the NP from FEN1 (Figure 

5.2.1D), both in the presence and absence of Polδ. Therefore, in most cases Lig1 binding 

to the DNA via its DBD domain is enough to win-over the NP and to promote ligation. 

The same effect of Lig1 can be observed also by looking at the block length and ligation 

(Figure 5.7.1D). In this experiment, ligation is easily visualized as the top band. At high 

Lig1 concentrations the processivity of the NT complex before ligation can be easily 

visualized as 1–4 nt. In this case Lig1 recruitment and ligation of the NP simply blocked 

additional cycles of Polδ rebinding.  

Since FEN1 lives around two times longer on the NP than Polδ (Figure 5.4.2C 

versus 5.4.2F) and since the NP is efficiently transferred from FEN1 to Lig1, in the 

presence an absence of Polδ (Figure 5.2.1D), a question of the existence of a 

PCNA•FEN1•Lig1 toolbelt complex arises naturally. This toolbelt may be short-lived 

following immediately after the engagement of the NP by Lig1. To test the formation of 

such toolbelt, we pre-bound Lig1 at high concentration to a PCNA-loaded NP. First, we 

verified that even a 4-folds molar excess of FEN1 could not release the NP from Lig1 

(Figure 5.7.2B). Ligation was blocked by using a dideoxy-C at the 3’ of the NP junction. 

Second, we removed the donor from the NP substrate and pre-bound the Lig1 to PCNA-

loaded and acceptor-labeled NP. The NP•PCNA•Lig1 complex was then used as a 

substrate for donor-labeled FEN1 titration (Figure 5.7.2F). Since donor emission 

increases linearly with FEN1-Cy3 concentration, we could not relay on apparent FRET 

efficiency for the quantification of the results. Instead at each FEN1 concentration, the 
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total emission spectrum was fitted to a linear combination of Cy3 and Alexa647 

individual spectra. The direct excitation of Alexa647 in the absence of FEN1-Cy3 was 

subtracted from the deconvoluted Alexa647 emission at each FEN1-Cy3 concentration. 

The FRET-stimulated increase in Alexa647 emission was plotted against FEN1-Cy3 

concentration and fitted to a quadratic dependence. FEN1 was recruited to form the 

PCNA•Lig1•FEN1 toolbelt complex with an apparent affinity of ~22 nM.  

Given the low rate and processivity of the human NT reaction and the high 

efficiency of FEN1 engagement on flap substrates, it is unclear what would be the merit 

of the PCNA•Lig1•FEN1 toolbelt complex. In most cases, FEN1 will have already cleaved 

the flap and handed-over a ligatable NP to Lig1. Nevertheless, one hypothesis can 

emerge from the presented data. Since FEN1 cannot bind to P/T junctions, and since the 

gap between two adjacent OFs is closed in <2.5 s 193, it is possible that in a fraction of 

cases this gap is closed by a PCNA•Polδ holoenzyme and not by a pre-formed 

PCNA•Polδ•FEN1 toolbelt complex. Since Lig1 can directly take flap substrates from 

Polδ, Lig1 can find itself in the situation where it took prematurely a flap substrate from 

Polδ and since Lig1 is unable to process it, FEN1 recruitment would be need it. More 

generally, FEN1 seems to be ubiquitously present throughout MOF reactions and 

complexes. This may be facilitated by its smaller size which would favor its association 

to PCNA and prevent steric hindrance. Therefore, the PCNA•Lig1•FEN1 toolbelt complex 

may serve as a backup to ensure complete flap removal before ligation. Alternatively, it 

may just represent a transient complex that appears only in the early stages of Lig1 
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recruitment. In this case, Lig1 circularization on the DNA 231 in the closed conformer and 

committing to NP sealing may force FEN1 departure. We also mention that we could not 

identify a PCNA•Polδ•Lig1 toolbelt complex despite various experimental attempts. 

 

Figure 5.7.1 Lig1 competes with Polδ during the nick translation. (A) Apparent FRET 

efficiencies of the internally labeled substrates upon addition of Polδ and Lig1. (B), (C) 
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and (D) Effect of increasing concentration of Lig1 WT or ΔN on the SD and NT reactions. 

For panel B, the DNA substrate is a 4 nt gap containing an unphosphorylated and 

unpaired 5’ nt, while for panels C and D a typical 4 nt gap is used. Reaction conditions: 

10 nM DNA, 60 nM PCNA, 40 nM RFC, 50 nM RPA, 250 nM Polδ, 250 nM FEN1, 1 mM 

ATP, 500 µM dNTPs, RT, 30 seconds. Protein combinations and reaction times are 

indicated for each lane. (E) Quantification of the experimental data presented in panels 

B (top), C (middle) and D (bottom). The top and middle sub-panels were generated using 

the median analysis on each lane for products above and including the first NP. (F) 

Emission spectra of PCNA-loaded Lig1 (500 nM)-bound Alexa647-labeled nick DNA (10 

nM) in the absence and presence of FEN1-Cy3 (15 nM). Excitation wavelength was set to 

530 nm. The nick DNA substrate contained a 3’ ddC to prevent ligation. Steady-state 

fluorescence measurements were performed in the presence of RPA (50 nM)-trapped 

PCNA (100 nM) loaded by RFC (100 nM). Experimental spectra datapoints were fitted 

with a linear combination of Cy3 and Alexa647 spectra and for each FEN1-Cy3 

concentration the coefficients of the linear combination were recorded. 

 

Figure 5.7.2 Lig1 assembles with FNE1 and PCNA into a second toolbelt complex. (A) 

Emission spectra of PCNA-loaded Polδ (250 nM)-bound internally-labeled nick DNA (10 
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nM) in the absence and presence of Lig1 (500 nM). (B) Emission spectra of PCNA-loaded 

Lig1 (500 nM)-bound internally-labeled nick DNA (10 nM) in the absence and presence 

of FEN1 (2000 nM). The nick DNA substrate contained a 3’ ddC to prevent ligation. (C) 

Quantification of the data presented in Figure 5.7.1F. For each FEN1-Cy3 concentration 

the total emission spectra fitted to a linear combination of Cy3 and Alexa647 spectra. 

The increase of the coefficient of the Alexa647 part of the linear spectral combination 

was recorded and plotted against its corresponding FEN1-Cy3 concentration. For all 

panels, steady-state fluorescence measurements were performed in the presence of 

RPA (50 nM)-trapped PCNA (100 nM) loaded by RFC (100 nM). 

5.3.6 Complete reconstitution of human MOF 

The experiments presented hitherto, employed substrates that contained block 

oligonucleotides formed exclusively from dNTPs. In vivo, OFs are initiated by 7–10 RNA 

nucleotides. Thus, our last set of experiments is dedicated to the study of MOF behavior 

on such substrates. 

Lig1 multiple turnover was monitored on substrates containing a full DNA block, 

8 nt RNA at the 5’ of the block, or 1 nt RNA to the 5’ to the NP junction. All substrates 

were phosphorylated at the 5’ of the block to allow ligation (Figure 5.8.1A). The 

substrate containing a full DNA block was efficiently sealed by Lig1, while the substrate 

containing even a single RNA nt showed an almost complete lack of ligation (Figure 

5.8.2B). The initial reduced rate of Lig1 WT on the substrate containing a full DNA block 

was ~0.3 s-1. In other words, Lig1 requires <3 s to seal the NP. Ligation fidelity to 

discriminate 5’ RNA nucleotides is in agreement with the previously reported data from 

single turnover kinetics 231. This fidelity ensures that unless the initiator RNA is 
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completely removed, Lig1 will not commit to ligation. Additionally, it is possible that the 

binding affinity of Lig1 to NP that contain RNA nucleotides 5’ to the NP junction is also 

decreased. 

Polδ SD activity was tested both on the DNA and 8 nt RNA 5’blocks (Figure 

5.8.2C). Without quantification, it can be seen Polδ SD activity was higher on the RNA 

region for all the experimental timepoints. This effect is probably generated by the 

different thermal stabilities of the 5’block oligos in DNA and RNA form, as shown in 211. 

For FEN1, a much more striking observation emerged from comparing its 

nuclease activity on DNA and 8 nt RNA 5’blocks (Figure 5.8.1B). An exonuclease activity 

was independent of PCNA presence. In stark contrast, an endonuclease activity could be 

observed on the 8 nt RNA 5’block. This endonuclease activity overlapped temporarily 

with the exonuclease activity and delivered a precise cut at the RNA-DNA junction 

within the 5’block. A variety of controls were performed to verify the possibility of a 

nuclease contamination, yet the results show that this endonuclease cleavage activity is 

specific to FEN1. Moreover, this activity required the presence of PCNA, since FEN1 is 

unstable on substrates that do not contain a 3’ duplex, or even a 3’ equilibrating or 

unpaired nucleotide 51.  Since a medium-length flap must be first threaded by FEN1 to 

commit to cleavage 51, the 8 nt RNA region of the 5’block must have existed in an 

unannealed form at least for a fraction of time within the timescale of FEN1 

endonuclease cleavage (~59 s; Figure 5.8.2.D). In vivo, MOF conditions would prevent 

PCNA from providing FEN1 stabilization that is required for this endonuclease activity. 
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Thus, the observed endonuclease activity may be an experimental artefact due to the 

small length of the gap in the substrate (5 nt). Nevertheless, this observation opens a 

possibility that will be further discussed below. 

Our final MOF reconstitution employed exclusively the WT proteins. All proteins 

were used at high concentration (250 nM) to saturate the formation of the two toolbelt 

complexes (Figure 5.8.1C). Two processes seem to coexist with similar timescales: a NT 

reaction starting from the 5’ end of the RNA block, and a direct cleavage of the RNA 

region by FEN1. To monitor directly MOF product formation, without the interference of 

the intermediate products, we quantified the amount of ligated product over-time 

(Figure 5.8.1D). For a 5’block containing 8 nt RNA, MOF required ~87.4 s. Since ligation 

does not occur prematurely on the RNA region, it means that the RNA part must have 

been completely removed before ligation. The ligation step itself takes less than 3 s 

(Figure 5.8.2B) and therefore, the remaining time must be associated with RNA removal. 

NT required ~10.9 s/nt (previous sections) and thus, ~87.2 s for an 8 nt RNA removal. 

With the ligation step being nonlimiting, the rate of MOF is in excellent agreement with 

the rate of NT. On the other hand, FEN1 endonuclease activity also occurs at a similar 

timescale (Figure 5.8.2D), which makes the deconvolution of the two processes rather 

difficult. 

Taken together, the results of the reconstitution of the complete human MOF 

reaction show that MOF proceeds at a relatively slow rate, even under conditions that 

saturate protein binding and rebinding steps. The different behaviors between RNA and 
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DNA 5’blocks can be attributed to the different thermal stabilities of the two substrates 

(Figure 5.8.1E). Nevertheless, it was shown in 211 that this RNA versus DNA stability is 

not an intrinsic property, but a sequence-dependent one. 

Finally, encouraged by the observed endonuclease activity of FEN1 on the 8 nt 

RNA substrate, we hypothesized that FEN1 may work together with Polα-Prim in the 

initial stages of OF initiation to remove the RNA primer shortly after its completion. An 

interaction of FEN1 with Polα-Prim might be able to confer FEN1 the stabilization that 

PCNA did under our short gap conditions. Such an interaction was previously described 

for the yeast system, where Polα-Prim and FEN1 formed a very tight complex that 

survived chromatographic steps and stimulated FEN1 5’ nuclease activity 232. A 

preliminary test of this hypothesis was performed by monitoring the increase in steady-

state fluorescence anisotropy of Cy3-labeled FEN1 upon titration of Polα-Prim (Figure 

5.8.1F). Indeed, FEN1 and Polα-Prim formed a tight complex (KD = 3.3 nM).  

Further biochemical characterization of the activity of human Polα-Prim•FEN1 is 

required, yet this tight interaction points towards an additional RNA pre-removal 

mechanism; along with RNases and other nucleases (e.g. Exo1). The human MOF system 

would highly benefit from such additional mechanisms, due to the low rate and 

processivity of its NT reaction (Figure 5.9). This pre-removal of the RNA flap would also 

deepen an evolutionary question: If the initiator RNA is removed immediately after its 

completion, why is it there at all? On the other hand, recent in vivo data shows that Polδ 

localized for extended periods of time, up to tens of seconds, at certain replication foci 
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that were associated with MOF activity 233. Therefore, it is also possible that at least in a 

fraction of OFs, the RNA pre-removal mechanisms are not engaged and MOF may 

actually proceed slowly and inefficiently, as described in the current study. 

 

Figure 5.8.1 Reconstitution of the complete MOF machinery. (A) Multiple turnover 

ligation of nick substrates containing a complete DNA block, 8 nt RNA to the 5’ of the 
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nick junction or 1 nt RNA to 5’ of the nick junction. Reaction conditions: 500 nM DNA, 1 

nM Lig1, 1 mM ATP, 37 °C. The reaction time is indicated for each lane. (B) Multiple 

turnover cleavage of a 4 nt gap substrate (500 nM) by FEN1 (1 nM). Reaction conditions: 

500 nM DNA, 1 nM FEN1, 37 °C. The reaction time is indicated for each lane. 

Experiments were performed in the presence of trapped PCNA (500 nM) loaded by RFC 

(500 nM). The substrates contained either a complete DNA block or 8 nt RNA to the 5’ of 

the block oligonucleotide. (C) Reaction products of the complete reconstituted human 

MOF reaction. The reaction is monitored through the formation of the ligated product 

at the very top of each lane. Reaction conditions: 10 nM DNA, 60 nM PCNA, 40 nM RFC, 

50 nM RPA, 250 nM Polδ WT, 250 nM FEN1, 250 nM Lig1, 1 mM ATP, 500 µM dNTPs, 37 

°C. Protein combinations and reaction times are indicated for each lane. (D) 

Quantification of the yield of the ligated MOF product from panel C over-time. The 

experimental datapoints were fitted to a single exponential burst equation. (E) Thermal 

stability of the first 4 nt of the annealed block oligonucleotide (DNA versus RNA) of the 

gap substates used for SD and NT. The free energy values are presented as in 211. (F) 

Fluorescence anisotropy increase of FEN1-Cy3 (10 nM) upon titration of Polα-Prim. 

FEN1-Cy3 had a baseline fluorescence anisotropy value at RT of 0.21. The instrument G-

factor was 0.613. Excitation wavelength was set to 530 nm. 
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Figure 5.8.2 Lig1 efficiently discriminates between RNA and DNA to prevent 

premature ligation. (A) Multiple turnover ligation of a nick substrate containing a 

complete DNA block by Lig1 ΔN. Reaction conditions: 500 nM DNA, 1 nM Lig1 ΔN, 1 mM 

ATP, 37 °C. The reaction time is indicated for each lane. (B) Quantification of the ligation 

yields of the reactions presented panel A and in Figure 5.8.1A. For Lig1 WT the initial 

reaction rate was estimated as the slope of a linear fit of the first three experimental 

datapoints. (C) Strand displacement reactions of 4 nt gap substrates containing a 

complete DNA block or 8 nt RNA to the 5’ of the block oligonucleotide. Reaction 

conditions: 10 nM DNA, 60 nM PCNA, 40 nM RFC, 50 nM RPA, 250 nM Polδ, 1 mM ATP, 

500 µM dNTPs, 37 °C. Protein combinations and reaction times are indicated for each 

lane. (D) Quantification of the endonuclease RNA cleavage presented in the bottom sub-

panel of Figure 5.8.2B. The experimental datapoints were fitted to a single exponential 

burst equation. 
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Figure 5.9 Different pathways for the removal of the initiator RNA during MOF. All the 

proteins are indicated in the inset legend. Further experiments are required to examine 

the RNase/Exo1 and the Polα-Prim/FEN1 pathways, yet it is clear that such additional 

pathways would greatly benefit the human system, where the NT pathway is relatively 

slow and unprocessive. 
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5.4 Materials and methods 

5.4.1 Protein expression, purification and labeling 

All the human proteins and their mutants used in the current study were expressed and 

purified identically as previously described for the WT variants. Human FEN1 WT (amino 

acids: 2−380), FEN1 D181A, FEN1 ΔC (deletion of the last 20 C-terminal amino acids from 

FEN1), and FEN1 S203C were expressed in E. coli and purified using the SUMO system as 

described in 36,51. N-terminally His-tagged PCNA WT and PCNA N107C were expressed in 

E. coli and purified as described in 174,175. Tag-free Lig1 WT was expressed in E. coli and 

purified in 234. Lig1 ΔN (deletion of the first 118 N-terminal amino acids from Lig1) was 

expressed as a SUMO fusion in E. coli and purified as described in 36,51 for SUMO fusions. 

Polδ1-4 WT, Polδ1-4 Exo– (D520V in Polδ1), and Polδ1-3 WT were expressed in Sf9 insect 

cells and purified identically as previously for Polδ1-4 WT in 159. His-tagged RPA and ΔN-

RFC (deletion of the first 550 N-terminal amino acids from RFC1) were expressed in E. 

coli and purified identically as described in 159. Polα-Prim was purified based on the 

protocol presented in 235. With the exception of Polδ, throughout the manuscript, unless 

otherwise specified for all proteins refer to their WT version. For Polδ, unless otherwise 

specified Polδ refers to Polδ1-4 Exo–. For simplicity, ΔN-RFC is simply referred to as RFC. 

FEN1 S203C was labeled with Cy3 maleimide (GE Healthcare) to a final 

stoichiometry of 1:1 Cy3 to FEN1. PCNA N107C was labeled with Cy5 maleimide (GE 

Healthcare) to a final stoichiometry of 2.7:1 Cy5 to PCNA trimer. For both labeled 
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proteins, the chemical labeling reactions and free-dye removal steps were carried-out 

identically as described in 228. 

5.4.2 DNA and RNA oligo nucleotides and substrates 

All oligo nucleotides were purchased from integrated DNA technologies (IDT). All the 

oligo nucleotides were HPLC-purified by the manufacturer. All the oligo nucleotides 

used for generating RNA containing substrates were purified by the manufacturer using 

the RNase-free HPLC purification. 

Substrates were annealed by mixing their component oligo nucleotides at 

specific ratios in a buffer containing 50 mM TRIS pH 8.0, 10 mM EDTA and 100 mM NaCl 

(TE 100); then heated at 95 °C for 5 min followed slow cooling to room temperature in a 

thermocycler. The oligo nucleotide mixing ratios for each substrate are indicated in 

Figure 5.1.2. Throughout the manuscript substrates are numbered according to the 

codes presented in Figure 5.1.2. All the substrates were purified on 10% non-denaturing 

TBE-PAGE gels and recovered from gel by the crush and soak method in TE 100 for 30 

min at 16 °C and vigorous shaking. Substrates used in the experiments presented in the 

current manuscript exhibited >80% purity. For the bulk experiments  that used blocked 

biotinylated substrates a 2.5X molar excess of tetrameric NeutrAvidin (GE Healthcare) 

was added to the substrates and incubated for 5 min prior to the experiments. 
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5.4.3 Single-molecule imaging and analysis 

Glass coverslip were functionalized by 1:100 molar ratio of biotinylated PEG to mPEG 236. 

The coverslips were used for building a flow cell with one inlet and one outlet tubbing as 

previously described 36,51,53,236. Before each experiment 0.2 mg/ml NeutrAvidin were 

injected into the flow cells and incubated for 10 min. Excess NeutrAvidin was removed 

by extensive washing with reaction buffer. The reaction buffer used in all the 

experiments presented in the current work contained 50 mM HEPES-KOH pH 7.5, 5% 

(v/v) Glycerol, 1mM Dithiothreitol (DTT), 0.1 mg/ml bovine serum albumin (BSA), 100 

mM KCl and 10 mM MgCl2. The reaction buffer was adjusted to a final pH of 7.5 after 

the addition of all components by KOH. Biotinylated DNA substrates were diluted from 

the -20 °C aliquoted stocks to a final concentration of ~200 pM in reaction buffer. The 

diluted substrate solutions were filtered through syringe filters with 0.2 µm pore size 

and then injected into the flow cell until an optimal coverage of ~200 molecules/field of 

view was achieved. Unbound excess substrate was removed by extensive washing with 

reaction buffer. 

To aid fluorophore photostability for imaging, reaction buffer was supplemented 

with an oxygen scavenger system (OSS) and a reduction-oxidation triplet-state inhibitor 

system (ROXS). OSS 73 was composed of 6 mM proto-catechuic acid (PCA) and 60 nM 

proto-catechuate-3,4-dioxygenase (PCD). PCD enzyme was custom-purified identically 

as described in 36. The OSS system enzymatically eliminates oxygen from the imaging 

buffer to prevent fluorophore photo-bleaching. The ROXS system contained 2 mM 
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Trolox/Trolox-Quinone (~80% TX and ~20% TQ mixture obtained through slow ageing at 

4 °C 237). ROXS is intended to minimize fluorophore photo-blinking. Both, the OSS and 

ROXS component concentrations represent the final concentrations used in the imaging 

buffer. 

TIRF-based FRET imaging was performed using a costumed build set-up 

described previously 74,236. Movies were acquired using continuous excitations (CW) by a 

green laser, at a temporal resolution of 50, 100 or 200 ms as indicated for each 

experiment. A transformation matrix fille was generated by imagining fluorescent beads 

as previously described to aid particle linking between the green and red emission 

channels 236. All movies were analyzed using the twotone software as previously 

described 36,51,53,236. 

For experiments that did not contain PCNA or contained only PCNA loaded from 

solution through the free DNA end by diffusion, the FEN1 cleavage assays were 

performed identically as described in 36,51,53. For the experiments that contained PCNA 

loaded by RFC and trapped on the substrate, the following methodology was used. A 

PCNA loading solution was made by adding 30 nM PCNA, 15 nM RFC, 10 mM RPA and 1 

mM ATP into reaction buffer; this solution was incubated for 1 min at 37 °C before 

injecting it into the DNA containing flow cell. Following injection, the solution was 

further incubated in the flow cell for another 1 min and then the excess unbound 

proteins were removed by extensive washing with reaction buffer containing 10 mM 

RPA. RPA was then maintained in all the solutions injected in the flow cells. For all 
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experiments, FEN1 was used at a final concentration of 250 nM, while Polδ1-4 Exo– was 

used as a final concentration of 500 nM. For the experiments containing PCNA loaded 

through the free DNA end by diffusion, a final concentration of 750 nM PCNA was used. 

Particles with either the donor or the acceptor missing, are discarded by default 

by the twotone software as these particles failed to participate in the particle linking 

step.  Additionally, we discarded the traces that showed aberrant FRET values in the 

substrate alone phases, traces with extreme level of noise, as well as traces with atypical 

total emission intensity that may indicate the presence of multiple donors or acceptors. 

The dwell times corresponding to a particular FRET state of interest were 

manually determined by counting the number of frames associated with that FRET state 

and by taking into account the experimental temporal resolution.  

5.4.4 Bulk fluorescence measurements 

Fluorescence emission spectra were measured by using a Fluoromax-4 (HORIBA JOBIN 

YVON) spectrofluorometer equipped with a temperature control unit and a magnetic-

stirring cuvette holder. Samples were excited at 530 nm and emission was collected 

from 550 to 750 nm, with an increment of 1 nm and an integration time of 0.2 s. Both 

emission and excitation slits were set to 5 nm and a 550 nm filter was placed on the 

emission side to prevent excitation light leakage into the emission pathway. 

Temperature was maintained at 22 °C. Emission and excitation polarizers were set to 0° 

and 54.7° respectively (VM configuration), to eliminate polarization anisotropy effects. 



275 
 

FRET spectra were blank-corrected and normalized identically as described in 238. For 

calculating apparent FRET efficiencies, donor emission intensity (D) was integrated from 

560 to 580 nm and acceptor emission intensity (A) was integrated from 660 to 680 nm. 

Apparent FRET efficiencies were calculated as E=A/(D+A). For PIFE, PIFQ and FeSQ 

experiments the spectra were blank-corrected as described in 36, but not normalized. 

For FRET experiments with FEN1-Cy3 and DNA-Alexa647 the spectra were neither blank-

corrected nor normalized, but fitted with a linear combination of Cy3 and Alexa647 

spectra. 

Typical FRET PIFE, PIFQ and FeSQ experimental concentrations were 10 nM DNA, 

100 nM RPA, 100 nM NeutrAvidin, 1mM ATP, 100 nM PCNA, 100 nM RFC, 250 nM Polδ1-

4 Exo–, 500 nM Lig1 and 15 nM FEN1 WT (or D181A), unless otherwise indicated or 

unless a titration was performed. For titration experiments, all binding isotherms were 

fitted to parabolic equations 239 as: 

𝐸𝑆(𝐸0) =  1 2⁄ [𝐸0 + 𝑆0 + 𝐾𝐷 − √(𝐸0 + 𝑆0 + 𝐾𝐷)2 − 4𝐸0𝑆0 ]   (5.1), 

where S0 and E0 denote the total substrate and enzyme concentration respectively, ES 

denotes the enzyme-bound substrate and KD denotes the dissociation constant. This 

equation was scaled in amplitude by specific parameters depending on the experimental 

signal followed during titration. For each point of the experimental isotherms at least 1 

min incubation was allowed for equilibrium to be reached. 
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The fluorescence recovery experiments used to measure FEN1 and Polδ 

dissociation rates were performed under constant stirring with a small magnet inserted 

in the cuvette. Samples were excited at 530 nm and donor emission was monitored over 

time at 565 nm, with a temporal resolution of 50 or 100 ms (integration time) as 

indicated. Both excitation and emission slits were opened to maximum width and a 550 

nm filter was placed on the emission side. Excitation and emission polarizers were set to 

VM configuration. After ~10 s of signal stability the trap competitor was suddenly 

injected into the cuvette and signal acquisition continued for an additional time of ~30 s. 

The concentrations used in the fluorescence recovery were 50 nM DNA, 100 nM RPA, 

100 nM NeutrAvidin, 1 mM ATP, 100 nM PCNA, 100 nM RFC. FEN1 WT (or D181A) was 

used at a final concentration of 50 nM while its trap (DNA substrate DF6,1 containing 1 

unpaired 3’ nucleotide and a completely phosphotiolated 5’ flap oligonucleotide to 

enhance binding while eliminating catalysis) was added at a final concentration of 5 uM. 

Polδ1-4 Exo– was used at a final concentration of 50 nM, while its trap (Heparin 

polysaccharide) was added at a final concentration of 20 ng/ul. Signals were normalized 

to an average intensity of 1 arbitrary unit in the baseline region before trap addition. 

The fluorescence recovery bursts phase were fitted to burst equations as: 

𝐹(𝑡) = 𝐴 − 𝐵 ∗ 𝑒−𝑡 𝜏𝑜𝑓𝑓⁄    (5.2), 

where A and B are constants related to the fluorescence intensity (F) before and at the 

end of the fluorescence recovery transition and 𝜏off is the inverse of the dissociation 

rate. 
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5.4.5 FEN1 and Lig1 multiple turnover kinetics assays 

FEN1 multiple turnover assays included 500 nM DNA, 1 µM NeutrAvidin, 500 nM RPA, 1 

mM ATP, 600 nM PCNA, 500 nM RFC, 500 nM Polδ1-4 Exo–, 500 nM Lig1 and 1 nM FEN1 

WT (or FEN1 ΔC). The exact combination of proteins is indicated throughout the 

manuscript for each experiment. For the experiments where PCNA was loaded through 

the free DNA end from solution by diffusion, RFC was omitted by default. Mixtures of all 

the components, except FEN1, were pre-incubated at 37 °C for 1 min. Reactions were 

initiated by FEN1 addition and further incubated for 3 min at 37 °C. The reactions were 

quenched by the addition of 40 mM EDTA. All reactions were incubated with Proteinase 

K at 50 °C for 15 min and stopped by adding an equal volume of stop buffer (50 mM 

EDTA, 95% Formamide). DNA in the quenched reactions was denatured by heating at 95 

°C for 5 min and then immediately placed on ice. 

Lig1 multiple turnover assays included 250 nM DNA, 1 mM ATP and 1 nM Lig1 

WT (or Lig1 ΔN) in the reaction buffer. Reactions were initiated by Lig1 addition and 

incubated at 37 °C for the indicated amount of time. The reactions were quenched and 

DNA was denatured as stated above for FEN1 assays. 

DNA reaction products were separated on 20% denaturing Urea-PAGE gels and 

visualized using Typhoon Trio (GE Healthcare). Products were quantified as a percentage 

of product(s) intensity divided by total lane intensity. 
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5.4.6 Protein-protein electrophoresis mobility shift assay 

EMSA experiments were conducted in reaction buffer containing 1 nM PCNA-Cy5 with 

increasing concentrations of Polδ1-4 Exo– or Lig1. Reaction mixtures were incubated at 

RT for 20 min, then 5% (v/v) Ficoll was added to the reactions and the entire reaction 

volume was loaded onto 6% non-denaturing TBE-PAGE gels. The gels were run for 1 hr 

at room temperature (RT) at 70 V in TBE buffer. Gels were visualized using Typhoon Trio 

(GE Healthcare). The percentage of free PCNA was estimated by dividing the intensity of 

the band corresponding to free PCNA in each lane by the intensity of the band 

corresponding to PCNA in the lane that contained no interaction partner. The 

percentage of bound PCNA was estimated by subtracting the percentage of free PCNA 

from 100%. All binding isotherms were fitted to parabolic dependencies as described 

above. 

5.4.7 Strand displacement and nick translation reconstitution reactions 

All SD, NT and MOF reactions were performed in reaction buffer containing 1 mM ATP. 

DNA substrates (10 nM) blocked with 25 nM NeutrAvidin were used in all SD and NT 

reactions. SD and NT reactions were carried out at either RT or 37oC for different 

amounts of time, as indicated in each case. For SD reactions: NeutrAvidin-blocked DNA, 

50 nM RPA, 40 nM PCNA, 20 nM RFC, and 25–250 nM Polδ Exo– were pre-incubated in 

reaction buffer for 1.5 min and the reactions were initiated by the addition of 500 µM 

dNTPs. For the unsaturated NT reactions: NeutrAvidin-blocked DNA, 50 nM RPA, 40 nM 
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PCNA, 20 nM RFC, and 25 nM Polδ Exo– were pre-incubated in reaction buffer for 1.5 

min and the reactions were initiated by the addition of 500 µM dNTPs and 25 nM FEN1. 

In reactions containing Polδ1-4 WT or Polδ1-3 WT, 250 µM dTTP was also added during 

the pre-incubation step to avoid Polδ exonuclease activity, and then the reactions were 

initiated by the addition of 500 µM dNTPs. For the fully saturated NT reactions: 

NeutrAvidin-blocked DNA, 50 nM RPA, 60 nM PCNA, 40 nM RFC and 250 nM Polδ and 

250 nM FEN1 were used.  

MOF reactions were carried out as descried for the fully saturated NT reactions, 

but the reactions were initiated by the addition of 500 µM dNTPs, 250 nM FEN1 and 250 

nM Lig1. 

All reactions were terminated by the addition of an equal volume of stop buffer 

(50 mM EDTA, 95% Formamide), followed by heating at 95 °C for 5 min and cooling on 

ice for 2 min. All products were resolved on 20% denaturing Urea-PAGE gels and 

visualized using Typhoon Trio (GE Healthcare).   

5.4.8 Derivation of a fitting model for polymerization kinetics data 

Let us consider the following scenario; a DNA polymerase enzyme (E) associates with a 

primer-template DNA substrate (S0), prior to the initiation of the polymerization 

reaction, to give an enzyme-substrate complex (ES0). The efficiency of the assembly of 

this complex is dictated by the concentrations of enzyme and substrate, as well as their 

affinity. Nevertheless, for the current discussion we consider a case where this initial 
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complex formation is saturated. Upon initiation of the polymerization reaction, for 

example by addition of dNTPs, the chain reaction can be modelled by the following 

kinetic scheme: 

𝐸𝑆0
𝑘𝑓
→ 𝐸𝑆1

𝑘𝑓
→ 𝐸𝑆2

𝑘𝑓
→ …

𝑘𝑓
→ 𝐸𝑆𝑁

𝑘𝑓
→ …

𝑘𝑓
→ 𝐸𝑆𝑁𝑚𝑎𝑥−1

𝑘𝑓
→ 𝐸𝑆𝑁𝑚𝑎𝑥

↓𝑘𝑑  ↓𝑘𝑑  ↓𝑘𝑑    ↓𝑘𝑑    ↓𝑘𝑑   
𝑆0  𝑆1  𝑆2    𝑆𝑁    𝑆𝑁𝑚𝑎𝑥−1   

   (5.3), 

where N indexes each substrate extension length from 0 to Nmax, kf represents the rate 

of the incorporation of the following nucleotide, kd represents the dissociation rate of 

the polymerase from the current substrate, ESN represents the polymerase-bound 

substrate extended by N nucleotides and SN represents the substrate extended by N 

nucleotides following polymerase dissociation. Nmax represents the maximum number of 

nucleotides that can be added by the polymerase due to the finite length of the DNA 

template. This scheme is exact in cases where a trap is added to prevent re-binding of 

fallen polymerases to the SN intermediates. If the trap is not present, kd represents a net 

rate of dissociation defined as the difference between the true rate of dissociation and 

the instantaneous rate of enzyme re-association. The fractional occupancy of each of 

the ESN intermediates for such a N-steps kinetic scheme was previously derived in 240 as: 

{
 
 

 
 𝑓𝐸𝑆𝑁(𝑡) =

(𝑘𝑓𝑡)
𝑁

Γ(𝑁 + 1)
𝑒−(𝑘𝑓+𝑘𝑑)𝑡 ,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥

𝑓𝐸𝑆𝑁𝑚𝑎𝑥
(𝑡) = (

𝑘𝑓
𝑘𝑓 + 𝑘𝑑

)

𝑁𝑚𝑎𝑥 𝛾(𝑁𝑚𝑎𝑥, (𝑘𝑓 + 𝑘𝑑)𝑡)

Γ(𝑁𝑚𝑎𝑥)

   (5.4), 
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where Γ(𝑁) is the Euler Gamma function defined as Γ(𝑁) = ∫ 𝑥𝑁−1𝑒−𝑥𝑑𝑥
∞

0
 and 𝛾(𝑁, 𝑧) 

is the lower incomplete Gamma function defined as 𝛾(𝑁, 𝑧) = ∫ 𝑥𝑁−1𝑒−𝑥𝑑𝑥
𝑧

0
 with a 

dummy integration variable x. Since upon reaction quenching, proteinase treatment and 

substrate denaturation both ESN and SN intermediates contribute to the intensity of the 

same Nth product band, we next need to derive the expression of the fractional 

occupancy of the SN intermediates. This procedure starts with writing the kinetics 

equation of SN formation: 

𝑑[𝑆𝑁](𝑡)

𝑑𝑡
= 𝑘𝑑  [𝐸𝑆𝑁](𝑡)   (5.5), 

where the square brackets denote the concentration of the corresponding species. 

Dividing both sides by the total substrate concentration allows to write Eq. (5.5) with 

fractional occupancies as: 

𝑑𝑓𝑆𝑁(𝑡)

𝑑𝑡
= 𝑘𝑑  𝑓𝐸𝑆𝑁(𝑡)   (5.6). 

This last equation can be integrated directly to give the fractional occupancy of 

the substrate extended by N nucleotides following polymerase dissociation as: 

𝑓𝑆𝑁(𝑡) = 𝑘𝑑∫𝑓𝐸𝑆𝑁(𝑥)𝑑𝑥

𝑡

0

=
𝑘𝑑  𝑘𝑓

𝑁

(𝑘𝑓 + 𝑘𝑑)
𝑁+1

𝛾(𝑁 + 1, (𝑘𝑓 + 𝑘𝑑)𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥    (5.7). 

As mentioned above, both ESN and SN intermediates contribute to the intensity 

of the same Nth product band, therefore the fractional intensity of the Nth product band 
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is obtained as the sum of 𝑓𝐸𝑆𝑁(𝑡) and 𝑓𝑆𝑁(𝑡) and we denote this sum as 𝑓𝑁(𝑡) with the 

general expression: 

{
 
 

 
 𝑓𝑁(𝑡) =

(𝑘𝑓𝑡)
𝑁

Γ(𝑁 + 1)
𝑒−(𝑘𝑓+𝑘𝑑)𝑡 +

𝑘𝑑  𝑘𝑓
𝑁

(𝑘𝑓 + 𝑘𝑑)
𝑁+1

𝛾(𝑁 + 1, (𝑘𝑓 + 𝑘𝑑)𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥

𝑓𝑁𝑚𝑎𝑥(𝑡) = (
𝑘𝑓

𝑘𝑓 + 𝑘𝑑
)

𝑁𝑚𝑎𝑥 𝛾(𝑁𝑚𝑎𝑥 , (𝑘𝑓 + 𝑘𝑑)𝑡)

Γ(𝑁𝑚𝑎𝑥)

   (5.8). 

To simplify these expressions we make the following change of variables as 

previously  described in 240: 

{

𝑘𝑜𝑏𝑠 = 𝑘𝑓 + 𝑘𝑑

𝑃 =
𝑘𝑓

𝑘𝑓 + 𝑘𝑑

⇔ {
𝑘𝑓 = 𝑃 𝑘𝑜𝑏𝑠

𝑘𝑑 = (1 − 𝑃) 𝑘𝑜𝑏𝑠
   (5.9). 

With this change of variables the system described by Eq. (5.8) becomes: 

{
 
 

 
 𝑓𝑁(𝑡) = 𝑃

𝑁
(𝑘𝑜𝑏𝑠  𝑡)

𝑁

Γ(𝑁 + 1)
𝑒−𝑘𝑜𝑏𝑠 𝑡 + 𝑃𝑁(1 − 𝑃)

𝛾(𝑁 + 1, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥

𝑓𝑁𝑚𝑎𝑥(𝑡) = 𝑃
𝑁𝑚𝑎𝑥

𝛾(𝑁𝑚𝑎𝑥, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁𝑚𝑎𝑥)

   (5.10), 

where 𝑘𝑜𝑏𝑠  is an effective reaction rate and P is a microscopic factor related to the 

enzyme processivity 240,241. At a fixed reaction time, 𝑓𝑁(𝑡) can be regarded as a discrete 

probability momentum function (PMF) of the distribution of the various intermediate 

products (for example the distribution of normalized band intensities on a gel). This PMF 

system contains all the kinetic information about the system. As the Gamma functions 

are well-defined even for real-valued N, this PMF can actually be naturally extended to a 

continuous probability momentum function (PDF). Nevertheless, for fitting purposes, in 
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general, the cumulative density function (CDF) is better behaved than the PDF as 

integration may average random fluctuations. Therefore, we define the cumulative 

density of the products from 0 to N (for example for data obtained by integration of 

intensity along a gel’s lane as described for median rate determination in 211) denoted 

FN(t) as: 

𝐹𝑁(𝑡) =∑𝑓𝐸𝑆𝑖(𝑡)

𝑁

𝑖=0

+∑𝑓𝑆𝑖(𝑡) =∑𝑓𝑖(𝑡)

𝑁

𝑖=0

𝑁

𝑖=0

,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥   (5.11). 

Next, we re-write the system from Eq (5.9) by using the recurrence relations for 

the Gamma functions, Γ(𝑁 + 1) = 𝑁 Γ(𝑁) and 𝛾(𝑁 + 1, 𝑧) = 𝑁 𝛾(𝑁, 𝑧) − 𝑧𝑁𝑒−𝑧. 

Following simple algebraic operations the system becomes: 

 

{
 
 

 
 𝑓𝑁(𝑡) = 𝑃

𝑁
𝛾(𝑁, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁)
− 𝑃𝑁+1

𝛾(𝑁 + 1, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥

𝑓𝑁𝑚𝑎𝑥(𝑡) = 𝑃
𝑁𝑚𝑎𝑥

𝛾(𝑁𝑚𝑎𝑥, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁𝑚𝑎𝑥)

   (5.12). 

The summation shown in Eq. (5.11) can then be performed immediately as a 

telescoping series yielding: 

𝐹𝑁(𝑡) = 𝑃
0
𝛾(0, 𝑘𝑜𝑏𝑠  𝑡)

Γ(0)
− 𝑃𝑁+1

𝛾(𝑁 + 1, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥   (5.13). 

It is worth noting that the right-hand side expression is not directly well-defined 

since the integrals that define the Gamma functions are not convergent for N=0. 

Nevertheless, this can be overcome by introducing a limit and by taking into account the 

following series expansion of the lower incomplete Gamma function 𝛾(𝑁, 𝑧) =
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𝑧𝑁  𝑒−𝑧 Γ(𝑁) ∑
𝑧𝑘

Γ(𝑁+𝑘+1)
∞
𝑘=0 .  Rearranging the terms and taking the limit to 0 with 

respect to N yields the following result for any finite non-zero z: 

lim
𝑁→0

𝛾(𝑁, 𝑧)

Γ(𝑁)
= lim
𝑁→0

(𝑧𝑁 𝑒−𝑧  ∑
𝑧𝑘

Γ(𝑁 + 𝑘 + 1)

∞

𝑘=0

) =  𝑒−𝑧  ∑
𝑧𝑘

Γ(𝑘 + 1)

∞

𝑘=0

=  𝑒−𝑧  ∑
𝑧𝑘

k!

∞

𝑘=0

   (5.14). 

The last infinite sum is immediately recognized as the Maclaurin series expansion 

of  𝑒𝑧. With this observation the above limit is obtained as: 

lim
𝑁→0

𝛾(𝑁, 𝑧)

Γ(𝑁)
=  𝑒−𝑧 𝑒𝑧 =  𝑒0 = 1, ∀ 𝑧 ∈ ℝ+   (5.15). 

This observation gives the final expression for the cumulative occupancy as: 

𝐹𝑁(𝑡) = 1 − 𝑃
𝑁+1

𝛾(𝑁 + 1, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥   (5.16). 

It can be easily verified that 𝐹𝑁𝑚𝑎𝑥(𝑡) = 𝐹𝑁𝑚𝑎𝑥−1(𝑡) + 𝑓𝑁𝑚𝑎𝑥(𝑡) ≡ 1, as expected 

since the fractional occupancies need to add up to unity. The final kinetic model in 

cumulative form is given by: 

{
𝐹𝑁(𝑡) = 1 − 𝑃

𝑁+1
𝛾(𝑁 + 1, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁 + 1)
,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥

𝐹𝑁𝑚𝑎𝑥(𝑡) = 1 
   (5.17). 

Observations: 

1. Asymptotic behavior of the cumulative form in the long timescale, as 𝑡 ≫ 1 𝑘𝑜𝑏𝑠⁄ . To 

determine this we make use of the following property of the incomplete gamma 
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function lim
𝑧→∞

𝛾(𝑁,𝑧)

Γ(𝑁)
=1, for any real finite N. If 𝑘𝑜𝑏𝑠  is finite and strictly positive, the 

desired limit is given by: 

lim
𝑡→∞

𝐹𝑁(𝑡) = 1 − 𝑃
𝑁+1 lim

𝑡→∞

𝛾(𝑁 + 1, 𝑘𝑜𝑏𝑠  𝑡)

Γ(𝑁 + 1)
= 1 − 𝑃𝑁+1,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥   (5.18). 

This equation shows that in the long timescale the cumulative distribution of the 

products depends exclusively on the processivity. 

2. Concentration dependence of processivity in cases where enzyme re-association takes 

place. For this we reconsider a general step of the scheme presented in Eq. (5.3) as: 

…
𝑘𝑓
→ 𝐸𝑆𝑁

𝑘𝑓
→ …

  ↑𝑐𝐸∗𝑘𝑜𝑛 ↓𝑘𝑜𝑓𝑓   
  𝑆𝑁   

               ~               
…

𝑘𝑓
→ 𝐸𝑆𝑁

𝑘𝑓
→ …

  ↓𝑘𝑑   
  𝑆𝑁   

   (5.19), 

where 𝑘𝑜𝑓𝑓  represents the microscopic dissociation rate, 𝑘𝑜𝑛 represents the 

microscopic dissociation rate and 𝑐𝐸  represents the free enzyme concentration. As long 

as free enzyme is present in the system, it can be imagined that the instantaneous 

dissociation rate, 𝑘𝑑, will depend on a combination of  𝑘𝑜𝑓𝑓  and 𝑐𝐸 ∗ 𝑘𝑜𝑛. Since the 

processivity factor (Eq. (5.9)) depends itself on  𝑘𝑑, it follows that it will also depend on 

𝑐𝐸 ∗ 𝑘𝑜𝑛  and therefore on 𝑐𝐸. In combination with the asymptotic behavior described 

above, the enzyme-concentration dependence of the processivity can be used to assess 

whether complete dissociation and re-association of the enzyme takes place during the 

lifetime of the intermediary steps. If processivity-like behavior is present in the long 

timescale, but it is concentration independent, other explanations must be sought; such 
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models may include bifurcations into inactive conformers, incomplete dissociation, 

ununiform rate throughout the reactions steps. This intermediates may contribute upon 

protein removal and substrate denaturation to the distribution of SN. 

3. An alternative empirical derivation of processivity and extension to pointwise 

processivity factors. Let us consider the following limit, inspired by the methodology 

applied in 193: 

lim
𝑡→∞

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁+1

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁

= lim
𝑡→∞

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=0 −∑ 𝑓𝑖(𝑡)

𝑁
𝑖=0

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=0 − ∑ 𝑓𝑖(𝑡)

𝑁−1
𝑖=0

= lim
𝑡→∞

1 − ∑ 𝑓𝑖(𝑡)
𝑁
𝑖=0

1 −∑ 𝑓𝑖(𝑡)
𝑁−1
𝑖=0

= lim
𝑡→∞

1 − 𝐹𝑁(𝑡)

1 − 𝐹𝑁−1(𝑡)
   (5.20). 

Taking into account the asymptotic behavior presented in Eq. (5.18), the desired 

limit becomes: 

lim
𝑡→∞

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁+1

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁

=
1 − 1 + 𝑃𝑁+1

1 − 1 + 𝑃𝑁
= 𝑃   (5.21). 

This expression offers an empirical way to determine the processivity factor from 

the relative distribution of the reaction products. In cases where the processivity is 

ununiform throughout the reaction steps, this expression is generalized as described in 

193 as: 

𝑃𝑁+1 = lim
𝑡→∞

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁+1

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁

,   𝑓𝑜𝑟 0 ≤ 𝑁 < 𝑁𝑚𝑎𝑥   (5.22). 

Is it useful to move the N+1 index back by one unit on both sides of the above 

definition: 
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𝑃𝑁 = lim
𝑡→∞

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁

∑ 𝑓𝑖(𝑡)
𝑁𝑚𝑎𝑥
𝑖=𝑁−1

,   𝑓𝑜𝑟 1 ≤ 𝑁 ≤ 𝑁𝑚𝑎𝑥   (5.23). 

𝑃𝑁 describes an apparent pointwise processivity factor associated with the 

probability of the Nth product to be formed in the long timescale range. In other words, 

it describes the probability to move forward from the (N-1)-th step to the Nth step of the 

reaction. We consider this value apparent since the condition 𝑡 → ∞ is impossible the 

achieve experimentally and some residual contribution of the rate may still be present 

despite experimental efforts. By default P0 is defined to be equal to 1, as the existence 

of ES0 and S0 does not involve any catalytic step. It is worth noting that, mathematically, 

PN describes a series of conditional probabilities since the Nth step of the reaction can 

only occur if all the previous N-1 steps have already occurred. Based on the definition of 

conditional probability, we can now define the total probability of formation of the Nth 

product as: 

𝑄𝑁 =∏𝑃𝑖

𝑁

𝑖=0

,   𝑓𝑜𝑟 0 ≤ 𝑁 ≤ 𝑁𝑚𝑎𝑥   (5.24). 

With the above definition for P0 it is immediately obtained that Q0 = 1. For simple 

cases where the processivity factor is uniform throughout the reaction, i.e., Pi = P, this 

last equation reduces to: 

𝑄𝑁 = 𝑃
𝑁 ,   𝑓𝑜𝑟 0 ≤ 𝑁 ≤ 𝑁𝑚𝑎𝑥   (5.25). 
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From Eq. (5.18), it can be easily seen that 𝑃𝑁 = 1 − lim
𝑡→∞

𝐹𝑁−1(𝑡). Replacing this 

expression in the R.H.S. of Eq. (5.25) shows that 𝑄𝑁 = 1 − lim
𝑡→∞

𝐹𝑁−1(𝑡). This expression 

reminds of the link between a survival function and its corresponding CDF in the general 

case. In fact, following a few obvious algebraic operations and taking into account that 

0 < 𝑃 ≤ 1 < 𝑒, it can be shown that: 

𝑄𝑁 = 𝑃
𝑁 = (𝑒ln𝑃)

𝑁
= 𝑒N ln𝑃 = 𝑒−N ln

1
𝑃   (5.26). 

The expression 𝑒−𝜆𝑁 can be immediately recognized as the survival function of 

an exponential distribution with the mean 1 𝜆⁄ . Setting 𝜆 = ln
1

𝑃
 gives the mean 

macroscopic processivity as: 

𝑃𝑀𝑎𝑐𝑟𝑜 =
1

ln
1
𝑃

= −
1

ln 𝑃
   (5.27). 

Finally, the expression in Eq. (5.26) is modified to: 

𝑄𝑁 = 𝑒
−𝑁 𝑃𝑀𝑎𝑐𝑟𝑜⁄    (5.28). 

An exponential decay fit of 𝑄𝑁  vs. N can immediately recover 𝑃𝑀𝑎𝑐𝑟𝑜 with the 

same units as N. The intercept of the fit is Q0 = 1, as mentioned above. This mean 

macroscopic processivity (Eq. (5.27)) contains less information than the set of pointwise 

processivity factors (Eq. (5.23)) as it averages along the reaction steps. Nevertheless, 

this mean processivity can be useful to perform simple semi-quantitative comparisons 

between different reaction conditions.  
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Chapter 6: Concluding Remarks 

Taken together, the results presented throughout the current dissertation, show how to 

obtain and further how to apply fluorescence modulation of cyanine dyes in a variety of 

assays for studying nucleic acid and protein interactions. Their applicability is 

exemplified with both biotechnology applications and the development of assays for 

answering fundamental biology questions. 

The findings presented in Chapter 2 show that the initial state of cyanine-labeled 

DNA acts as a precursor to allow subsequent modulation induced by protein, DNA or 

small chemicals binding. Within this context, fluorescence enhancement and quenching 

are different faces of a more general phenomenon, where contacts between the dye 

and neighboring residues are created and destroyed upon partner-binding. This high 

level of environmental sensitivity of cyanine dyes enables their use in a variety of assays 

for downstream applications. Additionally, this fluorescence modulation can be easily 

controlled through experimental conditions such as dye position and DNA sequence. 

This understanding allowed us to generate a variety of on-demand fluorescence 

modulation tools, that were than employed in the subsequent chapters. 

In the following chapter we focused on the elimination of the need for an 

external transducer for DNA aptamers. Previous technologies in the field of DNA 

aptamer-based sensors required an external transducer to recognize the conformation 

change induced by partner binding in the DNA aptamer. By incorporating a cyanine dye 
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in the DNA aptamer itself, we created an efficient potassium sensor with embedded 

fluorescent transducer. The generated potassium sensor successfully determined the 

potassium concentration in a variety of environmental and biological samples. 

Understating fluorescence modulation and, in particular fluorescence quenching, 

can also aid in designing experimental conditions in cases were such a fluorescence 

modulation is undesirable and a no change condition is sought. In detection systems, a 

high detection power is often desirable. Avoiding quenching effects improves 

fluorophore brightness and therefore, increases the achievable detection power. In the 

fourth chapter, we developed a fluorescently-labeled chemical complex for the 

detection of His-tagged proteins in gels and membranes. The detection limit of this 

methodology is comparable to that of antibody-based immunoblotting, yet it removes 

the high cost and intensive labor associated with traditional techniques. Additionally, 

the method was further developed to allow for His-tagged protein visualization by using 

nothing else than a simple UV source for illumination and the naked human eye for 

inspecting the results. Moreover, we envision that the high binding affinity of the 

developed fluorescently-labeled chelator heads can enable their future use in other 

applications such as single-molecule imaging. 

In Chapter 5, we turn our attention to the mechanistic details of the human 

Maturation of Okazaki Fragments reaction. The complete reconstitution of the human 

MOF reaction showed that unlike its yeast homolog, the human reaction is ~50-folds 

slower and considerably less processive. Only the first 1-4 nt are removed efficiently in a 
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processive manner. The human MOF reaction involves the sequential action of two 

toolbelt complexes. Using a variety a fluorescence-based assays, we determined the 

kinetics behind each complex formation step as well as the competitions that dictate 

product hand-over steps. Each reaction step generated an intermediate product that 

was efficiently engaged only by the protein that generated it or by a protein that 

engages with the purpose of completing the reaction immediately. This is in a stark 

contrast with the yeast system where during the processive NT reaction, the polymerase 

and the endonuclease engage in a ping-pong game with the substrate intermediates. In 

such processive systems the ligase engagement needs to be highly efficient to be able to 

stop this processive NT reaction. In human, after the first cycle of strand displacement, 

the endonuclease engages efficiently the flap substrate, cleaves the flap, but holds very 

dearly to its nick product without allowing the polymerase to re-engage. Tight binding to 

DNA products is a well-known protection mechanism of nucleases, among other 

enzymes. In general, PCNA enhanced the affinity of MOF proteins for their substrates, 

and more interestingly also for their products. This creates a cascade of events in which 

every MOF protein hands-over efficiently the substate only to downstream proteins and 

avoids the aforementioned ping-pong game with the DNA. Such an enzymatic design 

can be envisioned to possess the purpose of completing the reaction as soon as 

possible. Additionally, with the nick product well-protected by the endonuclease, the 

stringent requirement for efficient ligase intervention is relaxed and the reaction is 

safely driven to ligation. All these kinetic and dynamic investigations were facilitated by 

the knowledge acquired from the previous chapters.  
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The fifth chapter also opens several direction for future investigation. As the 

average processivity of the human MOF reaction is lower than the average length of 

initiator RNA, it remains unclear how the human system removes this initiator RNA 

efficiently. It is possible that the initiator RNA is removed by additional mechanisms, 

prior to the arrival of the NT complex. Therefore, future investigations may focus on 

these additional pathways that would lead to the pre-removal of the initiator RNA. 
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