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ABSTRACT 

Early biofouling detection using fluorescence-based extracellular enzyme activity 

Babar Khalid Khan 

 

 

Membrane-based filtration technologies have seen rapid inclusion in a variety of 

industrial processes, especially production of drinking water by desalination. Biological 

fouling of membranes is a challenge that leads to increased costs from efficiency 

reductions, membrane damage, and ultimately, membrane replacement over time. Such 

costs can be mitigated by monitoring and optimizing cleaning processes for better 

prognosis. A fluorescence-based sensor for early biofouling detection capable of 

measuring extracellular enzyme activity was developed. The selected fluorogen and 

fluorogen-substrate were characterized and down selected by in vitro screening for 

compatibility in seawater and profiled over relevant Red Sea desalination parameters (pH 

and temperature). ATP measurements are currently regarded as start-of-the-art when 

assessing biomass accumulation in membrane-based filtration systems Therefore, the 

fluorescence sensor response was measured for a range of bacterial concentrations and 

validated using an ATP assay. We demonstrate the efficacy of the proposed approach for 

the quantitative assessment of bacteria activity in seawater rapidly and sensitively. 

Following in vitro testing, the method was employed in a lab-scale seawater reverse 

osmosis (SWRO) system for suitability in monitoring biofouling formation. The sensor 

successfully measured bacterial biomass accumulation rapidly and non-invasively using 

exogenously applied fluorogen-substrates. The sensor response was corroborated with 
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real-time in situ non-destructive imaging of the membrane surface. This approach 

demonstrates the practicality of prototyping an early-detection biofouling sensor in 

membrane based processes using extracellular enzyme activity as a measure of bacterial 

abundance.
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Chapter 1 Introduction 

 Problem Statement 1.1

 

Bacterial biofouling in membrane filtration systems is operationally defined, 

resulting in a negative impact by bacterial biofilms and microbial products accumulation 

on a membrane surface. Biofilm formation is often associated with increased quantities of 

bacteria. Monitoring the activity of bacteria local to the membrane surface using a rapid 

and sensitive measurement can help guide cleaning processes and determine the most 

suitable cleaning protocol and regimen. Currently there exists a gap between initiation of 

biofilm formation and start of biofouling corrective action from a plant operator’s point 

of view. Development of an early monitoring system that can be used at-line and 

elucidation of a biofouling risk index based on fluorescent-based extracellular enzyme 

activity measurements can be practical in bridging this gap. Although a number of 

methods, mostly using direct observation, are in development, the main challenge in 

implementation is difficulty in adapting the current Seawater Reverse Osmosis (SWRO) 

modules for visualization purposes. These modules operate in high-pressure 

environments, which necessitate stringent regulatory and operating restrictions. 

Molecular-based techniques, especially reporter-based, are often fast, sensitive, and more 

importantly be adapted for use in full-scale operation without modification of existing 

infrastructure. Molecular approaches, especially based on fluorescence measurements, 

are can be practical to inform plant operators on biofouling. 
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 Scope of the Research 1.2

 

Commercially available fluorogen and fluorogen-substrates have not been 

thoroughly characterized in Red Sea water across varying incubation periods, pHs and 

temperatures. In this work, an in vitro microtiter plate assay is developed that is sensitive, 

inexpensive, and easy to deploy for screening and characterizing bacterial inocula, 

fluorogens, and fluorogen-substrates over a range of parameters that can be used for Red 

Sea water, as well as other types of aqueous solutions. 

 

Characterization of fluorogen-substrates is important both in determining 

compatibility in sample conditions and for calibration when detecting microbes in 

industrial processes. Industrial processes often modify the aqueous sample through 

modulation of acidity/alkalinity or temperature, which then require understanding the 

resultant impact of the modification on signal generation. Using an in vitro approach, 

these modifications (increased pH or temperature) can be profiled independently in a 

systematic and rapid manner. 

 

Development of a method to assess three critical aspects of the fluorogen 

molecule in water matrices were explored in this work; namely, 1) fluorescence signal 

intensity, 2) fluorescence signal stability, and 3) potential inhibitors present in solution. 

As fluorescence is normally sensitive to light exposure, the practicality of this technique 

in a benchtop setup under normal lighting was also assessed. After fluorogen 

characterization, a standardized bacterial inoculum in a seawater matrix was established 

as a baseline for further testing. Fluorogen-substrates were then tested in the standardized 
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bacterial inocula to measure extracellular enzyme activity over a range of bacterial 

concentrations, incubation periods, pH and temperature in a high throughput format. 

Using this method, it was possible to rapidly profile fluorogens and fluorogen-substrates 

to down-select suitable fluorogen-substrates for biofouling tracking in a lab-scale unit. 

 

 Research Objectives 1.3

 

The aim of this research is to develop and test an enzyme-based activity assay for 

use in prototyping a biofouling sensor for early detection of biofouling. Building on a 

previously reported technique for monitoring coliform bacterial contamination in 

drinking water, development of a seawater based in vitro extracellular enzyme activity 

assay was explored. Our primary aim is to develop a sensor capable of being used at-line 

to monitor biomass accumulation over time using fluorescence measurements of 

extracellular enzyme activity. In order to achieve this, it was important to develop a 

screening technique to identify fluorogen-substrates compatible with Red Sea water at 

natural pH and temperature that have a short incubation period for subsequent use in the 

biofouling sensor. During this process, we refined a simple fluorogen based assay, 

previously used for soil sampling, to test water types, characterize fluorogens, and 

measure extracellular enzyme catalysis of fluorogen-substrates using a 96-well microtiter 

plate. This is a powerful technique that can be employed both to characterize novel 

fluorogens in water types and screen fluorogen-substrate libraries for application-based 

studies. This assay was developed to be scalable for High-Throughput Screening on 

existing and future libraries of fluorogen-substrate compounds. Down-selected fluorogen-
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substrate candidates from the preliminary screen were ported for use in a modified flow 

cell. When used at-line, the flow cell can be deployed as a sensor for sampling 

fluorescence measurements of EEA, thereby monitoring the biofouling process. 

Validation of biomass accumulation, an important part of the biofouling process, is key 

and therefore our final objective is to validate using a non-molecular technique. We chose 

direct imaging using optical coherence tomography to observe biomass deposition 

directly on the membrane and feed spacer over time. To our knowledge, this is the first-

time extracellular enzyme activity has been used in a modified flow cell using seawater to 

track biofouling. In addition, unlike previous literature, our work is the first instance of a 

modified flow cell being run to track biofouling using natural seawater.  
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 Hypotheses 1.4

 

1.4.1 Hypothesis I: Enzymes as amplified signal 

Bacteria utilize ubiquitous extracellular enzymes involved in the conversion of 

organic molecules to assimilable organic molecules. Since cells releases large numbers of 

extracellular enzymes into the surrounding matrix to facilitate growth, extracellular 

enzyme measurements can act as an amplified signal and thus be used to determine 

bacterial quantity. 

 

1.4.2 Hypothesis II: Fluorogen-substrate cleavage by enzymes are impacted by pH 

and temperature 

Enzymes can cleave synthetic fluorogen-substrate compounds to release a strong 

fluorescent signal. Enzymatic rates depend on the affinity of the enzyme to the fluorogen-

substrate. This affinity, or interaction, is impacted by ambient conditions such as the pH 

and/or temperature of a water matrix. 

 

1.4.3 Hypothesis III: Bacterial abundance can be predicted by Extracellular Enzyme 

Activity (EEA) in an at-line sensor 

Extracellular enzyme activity, measured as a function of fluorogen-substrate 

cleavage by enzymes, increases as bacterial growth and metabolism increases. Therefore, 

measuring extracellular enzyme activity in a closed system tracks abundance of bacteria 

over time. 
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 Research Questions 1.5

 

The research conducted in this study is based on the following three questions; 

1. How can a standardized Red Sea water based inoculum be developed for rapidly 

testing fluorogen-substrates to develop a seawater biofouling sensor? 

2. How is the fluorescence signal intensity of a particular fluorogen affected by 

water type and ambient parameters (pH, temperature, light) and more importantly 

how can these be profiled rapidly? 

3. How does fluorogen-substrate cleavage by extracellular enzymes relate to relative 

bacterial abundance and can it be used to track biomass accumulation? 

 

 Thesis Structure 1.6

 

1.6.1 Phase I: Development of a standardized assay for measuring extracellular 

enzyme activity using fluorogen-substrate. 

 

As the proposed system is built around selection of a fluorogen-substrate 

molecule for tracking bacterial abundance, we began by asking which molecule to use 

from the wide selection available. The literature is riddled with various fluorogen-

substrates being used for research purposes; however we were unsure as to the rationale 

for selection. Often, reagent selection is based on availability in the lab or based on prior 

work performed by the researcher. We sought to acquire and test a range of fluorogen-

substrates and down-select based on compatibility and performance in a seawater matrix. 
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This laid the foundation for the initial stages of assay development in which we tested 

variables critical to our application independently. Even designing the simplest assay 

requires setting parameters around plate type, composition, surface properties, total 

volume, and supplement addition as all of these affect the microenvironment. These 

parameters are just the beginning of factors that contribute to the end results in any assay. 

Standardizing assay conditions might at times therefore seem arbitrary, but are critical to 

reducing the number of variables being tested, allowing insights to be more easily 

extracted. 

 

Seawater and drinking water contain microbes in nature, as will be discussed 

later. In order to titrate and dilute inocula of either seawater or drinking water samples 

without natural interference, we first had to neutralize any microbes and/or proteins 

without changing the composition of the water. The resulting sterile matrix is then tested 

with fluorogens by exciting at a certain wavelength and reading emission at the 

appropriate wavelength for the molecule to determine fluorescence signal intensity. This 

is primarily a concentration dependent signal, but we also confirmed that components of 

drinking water and seawater interact with the fluorogen moiety differently. Hence, a 

profound signal intensity difference can be measured for the same concentration of a 

fluorogen molecule in the two matrices (Figure 17). Once the basic fluorogen and water 

type experiments were conducted, we moved to enrich microbial communities of 

seawater and/or drinking water to standardize the process. 
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Most types of enrichment entails certain arbitrary configurations and we sought to 

introduce as few as possible, yet at the same time obtain a standardized inoculum that 

was consistent in cellular abundance without exceeding 24 hours of incubation time 

required. Cellular abundance was ascertained using both absorbance measurements at 

600nm, a common technique to approximate bacterial numbers, and flow cytometer as a 

quantitative measurement. A fixed concentration (usually in excess) of fluorogen-

substrates was then tested to measure titrations of the standardized inoculum. Afterwards, 

titrations of fluorogen-substrates over a fixed concentration of inocula were measured to 

understand limitations on fluorogen-substrate detection. 

 

These simple, yet essential questions allow us to begin developing a robust 

system to measure fluorogens and fluorogen-substrates for compatibility in our chosen 

down-stream application. Each part of the assay can therefore be isolated and 

manipulated for fundamental studies or to test suitability based on application. 

 

1.6.2 Phase II: Profiling of fluorogen-substrates 

 

In phase II, which corresponds to Chapter 5 of this document, we focused on two 

fluorogen-substrates for profiling. MUF-Phosphate and 4-Methylumbelliferyl N-acetyl-β-

D-glucosaminide (MUF-nabdG), cleavage by phosphatase and glucosidase respectively, 

were down-selected following the screen. We began by comparing signal intensity in 

both drinking and seawater and then focused exclusively on seawater as it was relevant to 

our downstream application. The seawater of choice, Red Sea water, was enriched for 
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microbes and assayed using each fluorogen-substrate over a range of bacterial inocula. 

Only cleavage of the fluorogen-substrate would result in increased signal intensity, 

measured in relative fluorescence units, as the non-cleaved fluorogen did not exceed 

signal noise levels in solution. Similarly, modulating pH and temperature over a constant 

bacterial titration and fluorogen-substrate concentration helped elucidate the impact pH 

and temperature have on enzyme-based cleavage of the fluorogen-substrate molecule. 

 

The selected fluorogen and fluorogen-substrate were characterized and down 

selected by in vitro screening for compatibility in seawater and profiled over relevant Red 

Sea desalination parameters (pH and temperature). ATP measurements are currently 

regarded as start-of-the-art when assessing biomass accumulation in membrane based 

filtration systems (Abushaban et al., 2017). Therefore, the fluorescence response was 

measured for a range of bacterial concentrations and validated using an ATP assay. In 

this way, we were able to understand the minimum concentration of fluorogen-substrate 

required to elicit a measurable response. In addition, we explored how the measurement 

window, a topic can be expanded or contracted by manipulating fluorogen-substrate 

concentration, pH, or temperature. 

 

We demonstrate the efficacy of the proposed approach for the quantitative 

assessment of bacteria activity in seawater rapidly and sensitively. 

 

  



36 

 

1.6.3 Phase III: Prototyping an at-line in situ sensor using batch sampling of 

extracellular enzyme activity paired with OCT imaging 

 

Arriving at a suitable fluorogen-substrate, MUF-Phosphate, we explored options 

to introduce fluorogen-substrates into an emulated filtration system. Previously, 

biofouling studies have been conducted using a flow-cell with an integrated membrane 

and feed-spacer, two essential components of membrane-based filtration. We modified 

this system, as described further in Chapter 1, to create an incubation-based sampling 

system. Over the course of our biofouling studies, we isolated the flow-cell and injected 

MUF-Phosphate for incubation at discreet time points. After the incubation period, a 

sample was extracted and fluorescence measurements were taken. To prevent residual 

fluorogen, fluorogen-substrates, or derivatives accumulating, a flush cycle was 

introduced to run at the end of each sampling point. In our earliest work, we incubated for 

30 minutes, which we believe can be reduced as the process is optimized. To collaborate 

fluorescence readings, a direct observation tool was setup to visualize the membrane 

surface.  

 

The sensor successfully measured bacterial biomass accumulation rapidly and 

non-invasively using exogenously applied fluorogen-substrates. The sensor response was 

corroborated with real-time in situ non-destructive imaging of the membrane surface. 

This validation is important in correlating increased signal intensity to biomass 

accumulation. Further optimization and refinement are not only required, but critical to 

pushing this technology into practice to guide fouling control. 
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Finally, we believe this approach demonstrates the practicality of prototyping an 

early-detection biofouling sensor in membrane based processes using extracellular 

enzyme activity as a measure of bacterial abundance. 
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Chapter 2 Literature Review 

 Water for a growing population 2.1

 

Global population increases projected over the next decades will require water 

and energy for domestic, agricultural and industrial consumption, all of which ultimately 

rely on a rapidly diminishing global water supply. According to the United States 

Geological Survey from 1984, approximately 97% of the Earth’s water is saline, mostly 

contained in the oceans around us (Figure 1) (Gleick, 2014). This implies the remaining 

3% is non-saline, and thus has been in use as a source of potable water for the majority of 

life on Earth and more specifically by humans for agricultural and industrial use. 

 

Figure 1 Sources of water on Earth 
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With water use expected to grow by twice the rate of population growth, a 2013 United 

Nations report estimates that by 2050 most countries around the world will experience 

water stressed conditions (Forum, 2015). The implication is that a real need exists to both 

tap alternative non-conventional water sources to meet growing water demands and adopt 

stricter water reclamation processes in safe, economical and efficient ways. Humans 

discovered early on methods to purify and remove salt from water, primarily by 

distillation, as described by Aristotle in METEOROLOGICA, in which he details the 

process by which evaporation and condensation remove salts from a water source 

(Meteorologica, II.3.154-157). Distillation has been the main technology, and although 

an energy intensive process it has been systematically scaled-up and refined to meet 

water needs until less energy intensive technologies based on membranes emerged in the 

late 1950s (Kumar et al., 2016).  The shift to membrane based desalination became even 

more prominent with rising energy costs and increasing awareness of the environmental 

impact of burning fossil fuels to power mega-distillation plants. 

 

 Biofouling, a key challenge in membrane based desalination 2.2

 

The advent of advanced membranes for water desalination within the last two 

decades and subsequent technological breakthroughs in design has increased membrane 

energy efficiency and performance (Shannon et al., 2008). As a result, higher quality 

potable water has been produced (Elimelech and Phillip, 2011). However, a major cost 

associated with membrane based operational failure results from biological fouling 
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(biofouling), commonly observed as depicted in Figure 2, occurring in over 40% of RO 

desalination plants (Huiting et al., 2001). 

 

Figure 2 Representative images of a biofouled membrane module. (A) Biofilm formation 

evident at the membrane-spacer interface. (B) Deposition as seen from the side 

of a spiral wound membrane module. (C&D) Mechanical scrapping leads to 

removal of the biofilm from the membrane, resulting in accumulated biomass, 

as seen during the autopsy. Image from Bereshenko et al, 2008 

 

Membrane fouling incurs costs that are often beyond just replacement of the 

membrane module. Economic loss can also be extended to include unsuccessful chemical 

and biocide application, reduced production as a result of interruptions for shut-down and 

start-up, and the cost of man hours required to resolve the problem, all of which have 
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been estimated at 30% of operating costs (Flemming et al., 2011). In spite of this, 

biofouling is largely treated using generic, arbitrary and un-guided cleaning protocols 

(Baker and Dudley, 1998; Vrouwenvelder et al., 2010b), which further introduces costs 

associated with waste. 

 

Current methods to determine membrane cleaning frequency and strength rely on 

anecdotal data garnered from plant operation or by measuring physical changes to 

specific operational parameters. These physical parameters have been arbitrarily defined 

in terms of percentage increases or decreases. As examples, reduction of permeate yield 

by 10% or increases in either feed pressure or trans-membrane pressure (TMP) by ~15% 

are traditionally thought of as indicators for membrane fouling. However, these 

operational parameters give no regard to why the membrane is performing poorly. Quite 

often, these operational changes are believed to be resultant from the maturation of 

bacterial communities proximal to the membrane (Vrouwenvelder et al., 2010a). If true, 

from a biological perspective, the existent bacterial community has already matured into 

a state that is resistant to detachment and/or inhibition by chemical treatment (Johnson, 

2008), resulting in poor restoration of membrane function with current approaches. 

Biofouling, from bacterial sources has been linked to increased microbial quantities and 

metabolic activity (Dreszer et al., 2014; Matin et al., 2011; Vrouwenvelder et al., 2010a). 

A deeper understanding of how bacterial colonization leads to the loss of membrane 

efficiency and function is therefore important to guide maintenance protocols for water 

systems to mitigate biofouling. 
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 Biofilms, bacteria in nature 2.3

 

Bacteria are prevalent in both abiotic and biotic environments as planktonic (free-

floating) cells and sessile communities. Historically, bacteria have been represented as 

single-cell planktonic organisms, and only in the last fifty years have these single cell 

organisms been associated with complex biological systems, termed biofilms, as the 

predominate state in nature. In environments where bacteria are subject to stress and high 

shear forces, such as found in natural streams or industry membrane modules, bacteria 

have evolved to adhere and populate a variety of surfaces (Hall-Stoodley et al., 2004) 

indiscriminate of surface properties. 

 

 

Figure 3 Biofilm development, whereby bacteria (yellow) colonize surfaces to form 

bacterial communities. Image adapted from Salwiczek et al 2014. 

 

The process of biofilm development is schematically depicted in Figure 3. In the 

initial Stage (1), planktonic bacteria (yellow circles) adhere to a membrane surface and 

begin cellular division. This leads to clusters of bacteria, referred to as microcolonies 

(Stage 2), which continue to grow and divide, activating mechanisms to begin 

encapsulation. As the encapsulation process continues, the microcolonies evolve into 
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biofilm communities (Stage 3) with discreet structures. The encapsulating layer varies by 

bacterial type, but often consists of polysaccharides, nucleic acid, and proteinaceous 

exopolymers (Flemming and Wingender, 2010) that serve to protect the community from 

physical and environmental stress, either passively by formation of a diffusion barrier or 

by actively inducing mechanisms to remove antibacterial agents. Stage 4 represents the 

dispersion state, whereby groups of cells from the biofilm community can break apart and 

colonize adjacent surfaces. These mechanisms therefore propagate formation of biofilms 

on filtration membranes of all types, reducing membrane performance and ultimately 

leading to membrane damage. Choosing to address the biofilm formation prior to 

maturation therefore is critical. This detection can be informed best by techniques that 

measure biological activity non-invasively, in a rapid and sensitive manner. 

 

 Methods to monitor membrane health 2.4

 

Monitoring of membrane health is essential in operation to determine relevant 

preventative and/or corrective actions. Active monitoring of the membrane status 

provides the opportunity for the development of tailored responses to foulants. Detection 

can generally be classified into either direct or indirect, based on the method used. 

Broadly, direct observations often observe physical or structural changes that occur and 

can be observed using microscopy techniques. Indirect, or reporter based systems, rely on 

probing molecules to read the state of the target. A number of common and exploratory 

analytical techniques for detection of bacteria have been outlined in Table 1, partially 

adapted from Lopez-Roldan et al., 2013.  
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Table 1 Analytical methods for detection of bacteria and time required for sample 

processing and analysis. Adapted from Lopez-Roldan et al 2013 

Method Detection Time Comment 
Colony Forming Units 

(CFU) 
Direct, Physical 18+ hours - Tedious, slow, and observation often subjective. 

Polymerase Chain Reaction 

(PCR) 

Indirect, Gene 

Amplification 60 mins 

- Natural interference 

- Sample processing time 

Flow Cytometry 

Measurements (FCM) 
Indirect, Reporter 

30 mins 

- Underestimate counts due to cell clusters. 

- Seawater interferes with many dyes, limiting 

options. 

- Stain penetration is biased to strain 

Immunoassays Indirect, Reporter 
15 mins 

- Cross-reactivity 

- Fast but not quantitative 

Fluorogen-Substrates Indirect, Reporter 
15 mins 

- Substrate dependent 

- Can detect biofilm bacteria 

ATP Luminescence Indirect, Reporter 
5 mins 

-Approximate indicator of biomass activity. 

-False positives with non-microbial ATP. 

Microscopy Direct, Physical 
Instant 

- limited by field of View 

- applicability in full-scale not feasible 

 

 

Each method has advantages and disadvantages when considering application for 

seawater biofouling measurements. 

 

Direct observation using a host of microscopic techniques, ranging from simple 

photomicrography to more complex spectroscopic techniques, are powerful tools for 

fundamental studies, but have not yet been convincingly introduced into full scale 

application. The main issue with direct observation techniques lies in the fact that the 

field of view is limited and often requires modification of area to be investigated 

(transparency in some methods). As an example, Optical Coherence Tomography (OCT), 

one of the most touted methods for biofouling detection, which we used as a validation 

tool in our study, suffers from two major feasibility challenges in scaling up. Primarily, 

limitations around the camera distance from the observable surface and secondly, 

artifacts that arise from floating particles or debris. Besides technical challenges, scaling 
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and implementation of direct observation systems will be challenging without driving up 

costs. 

 

Colony forming units, the gold standard for microbial quantification in clinical 

microbiology is accurate but suffers from two major drawbacks when used for 

environmental samples. Firstly, the presence of microbial populations not suitable for 

growth on standard growing media and secondarily, the long incubation time and tedious 

work required for counting colonies. In addition, biofilms have historically needed 

specific biofilm detachment treatments involving sonication and mechanical disruption 

prior to plating that makes CFU counting unwieldy for a rapid assay (Lourenço et al., 

2014).  

 

Polymerase Chain Reaction (PCR) is a technique involving amplification of select 

gene sequences for detection or manipulation; with newer methods able to quantify gene 

copy number in real-time. PCR is a prominent technique for identification of microbes 

based on genetic sequences. In the context of biofouling detection, the heterogeneity and 

variability of biofilm forming bacteria is too broad to target a single, or even multiple, 

gene sequence to accurately predict fouling potential. 

 

Flow cytometry measurements (FCM) can be used both indirectly and directly 

since it can both characterize based on surface properties or indirectly using attached 

reporter molecules. Initially used as a cell-sorting platform to characterize cells based on 

markers, FCM has been used to quantify pure cultures of bacteria (Hulspas et al., 2009) 
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but have been met with limited success when used in environmental sampling without 

extensive sample preparation (Prest et al., 2014). The FCM technique is not suited for 

matrices in which background noise is high or cell clumping prevents cells from passing 

single file through the sheath fluid. Extra care is therefore needed to ensure the sample is 

properly prepared for accurate reads using FCM, limiting its feasibility in rapid fouling 

monitoring.  

 

Reporter based systems, such as immunological, luminescence and fluorescence 

based assays are built on the concept of indirectly measuring a signal resultant from a 

chemical interaction or reaction. In the context of biofouling, the main limiter for these 

systems is the need to identify targets that are ubiquitous in metabolizing microbial 

populations, produce a discernible signal, all while being inexpensive to test. 

Immunological assays in particular are expensive and require through controls to prevent 

false positives. Luminescence based assays, of which the most common is adenosine 

triphosphate (ATP) detection, relies on cellular lysis- which is retarded by biofilms- and 

is commonly cross-contaminated by external ATP sources when the sample is not 

properly prepared resulting in incorrect quantification (Turner et al., 2010). Even with 

these limitations, ATP has been used historically in the biofouling detection industry to 

quantify biomass accumulation (Abushaban et al., 2017; Vrouwenvelder et al., 1998). 

 

Although there are limitations to each of the methods summarized above, a need 

exists to develop a flexible prognostic tool for early biofouling detection, using reporter 

based detection that fulfils the requirements to be fast, economical, and simple to operate.  
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 Fluorogen-substrates 2.5

 

The field of biology has witnessed rapid technological advances, spurred by 

coupling engineering with systems biology, resulting in the genesis of synthetic biology. 

Synthetic biology has expanded the molecular toolkit to control and detect cellular 

activity. One type of molecule, fluorogen-substrates, have continued to be commercially 

developed for probing populations and single cells with high specificity at low cost 

(Cameron et al., 2014; Haugland and Johnson, 1993). By design, a fluorogen-substrate 

complex contains a quenched fluorogen moiety that, when liberated via catalytic reaction 

by specific enzymes, can emit a fluorescence signal up to 500x the quenched signal 

(Figure 4). For example, Sigma-Aldrich has expanded the previous handful of fluorogen-

substrates into 60+ compounds (as of September 4, 2018) that can be applied to measure 

a host of enzyme activity (Sigma-Aldrich, n.d.). As an example, the compound 4-

Methylumbelliferyl β-D-glucopyranoside can be introduced into a solution to determine 

the presence of related enzyme. This fluorogen-substrate is catalyzed by a β-glucosidase 

to release the fluorogen and substrate molecules, methylumbelliferone and glucose 

respectively, as chemically depicted in Figure 5. Using this method, the concentration of 

enzyme can be detected sensitively in a bulk solution. 
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Figure 4 Graphical representation of a fluorogenic substrate cleavage event by 

extracellular enzyme activity resulting in the release of the fluorescently active 

fluorogen moiety. While bound to the substrate, the fluorogen moiety is 

quenched. 

 

 

 

Figure 5 Schematic of Fluorogen-Substrate enzymatic cleavage. Adapted from Hoppe 

1983. 
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In this way, enzyme activity can be correlated to bacterial abundance, as will be 

discussed in the case of drinking water monitoring, opening the door for the fluorogen-

substrate system to be adapted for use as a biofouling monitoring tool. 

 

 Fluorogen-substrates to measure Extracellular Enzyme Activity (EEA) 2.6

 

Planktonic bacteria in the natural environment, specifically aquatic bacteria, have 

been extensively studied for elucidation of their role in the cycling of nutrients during 

ecological processes (Kolehmainen et al., 2009; Münster et al., 1992). Since bacteria rely 

on obtaining nutrients from the surrounding milieu in aquatic environments, a wide 

variety of naturally produced enzymes are used by bacteria to hydrolytically cleave 

dissolved natural organic materials (NOM) to provide substrate for respiratory and 

metabolic function (Chróst, 1991; Hoppe, 1983), referred to as Extracellular Enzyme 

Activity (EEA). The earliest reports date back to 1957, and point to “free” enzymes 

catalyzing organic matter in aquatic environments (Overbeck, 1991). Bacterial 

extracellular enzyme can be tethered to the membrane (ecto-enzyme) or secreted (exo-

enzyme) to act locally. One of the major differences between the types is range of activity 

and impact on cellular fitness. Although a discussion of which type of enzyme increases 

survival is not the aim of this work, it is an important question. However, there is a 

practical implication of this in biofouling sensing since secreted enzymes, not tethered to 

bacteria, may be a source for false-positives if bacterial enzyme activity is occurring 

upstream of the membrane under monitoring. Returning back to the discussion, in 

essence, bacterial extracellular enzymatic activity increases the conversion of large 
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organic molecules into intermediate molecules in the surrounding environment that can 

then be readily transported via active transport into the cell (Chróst, 1991; Wetzel, 1991). 

 

As bacteria secrete a set of extracellular enzymes to hydrolyze substrate, bacterial 

enzymatic activity can be measured by introducing artificial substrates bound to 

fluorogenic molecules. Enzymes cleaving the fluorogen-substrate bond liberate the 

fluorogen moiety, which can be measured using a simple fluorometer. This measurement 

has been exploited from the 1960’s and onwards by researchers to gauge bacterial 

dynamics in both a rapid and sensitive fashion in a variety of ecological (nutrient cycling 

in waters, soil, and sediments) and industrial systems (Bélanger et al., 1997; Butterfield et 

al., 2002; Fiksdal et al., 1997; Hoppe, 1993; Münster et al., 1992; Parham and Deng, 

2000). Besides a qualitative ecological measurement, several researchers have used 

fluorescence detection with high sensitivity for quantification of bacteria based on 

enzymatic measurement of fluorogen-substrate cleavage (Bell et al., 2013; Chróst, 1991; 

Garcia-Armisen et al., 2005; Lopez-Roldan et al., 2013; Marx et al., 2001; Perry et al., 

2006). This approach was utilized by Sun and Fiksdal in 2012 to develop a sensor for 

drinking water monitoring using a fluorogen-substrate probe that was correlated to 

abundance of coliform bacteria (Sun and Fiksdal, 2012). The pair were able to track 

specific bacterial activity, leading to an improved surveillance of the drinking water 

supply under investigation. Table 2 mentions some fluorogen-substrates that have been 

used in soil and water for bacterial measurements.  
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Table 2 Fluorogen-substrates used to measure bacteria from soil and aquatic sources in 

the literature. Abbreviations: MUF- 4-methylumbelliferone, AMC- 7-amino-4-

methylcoumarin 

Sample Type Fluorogenic-Substrate References 

Soil 

L-Arginine-AMC 

L-Leucine-AMC 

L-Tyrosine-AMC 

MUF-7-β-D-xyloside 

MUF-α-glucoside 

MUF-acetate 

MUF-β-D-cellobiose 

MUF-β-D-galactoside 

MUF-β-D-glucoside 

MUF-β-D-glucuronide 

MUF-heptanoate 

MUF-N-acetyl-β-glucosaminide 

MUF-phosphate 

p-nitrophenyl phosphate 

(Freeman et al., 1995; George et al., 2004; 

Management, 2008; Marx et al., 2001; Miller et 

al., 1998; Niemi and Vepsäläinen, 2005; Parham 

and Deng, 2000; Saiya-Cork et al., 2002; 

Sinsabaugh et al., 2000; Tabatabai and Bremner, 

1969) 

Marine & 

Fresh water 

5-cyano-2,3-ditolyltatrazolium chloride 

β-naphythylamine 

L-Leucine-AMC 

L-Leucine-AMC 

L-Leucine-p-nitroanilide 

MUF-β-D-galactosidase 

MUF-β-D-glucopyranoside 

MUF-β-D-glucuronide 

MUF-hexose 

MUF-n-acetyl-β-D-glucosaminide 

MUF-Phosphate 

(Allison, 2010; Butterfield et al., 2002; Caruso et 

al., 2002; Chilvers et al., 2001; Christian and Karl, 

1995; Farnleitner et al., 2001; Fiksdal and Tryland, 

2008; Fiksdal et al., 1994; Garcia-Armisen et al., 

2005; Hoppe, 1983; Lebaron et al., 2005; Münster 

et al., 1992; Overbeck, 1991; Senjarini et al., 2013; 

Wetzel, 1991) 
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Throughout the literature, 4-methylumbelliferone (MUF) is the most widely used 

fluorogen molecule in fluorogen-substrate based measurements for bacterial enzyme 

applications. Along with MUF, three other fluorogens, 7-amino-4-methylcoumarin 

(AMC), p-nitroanilide (pNA) and β-naphthylamide (β-NA) have been conjugated to 

unique substrates. These conjugated fluorogen-substrate molecules have not been fully 

characterized in seawater. In 2013, Bell et al published a 96-well high throughput 

screening method to measure enzyme activity in soil and water samples that we adapted 

to characterize fluorogen-substrate libraries for potential use in a downstream biofouling 

sensor application. 

 

 Characterization of Fluorogen-substrates 2.7

 

Characterization of different fluorogen-substrate is important in applied systems 

as ambient factors such as pH and temperature differ and have substantial effect on three 

very important parameters, 1) extracellular enzyme kinetics 2) fluorogen signal intensity 

and 3) fluorogen signal stability. Enzymes catalyze reactions by reducing the activation 

energy required and are governed by pH and temperature sensitivities, which are 

hyperbolic in nature (Bisswanger, 2014). Most importantly, the extracellular enzyme 

must be able to cleave the fluorogen-substrate efficiently. This is the prime consideration 

for downstream fluorogen-substrate selection. Once the fluorogen is liberated, fluorogen 

signal intensity is governed by ambient conditions, for example the fluorescence signal 

has been demonstrated to increase by a factor of 100X simply by modulating pH from 7 

to pH 10 (Strachan et al., 1962). Lastly, fluorogen stability over time is affected by pH 
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(Mead et al., 1955). A longer lasting signal is more favorable in industrial applications. In 

water desalination systems, factors such as pH and temperature are dependent on 

characteristics of the feed water and surrounding operating conditions. Waters emanating 

from different sources have distinct properties. Hence a fluorogen-substrate appropriate 

for Red Sea water may not perform as well in water originating off the coast of Norway 

due to temperature and/or pH differences. When developing a system for measuring 

bacteria using the fluorogen-substrate system, characterization of fluorogen-substrate 

cleavage by extracellular enzymes, fluorogen signal intensity and signal stability are 

reliant on localized pH and temperature parameters and must be taken into consideration. 

Therefore, appropriate fluorescence measurements, driven by profiles of fluorogen and 

fluorogen-substrate, can be adapted within an at-line “sensor”, attached proximally 

upstream of a seawater desalination membrane module, to monitor the membrane fouling 

state. With a prognostic approach, the system can guide antibacterial fouling strategies to 

reduce bacterial biofouling in seawater desalination systems. 

 

 Development of a biofouling sensor 2.8

 

EEA measurements obtained from the fluorogen-substrate system can be used to 

measure bacterial dynamics on membranes associated with seawater desalination systems 

within a closed system. This can be achieved by modifying a flow-cell having features of 

a membrane module, to function at-line of the feed entering a desalination module. 

Vrouwenvelder et al in 2006 laid the basis for such a flow-cell, dubbing it the Membrane 

Fouling Simulator (MFS). This tool is compact, uses the same components used in 
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typical desalination membrane modules and has representative hydrodynamic behavior. 

A number of studies have been conducted to validate the MFS as representative of 

operating conditions found in desalination systems. Comparisons between the MFS and 

the membrane module showed similar fouling behavior and changes in operating 

parameter (Vrouwenvelder et al., 2006). Recent improvements have incorporated a 

transparent pane for direct observation (Li et al., 2016), resulting in a tool that can be 

used to conduct fundamental studies on membrane biofouling. Adaptation of the MFS 

can be the foundation for fluorogen-substrate measurements at-line. 

 

 

 

Figure 6. Introduction of at-line sensor proximal to the filtration system to monitor 

module health. Red dash indicates location of solenoid valves to isolate the 

monitor. 

 

Following the schematic shown in Figure 6, the at-line sensor is operated parallel 

to the system, ensuring feed water through the main system is identical to that of the 

sensor. The introduction of solenoid valves directly adjacent to the at-line sensor isolates 

the sensor and is critical for sampling and controlling the fate of the fluorogen-substrate 
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molecule. With both valves shut off, no new water flows into or out of the system, 

providing a closed vessel with defined volume. In this state, the fluorogen-substrate 

molecule can be injected into the at-line sensor via the injection port. Bacteria, if present 

inside the sensor, cleave fluorogen-substrate and the liberated fluorogens from EEA can 

be detected fluorescently. After the sampling, optimally not exceeding 30 minutes, the 

sensor can be flushed of residual fluorogen-substrate and byproducts of the reaction. 

 

One of the major advantages of an at-line sensor over introducing fluorogen-

substrate directly into the feed stream is the ability to remove unreacted fluorogen-

substrate and reaction byproducts from circulation. Direct application without removal 

complicates and poses a major challenge to the feasibility of this approach. Mainly, 

because fluorogen-substrate cleavage by extracellular enzymes results in the liberation of 

the bacterial substrates, free substrates become available for uptake by bacteria promoting 

biofouling. Furthermore, although fluorogen-substrates have not been thoroughly studied 

for toxicity in humans, some compounds have carcinogenic properties (Taylor, 1980). 

The flushing cycle and at-line nature of the process is thus important as it eliminates the 

liberation of potentially toxic chemicals into the system and also prevents access to 

nutrients for bacterial propagation. Since biofilm bacteria are by definition firmly 

adhering to the surface, flushing should not impact the propensity to track biofouling over 

time using discreet sampling points. Another advantage of the at-line sensor as a 

sampling tool is the ability to operate in situ without the need to remove or shutdown the 

membrane module from operation. 
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In conclusion, prevention of biofouling by investigating biofilm formation and 

development has become a subject of renewed interest in both academic and industrial 

communities because of its adverse effect on water generation. Fluorescent measurement 

of EEA in an at-line sensor provides the early fouling monitoring required to guide 

membrane cleaning in water desalination systems. As such, this early detection approach 

will reduce costs, extend membrane life (i.e. directly by limiting fouling and indirectly by 

reducing overexposure to chemicals) and increase high quality water yield for 

consumption to meet the growing demands of a developing world. 

 

 Summary 2.9

 

Various techniques are currently being developed in parallel to monitor the real-

time state of membrane filtration modules for water applications. The formation of 

biofilm, bacterial communities, is a natural process in which groups of bacteria adhere to 

a membrane surface and mature via ‘encapsulation’, as schematically described in Figure 

7. Mature biofilms exhibit anti-bactericidal properties and are often recalcitrant to 

detachment. When exacerbated, biofilm formation leads to biofouling, resulting in a 

decreased efficiency of water production and/or degradation of the membrane’s 

properties. Biofouling leads to an increase in costs associated with cleaning regimens and 

shortened membrane lifespans. Currently, biofouling is detected mainly through a change 

in physical properties (e.g., increased transmembrane pressure, or reduced permeate flux 

through the membrane). Since these parameters manifest themselves during the mature 

stage of biofilm formation, biofouling is difficult to remedy and cleaning efficiency is 
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limited. Detecting bacterial activity, prior to biofilm formation and maturation, can help 

alleviate costs associated with biofouling while increase productivity of the desalination 

process. 

 

 

Figure 7 Schematic of the formation of bacterial biofilm which mature to cause fouling. 

Current methods detect around Stage 4 and show poor prognosis. Early 

detection methods, which focus around Stage 2, can alleviate the costs of 

biofouling by guiding cleaning protocols. 

 

Technological advances in detecting fluorescence, along with the cost-effective 

availability of commercial fluorogen-substrate libraries have increased the feasibility of 

the adapting early detection systems based on reporters, such as the fluorogen-substrate 

system. Application requires introduction into industrial systems. Recent development 

and validation of a membrane fouling simulator in a flow-cell with components and 

hydrodynamic properties that mimic commercial spiral wound RO modules, lays the 

groundwork for a device capable of being attached upstream and at-line of a system to act 
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similarly to a “canary” sensor. The main aim of this work is to develop a biofouling 

monitor for membrane filtration systems, leading to reduced operating costs and stable 

production of high quality potable water. This has been demonstrated in this work by 

development, standardization, and optimization of a screening platform. Secondly, by 

characterization of fluorogens and fluorogen-substrates with and without bacteria in a 

Red Sea water matrix. Finally, we operated a lab-scale prototype in which biomass 

accumulation was tracked by both fluorogen-substrate and validated using direct 

microscopic techniques. Our current industrial prototype is ready for long-term testing at 

pilot-scale. Measuring enzymatic activity by fluorogen-substrates cleavage in an at-line 

sensor is a potential tool to monitor membrane health for guiding anti-biofouling 

strategies. 
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Chapter 3 Materials and Methods 

 In vitro assay development 3.1

 

3.1.1 Water Samples 

 

Unfiltered Red Sea water was collected locally, on the KAUST Thuwal Campus. 

All water samples were collected and used the same day. Sterile yeast extract was added 

as a nutrient supplement (62.5 mg/L) and incubated at 30C, for 24 hours, without 

agitation. Microbial analysis was performed using adenosine triphosphate (ATP) 

measurements and flow cytometry. ATP concentrations were measured using the 

luciferin-luciferase bioluminescence reaction previously described (Fortunato et al., 

2017b). Flow cytometry was used to estimate bacterial cell counts using the BD Accuri™ 

C6 (BD Biosciences, USA) (Prest et al., 2014). Dilution matrices of both seawater and 

drinking water were prepared in which samples were boiled for 15 minutes, acclimated to 

room temperature and filtered through a 0.22 µM Vacuum filter unit (model #431097, 

Corning, USA). 

 

3.1.2 Dilution matrix 

 

Dilution matrices of both seawater and drinking water were prepared by first 

boiling water samples for 15 minutes. After acclimation to room temperature, dilution 

matrices were filtered through a 500 mL 0.22 µM Vacuum filter unit (Corning, cat no. 
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431097). Seawater or drinking water dilution matrices were used for all required dilution 

and testing. 

 

3.1.3 Fluorogen & Fluorogen-Substrate 

 

Fluorogen standards and fluorogen-substrates were purchased from Sigma-

Aldrich as lyophilized powder (Table 3). Chemicals were reconstituted as per 

manufacturer instructions and aliquoted into sterile black 1.5 mL microcentrifuge tubes 

(Argos Technologies, cat no. T7100BK). All fluorogen standards were stored at 4C 

while fluorogen-substrates were stored at -20C for up to 2 weeks. 

 

Table 3 Fluorogen-substrates with corresponding standards 

Compound Cat no. Molecular 

Weight 

mg / 

15mL 

[Stock] 

(uM) 

Fluorogen 

4-methylumbelliferone M1508 198.15 1.1532 400 Standard 

MUF-Phosphate  M8883 256.15 3.84 1000 4-methylumbelliferone 

MUF-N-acetyl- β-D-glucosaminide M2133 379.36 2.28 400 4-methylumbelliferone 

MUF- β-D-glycopyranoside M3633 338.31 2.04 400 4-methylumbelliferone 

MUF-heptanoate M2514 288.34 1.7298 400 4-methylumbelliferone 

7-amino-4-methylcoumarin A9891 175.18 1.0512 400 Standard 

L-Leucine-7-amido-4-

methylcoumarin 

L2145 324.80 0.975 200 7-amino-4-

methylcoumarin 

β-naphtylamine N8381 143.19 0.9914 400 Standard 

L-Leucine-β-naphtylamide 

hydrochloride 

L0376 292.80 1.7568 400 β-naphtylamide 
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3.1.4 Yeast extract 

 

Yeast Extract was used as a bacterial nutrient source and obtained as powder 

(Sigma-Aldrich, cat no. Y1625). A 100X solution was prepared in warm water and filter 

sterilized using a 150 mL 0.22 µM Vacuum filter unit (Corning, cat no. 431153). Stock 

Yeast Extract was stored at room temperature away from light. 

 

3.1.5 Absorbance and Fluorescence 

 

A spectrophotometer, SpectraMax M5e (Molecular Devices, USA), was used to 

measure absorbance (600 nm) in 96-well polystyrene flat-bottom microplates (Model 

#3358, Corning, USA) and fluorescence (excitation 355 nm; emission 465 nm) in 96-well 

flat black microplates (Model #655096, Greiner Bio-One, Austria). Kinetic 

measurements collected over fixed time periods were used to measure each well of the 

plate temporally and recorded using a SoftMax Pro Data Acquisition Software 

(Molecular Devices, USA). A custom Tensor Program (ARK Computers, NY, USA) was 

used to export kinetic fluorescence data acquired by the SpectraMax M5e. Both graphs 

and statistical analysis were generated using GraphPad Prism Version 5.0 (GraphPad 

Software Inc., USA). All experiments were performed in triplicates and repeated a 

minimum of three times. Error bars indicate 95% Confidence Intervals unless indicated 

otherwise. 
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3.1.6 Flow cytometry 

 

3.1.6.1 Quality Control protocol for the Accuri C6 Flow Cytometer 

 

After power-on, Quality Control (QC) of the Accuri C6 was performed before 

measuring samples. The QC has been adapted from manufacturer’s protocol which 

incorporates a cleaning cycle using detergent, soap and subsequent washes with sterile 

water. Lastly, a calibration check using a standard reference bead mixture was performed 

using Spherotech 8-peak Validation beads for FL1-FL3 (BD Accuri, cat no. 653144). The 

bead mixture was prepared by the addition of 3 drops to 10 mL of sterile MilliQ water 

and vortexed for 15 seconds. Flow Cytometry Measurements (FCM) of the validation 

mixture for our system measures ~8000 events / 50 µL, ensuring internal system 

calibration. 

 

3.1.6.2 Sample labeling protocol 

 

Appropriate volumes of water sample were collected after incubation and serially 

diluted two-fold into appropriate dilution matrix. At the time of analysis, the sample 

tubes are acclimated to 35°C in a water bath for 10 minutes. After acclimation, SYBER 

Green I (Life technologies, working stock 100X) was added 1:100 to each sample tube 

and further incubated at 35°C in a water bath for 10 minutes. Labeled samples were 

transferred to individual wells of a 96-well flat bottom micro titer plate for FCM. Plates 
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are setup for sample reads using the following settings; Slow speed and 50.0 µL total 

volume read. 

 

3.1.7 Bacterial capacity in water 

 

Bacterial growth in drinking water and seawater were characterized to establish 

standardized inoculum for assay development. Water samples supplemented with Yeast 

Extract were incubated over a period up to 48 hours at 35C without agitation. Flow 

cytometry was used to estimate bacterial cell counts and correlated with absorbance 

measurements using the BD Accuri™ C6 (BD Biosciences, NJ USA) as described by 

Prest et al (Prest et al., 2014). 

 

3.1.8 Fluorogen signal stability over time in water 

 

Fluorogen signal stability over time was measured in by directly adding a known 

concentration into both drinking water and seawater and assessing for signal inhibition or 

quenching over 12 days. Samples in 96-well were measured over 24 hours every hour. 

 

3.1.9 Fluorogen signal stability exposed to ambient light 

 

The photoreactivity of fluorogens diluted in the seawater dilution matrix was 

tested using polystyrene plates, at ambient temperature, over a period of 24 hours. 

Freshly prepared fluorogen standards were added to 4 mL of the seawater dilution matrix, 
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at different time points, into the wells of 6-well plate (Model #3506, Corning, USA), 

covered with the polystyrene plate lid. Plates were subsequently placed inside a chamber, 

with and without light exposure. All samples were collected at the end and fluorescence 

was measured in triplicates. Further testing of MUF-Phosphate in polystyrene wells, with 

and without plate lids, was conducted in the seawater dilution matrix over a period of 12 

days. Experiments were performed inside a chamber with regulated temperature and 

>95% relative humidity to reduce evaporation. 

 

3.1.10 Titrations of bacterial inoculum using constant fluorogen-substrate 

 

Testing titrations of bacterial inoculum using constant fluorogen-substrate 

concentrations were setup as per Figure 8 in 96-well black flat-bottom microplates. 

 

Figure 8 Schematic 96-well plate setup design to test fluorogen-substrate in titrated water 

samples. 
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Briefly, 100 µL of dilution matrix were added to all wells of rows B to H. Water samples 

were added (200 µL/well) starting at A1 to A10. In this manner, 5 samples were tested in 

duplicate for each titration. 200 µL of fluorogen standard were added to wells A11 and 

A12. Using a multi-channel pipette and aseptic technique, 100 µL from row A were 

serially diluted two-fold to row B, repeating until row G and discarding the final 100 µL. 

Wells H1 to H10 were negative controls containing no bacteria. For assay calibration, 

columns 11 and 12 were used to generate fluorogen standard curves. Wells of H11 and 

H12 control for background fluorescence in the dilution matrix. Prior to microplate read, 

10 µL of fluorogen-substrate were added to columns 1 to 10. The spectrofluorometer was 

used to measured fluorescence immediately after addition of the fluorogen-substrate. 

 

3.1.11 Titrations of fluorogen-substrates with constant inoculum 

 

Two 96-well microtiter plates, Sample Read Plate and Fluorogen-Substrate 

Dilution Plate, were setup as follows: 

(A) Sample Read Plates were setup similar to the plate described in 3.1.10 and 

depicted in Figure 8, with the following modification. Aliquots of standardized water 

inoculum (100 µL per well) instead of dilution matrix were added to Columns 1 – 10 and 

stored at room temperature until use. Fluorogen standards were setup in Columns 11 and 

12 as previously mentioned. 

(B) Fluorogen-Substrate Dilution Plates were setup by filling 25 µL of dilution 

matrix in all wells of Columns 1 to 10, except Row A. Fluorogen-substrate at 10X 

concentration, prepared in dilution matrix, were aliquoted (50 µL / well) to Wells A1 to 
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A10. Fluorogen-substrates were serially diluted two-fold 25 µL from Row A to Row G, 

discarding the last transfer. Final volume of each well is 25 µL. 

 

Once prepared, 10 µL from each well of the Fluorogen-Substrate Dilution Plate 

was transferred to the corresponding well of the Sample Read Plate. Fluorescence 

measurements were started immediately after completion of the transfer. Using this 

method, fluorogen-substrates were screened for activity in standardized bacterial 

inoculum. 

 

3.1.12 Profiling pH 

 

Aliquots of water samples, dilution matrix for fluorogen standard and 

standardized inoculum for fluorogen-substrate testing, were adjusted to pH 7, 8, 9, and 10 

using 1M CaCO3. The pH-adjusted samples were transferred to wells of a 96-well plate, 

at which point either fluorogen standard or fluorogen-substrates was added and 

fluorescence measurements recorded. 

 

3.1.13 Profiling temperature 

 

For temperature profiling at 25, 35, 45, and 55°C, samples from the dilution 

matrix or the standardized inoculum were aliquoted into microcentrifuge tubes and 

acclimated to the desired temperature, using dry baths (ThermoFisher Scientific, USA). 

As appropriate, fluorogen or fluorogen-substrates of the corresponding temperature were 
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added to samples. Samples were removed after the incubation period, transferred to wells 

of a 96-well plate, and their fluorescence signals were measured. 

 

 Monitoring lab-scale biofouling 3.2

 

3.2.1 Recirculating fouling simulator setup 

 

A lab-scale setup was operated using a membrane founding simulator (MFS) with 

recirculated Red Sea water as described previously (Fortunato and Leiknes, 2017) with 

the following modifications. Three-way valves were fitted immediately upstream and 

downstream of the MFS for fluorogen-substrate injection and subsequent sample 

collection as shown in Figure 9. Aliquots of MUF-Phosphate were prepared in 25 mL 

luer lock syringes, stored at -20C and used after thawing to room temperature. At each 

sampling time point, the inlet and outlet for the MFS was closed, MUF-Phosphate (5 µM 

final concentration in system) was injected into the MFS and incubated for 15 minutes. 

Final concentration was calculated by determining the total volume from the injection 

port to the sampling port when filled. After incubation, ~2 mL was removed via the 

sampling port syringe for fluorescence testing. At this point the system was flushed with 

20 mL of sterile Red Sea water through the injection and sampling ports before reopening 

the inlet and outlet valves and restarting the Red Sea water circulation. 
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Figure 9 Schematic representation of the extracellular enzyme activity sensor, consisting 

of a modified fouling simulator with injection and sample port fitted with a 

three-way valve. A probe integrated with video camera houses the optical 

coherence tomography unit. 

 

3.2.2 Sampling of fluorogen-substrate cleavage 

 

Over the course of an experiment; MUF-phosphate was injected via the injection 

port and a sample of resultant product (MUF-phosphate, MUF, or phosphate) was 

retrieved after incubation in the fouling simulator. Samples were frozen using liquid 

nitrogen and stored at -80C. After the collection of all time points, samples were thawed 

to room temperature and measured in triplicates in a single 96-well plate. This method 

was used to eliminate variation of the fluorescence signal if read over multiple days. 
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3.2.3 Optical Coherence Tomography (OCT) imaging 

 

A spectral domain OCT system device Ganymede II from Thorlabs, GmbH 

(Germany) armed with the scan lens (LSM 03BB) was used to assess the fouling 

development non-invasively in the flow cell. The OCT probe was mounted on the MFS 

for continuous monitoring in a confined area. Scans were acquired periodically for the 

whole observation period (84 hours). The cross-sectional scans (1557 x 613 pixel) 

correspond to an area of 6.23 mm x 1.80 mm (width x height).  The OCT scans were 

processed with FiJi software. Images were filtered to reduce noise and both contrast and 

brightness were adjusted afterwards. A false color lookup table was applied for 

visualization purposes, as described by Fortunato et al (2017). Images were taken every 

12 hours until visual inspection determined the system to be fouled. OCT images were 

subsequently correlated to EEA over time. 
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Chapter 4 In vitro screening platform for assessing fluorogens and 

fluorogen-substrates in aqueous solutions 

 

Standardization is at the heart of in vitro development as it is important to be able 

to compare data sets across a variety of conditions. Towards this effect, the importance of 

a number of design conditions need to be carefully considered. The main aim of any type 

of in vitro screening platform can be categorized into two main areas; 1) the ability to 

screen potential targets (relatively) quickly and 2) the ability to characterize targets across 

a known variable.  

 

 Design of the in vitro assay 4.1

 

Screenings are a function of time required and therefore a quick turnaround 

permits rapid or high throughput assay development. In order to accomplish this, 

development of testing conditions need to be contextualized as to the time required to 

obtain a significant signal, balancing between a fundamental and practical approach. In 

the development of a screen for extracellular enzyme activity in seawater, we began by 

developing a standardized bacterial inoculum from the water of interest. The bacterial 

inoculum standardization process needs to be clearly defined, often by apparently 

arbitrary choices, but are essential to reliably and consistently compare results across 

multiple data sets and experiments. A good example of this tradeoff is discussed below in 

the selection of substrate for augmenting the population in natural seawater. 
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Elucidating the threshold of bacteria in drinking water and seawater are vital for 

in vitro assay development. As described above, the aim was to have replicable sample 

ready for testing in a short period of time. We postulated that if we could grow the 

maximum capacity of bacteria in the water, we could thereby measure the fluorescence 

resulting from catalytic activity as bacterial quantities titrate down. Increasing 

concentrations of bacteria would involve using an artificial mechanism to enrich aquatic 

bacterial populations. Drinking water was used to verify the results of previous work 

done using extracellular enzymes to measure coliform bacteria, as demonstrated by 

Fiksdal et al, while Red Sea water was used as it is the major source for desalination in 

western Saudi Arabia, our targeted application. 

 

The use of source water during application is more appropriate when developing 

an assay as the intricacies, such as quenchers and effector molecules, found in actual 

water can affect the fluorescence signal. Inhibitors of both enzyme reaction and 

quenchers of fluorescence are likely to be present in natural waters and are therefore 

important to characterize if the aim is to use the down-selected targets from the assay in a 

full-scale system. Off Saudi Arabia’s western coast, the Red Sea has been examined by 

some researchers using a mobile barge desalination unit to examine microbial 

communities spatially in regards to biofouling potential (Khan et al., 2013; Saeed et al., 

2000). Model systems, that include the use of synthetic or artificial seawater, are more 

suited for fundamental studies in understanding mechanistic models, but often fail when 

translating to application due to the simplified nature of these systems. However, 

exclusively using bacteria in natural waters without any modification can be difficult 



75 

 

when developing an assay as growth rates vary. To standardize an inoculum, it is 

therefore necessary to supplement with known amount of bacterial “food” to promote 

bacterial growth, referred to as substrate addition.  

 Promoting microbial growth by substrate addition 4.2

 

The use of substrate addition to promote bacterial growth is not entirely free from 

the generation of artificial conditions, but is necessary to speed up bacterial growth. This 

method is common throughout microbiological literature across a spectrum of assays and 

protocols. Varying ratios of Carbon, Nitrogen, and Phosphate (C:N:P) are often 

introduced into artificial seawater to promote growth of certain types of bacteria 

(Thompson et al., 2006; Weinrich et al., 2016). Since our aim was not to overtly select 

for a certain type of bacteria from the natural water, we used yeast extract as a general 

nutrient source. Yeast extract is commonly used as a nutrient source in bacterial media as 

it contains a wider range of substrates, and therefore is less likely to enrich specific 

bacterial genera. 

 

In order to determine the concentration of yeast extract to add, we supplemented 

drinking water and seawater with yeast extract (0 – 500 mg/L) and characterized the 

impact addition had on properties such as conductivity, pH, and Total Dissolved Solids 

(TDS) after 48 hours of incubation. Table 4 summarizes the general characterization of 

the water samples after 48 hours of incubation with and without bacteria in the presence 

of increasing concentrations of yeast extract. It is important to note that in drinking water, 

yeast extract addition caused a shift in pH from 7.7 to 6.7, most likely as a result of 
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limited buffering capability in the water. Regardless, the shift is still within normal pH 

levels recommended for drinking water (6.5-8.5) (World Health Organization, 1996). Red 

Sea water pH dropped from 7.8 to 6.6 with the highest concentration of yeast extract (500 

mg/L). In both types of water, conductivity and total dissolved solids (TDS) increased in 

the presence of bacteria, implying the generation of ions, most probably from bacterial 

metabolic activity. This increase was most profoundly seen in Red Sea water with 250 

mg/L of yeast extract and greater, where the conductivity doubled from 45- 90 mS and 

TDS increased from 23 to 43 ng/L. These higher concentrations are not suitable for use in 

assay development as it drastically changes the chemistry and makeup of the seawater 

matrix. The results of this basic characterization indicated that yeast extract below 250 

mg/L does not hamper the composition of the water matrix substantially across the 

characterized conditions. 
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Table 4 Characterization of Drinking and Seawater supplmented with Yeast Extract after 

48 hours 

Sample Test Sterile With Bacteria 

Drinking Water 
pH 7.7 7.7 

Conductivity (µS) 1200 1200 

TDS (mg/L) 600 600 

Drinking Water  

125 mg/L Yeast Extract 

pH 7.1 6.9 

Conductivity (µS) 1200 1600 

TDS (mg/L) 600 833 

Drinking Water  

250 mg/L Yeast Extract 

pH 6.9 6.8 

Conductivity (µS) 600 2000 

TDS (mg/L) 400 1000 

Drinking Water 

500 mg/L Yeast Extract 

pH 6.7 6.7 

Conductivity (µS) 2500 3000 

TDS (mg/L) 1400 1500 

Sample Sterile With Bacteria 

Seawater 
pH 7.8 7.8 

Conductivity (mS) 45 45 

TDS (ng/L) 23 23 

Seawater 

125 mg/L Yeast Extract 

pH 7.0 6.6 

Conductivity (mS) 46 46 

TDS (ng/L) 29 29 

Seawater 

250 mg/L Yeast Extract 

pH 7.0 6.5 

Conductivity (mS) 90 96 

TDS (ng/L) 43 45 

Seawater 

500 mg/L Yeast Extract 

pH 6.6 6.4 

Conductivity (mS) 90 90 

TDS (ng/L) 45 47 

 

The optical densities of both drinking and Red Sea water were also measured in 

increasing concentrations of yeast extract in order to understand the amount of substrate 

required to develop an aquatic inoculum. Optical densities for microbes are 

measurements of light scattering and realized as absorbance using a 600 nanometer 

wavelength. This is a classical technique used in microbiology for deducing the phase in 

bacterial protein expression, determining relative cellular abundance in bactericidal 
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assays and during DNA insertion into larger microbes such as E. coli (Matlock et al., 

2011). Absorbance at 600 nm was measured every 6 hours and graphed over time (Figure 

10) as bacteria were potentially enriched in both drinking water and Red Sea water. 
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Figure 10 Absorbance at 600 nm for Drinking  and Red Sea water measured with YE (0 - 

0.25 g/L) incubated at 35°C over 48 hours. 
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As seen from the graph, drinking water and seawater samples were enriched with 

bacteria at a faster rate as yeast extract concentration increased. For drinking water, to 

achieve an absorbance of 0.1 at 600 nm after 48 h incubation, addition of 62.5 mg/L of 

yeast extract was required. This is due to drinking water in general having fewer bacteria 

as regulations and the treatment processes (e.g. disinfection) significantly reduce bacterial 

abundance. Seawater samples, specifically from the Red Sea, were collected after basic 

cartridge filtration and once supplemented with yeast extract were enriched in fewer than 

24 h. An absorbance value of 0.1 at 600 nm was reached at 10, 12 and 24 h for 250, 125, 

and 62.5 mg/L of yeast extract respectively. Microbial growth was not evident without 

the addition of yeast extract in both drinking water and Red Sea water in ambient 

laboratory conditions. Since the lowest addition of substrate is recommended to prevent 

perturbation of the water matrix, 62.5 mg/L was supplemented for both drinking water 

and Red Sea water, with the only difference being the incubation period, i.e. 24 h for Red 

Sea water and doubled to 48 h for drinking water. 

 

 Quantification of bacterial inocula 4.3

 

Historically, the gold standard for bacterial quantification has been to culture 

bacteria in growth media and report as Colony Forming Units/volume (CFU/volume). 

However, this is difficult to manage with environmental and aquatic samples as there are 

a host of well-known complicators  (Veal et al., 2000). The three most challenging issues 

are: 1) presence of Viable but nonculturable populations (VBNC) (Lopez-Roldan et al., 

2013), 2) incubation periods requiring days or weeks and 3) lack of appropriate media 
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required for growth. These three factors are critical as speed and the ability to measure 

the entire sample without selection is important.  Direct bacterial enumeration in quasi-

life has been explored and one of the most advanced techniques to quantify bacteria in 

solution is using Flow Cytometry (FCM). Although costly, laborious and often requiring 

the use of multiple validations, FCM has been used to quantify and separate populations 

based on size, fluorescence and morphological characterization. 

 

Flow cytometry operates on the premise that cells in suspension can be spaced out 

singly using a sheath fluid (deionized water in our study) through a stream. As cells pass 

by, an array of laser beams and detectors capture light scattering signal and fluorescence 

emission (Figure 11). When paired with cellular staining using chromo- or fluorophores, 

the expected excitation and emission can be gated to reduce both background and signal 

noise. The caveat is that large clumps and non-specific staining, as in the case of biofilm 

bacteria, can skew the readings to underrepresent the quantity of bacteria. In addition, 

multiple sample modifications are required to increase the accuracy of the device. Prest et 

al showed that this technique can be used to quantitatively determine bacterial dynamics 

in drinking water in a culture-independent method using a static staining protocol (Prest 

et al., 2014). This remains the case with seawater if enough troubleshooting is 

undertaken. 
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Figure 11 Fundamentals of Flow Cytometer Measurements; Schematic sourced from 

Flow Cytometry Facility at UC Berkeley, adapted from Current Protocols In 

Cytometry. 

 

Initial experiments grossly underestimated the total number of cells found in the 

inoculum. The reason for this is high density and clumping of bacteria in the sample 

prevented the single cell flow stream through the detector required by FCM. Subsequent 

tests using two-fold dilutions of the initial sample and measurements in duplicates 

resulted in linearity that allows estimation of the initial quantity of bacteria. As evident 

by Table 5, at least a two-fold dilution was required to prevent artifacts in the event 

counting process. 
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Table 5 Drinking water and seawater measurements using FCM with two-fold dilutions 

 Events / mL 

 Sample Run #1 Run #2 Range 
D

ri
n

k
in

g
 W

a
te

r 

Raw 5.754 23.766 18.012 

Dilution 1 20.985 22.899 1.914 

Dilution 2 18.977 19.648 0.671 

Dilution 3 9.604 10.247 0.643 

Dilution 4 4.820 5.161 0.341 

Filtered 0.005 0.01 0.005 

 

S
ea

w
a
te

r
 

Raw 30.374 23.713 6.661 

Dilution 1 42.332 41.184 1.148 

Dilution 2 22.371 23.182 0.811 

Dilution 3 10.290 10.214 0.076 

Dilution 4 5.135 5.040 0.095 

Filtered 0.040 0.023 0.017 
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Figure 12 Representative FCM data (FL1 vs FL3) for drinking water inoculum and 

subsequent two-fold dilutions. The samples were gated to P2 to exclude signal 

from filtered drinking water. 
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Figure 13 Representative FCM data (FL1 vs FL3) for Red Sea Water inoculum and 

subsequent two-fold dilutions. The samples were gated to P2 to exclude signal 

from filtered seawater. 
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The natural properties of drinking water and seawater must be considered when 

running flow cytometry as, unlike standard culture techniques where only living 

organisms grow and are measured, here material present in the seawater autofluorescence 

or can be falsely characterized as microbes. Hence it is important to run multiple 

background measurements without bacteria and subtract from the samples run with 

bacteria. This simple technique should be able to correct for the natural abundance of 

matter in natural water. In addition, samples collected for both drinking and seawater 

were both clumpy by nature and posed a threat of blocking the needle injector found in 

the Accuri C6 Flow Cytometer. This required the use of dilution and simple bath 

sonication to disrupt cells into a homogenized state. These steps require a skilled flow 

cytometrist, who is not only versed in optimizing labeling and counting, but also has a 

firm understanding of microbiology to troubleshoot issues resulting from working with 

environmental samples. Hence, although FCM is a useful technique and has gained 

incredible traction in working with high sensitivity, especially in nanotechnology and 

clinical applications (Hulspas et al., 2009), the use in environmental monitoring is limited 

by the biophysical characteristics of a typical microbial environmental sample. 

 

Drinking water and Red Sea water inoculums grown in their respective conditions 

and with appropriate substrate addition were quantified using flow cytometry. FCM 

testing over two runs indicated that dilution of the inoculum was essential to correctly 

determining the number of bacteria present. Hence, after dilution and staining according 

to the protocol previously employed by Prest et al, an absorbance at 600 nm of 

approximately 0.10 correlated to ~6.0x10
7
 bacteria per mL. This approximate number 
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was standardized for all future experiments involving drinking and seawater inoculums to 

assay extracellular enzyme activity towards developing a proto-biofouling sensor. 

 

 Standardizing the assay plate 4.4

 

The ability to characterize targets in relationship to a manipulated variable, such 

as pH, temperature and inoculum variations, is important in screening for compatible 

targets. This brings into play the format of the assay to be employed. An assortment of 

techniques and methodological scales exist that can be employed based on the volume 

and type of interaction to be studied (Devlin, 1997). Briefly, in vitro assays can be 

performed using broth dilutions (> 1 mL) such as found in early work using extracellular 

enzyme activity (Chróst, 1991) or in microtiter plates (< 0.250 mL) as described 

throughout the field of molecular biology and specifically using extracellular enzymes by 

(Steen et al., 2015). The difference between these methods is primarily in the 

manipulations required and reagent used, if all other interactions are controlled for. 

Microtiter plates come in a variety of well configurations, ranging from 4-well up to 

1536-well plates. As the number of wells increase, the total volume per well decreases, 

hence in order to maintain favorable mixing and growth conditions when dealing with 

bacterial inoculums, 96-well microtiter plates have commonly been used in 

microbiological testing. The design of the 96-well plate was developed as described 

previously in Chapter 3.1.10 and shown schematically in Figure 8. This design has the 

capability to test five independent samples across a host of variables while maintaining 

replicates and appropriate controls on each plate. Since fluorescence is often measured in 
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relative fluorescence units, a relative signal, the value of having the experiment and 

characterization performed in the same plate, at the same ambient temperature, time, and 

device reduces the relative variability associated with light-based techniques. 

 

Enzymatic reactions proceed rapidly (within seconds at micro volumes) and 

require manipulations of the assay plate to be rapidly performed and mixed. Since 

reaction time is a significant factor in signal generation, it is important to ensure all 

samples are started and measurements are taken immediately after enzyme and substrate 

contact occurs. Using a multichannel pipette (8 or 12) instead of a typical single channel 

pipette cuts the time required to add the components substantially as the entire row can be 

manipulated in one movement. Besides reducing lag-time, proper mixing between the 

enzyme and substrate without introduction of air bubbles is also essential. Unless directed 

by a careful hand, standard manual pipettes are prone to introducing air-bubbles into the 

mixture, which can severely impact the fluorescence signal as mixing might not occur 

completely. To ensure both speed and proper mixing was controlled; an electronic 

multichannel pipette (Figure 14) can be used to quickly and accurately aliquot solutions 

of fluorogen-substrate across the 96-well assay plate. 
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Figure 14 Eppendorf Xplorer 12-channel electronic pipette, an automated multichannel 

pipette for serial aliquoting of samples, limitng air bubble generation. 

 

 Standardizing the dilution matrix 4.5

 

Titrations of the bacterial inocula or fluorogen-substrate are required for 

fluorescence signal characterization as signal generation is a function of enzymatic 

cleavage of the fluorogen-substrate molecule. To this effect, it is important to isolate a 

single variable, either bacterial quantities or fluorogen-substrate, in decreasing 

concentrations. This can only be done within a suitable dilution matrix. A dilution matrix 

can be defined as the natural properties of the external environment in which something 

can be studied. In the case of aquatic bacteria, the matrix consists of the drinking water or 

seawater microenvironment with all its intricacies. Development of a dilution matrix that 

is as true as possible to the environmental microenvironment can be achieved by ensuring 

two conditions are met: 1) denaturing proteins, specifically enzymes, capable of cleaving 
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the fluorogen-substrate bond and 2) removing bacteria from the matrix. The methods 

employed in this work (Chapter 3.1.2) to achieve these conditions rely on simple 

manipulations that have been proven to be effective in the protein and microbiological 

literature (Christian and Karl, 1995). Briefly, denaturing of proteins results in a 

permanent change to the conformation of the secondary and tertiary structures. This 

occurs often with temperature shifts but can also occur with shifting pH. Once denatured, 

the protein is unable to bind or catalyze a reaction. All dilution matrices for the 

development of the assay were heated to 90°C for 15 minutes to ensure complete 

denaturation. After cooldown, a secondary filtration step using a 0.22 µm filter was 

undertaken to remove any microbes surviving the 90°C heating cycle. The dilution 

matrices, specific for KAUST drinking water and Red Sea water, were used in the 

titration of inocula and fluorogen-substrates with the distinct advantage that only the 

proteins and bacteria were removed without agitation of the composition from its natural 

conditions. This approach is better suited for development of a characterization platform 

than using artificial solutions (drinking or seawater) or more generic buffers (Phosphate 

Buffered Saline). Artificial solutions and buffers do not account for the micro-

environmental interactions that occur in situ and often do not translate well with 

environmental samples. 

 

 Stability of the fluorogen over time in the matrix 4.6

 

Fluorogen stability in seawater was assessed to determine if the intensity of the 

fluorogen signal decreased over time, and to test signal degradation during manipulations 
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in ambient lighting. Within the methodological context of the microtiter plate assay, we 

found no significant decrease in intensity in seawater or by exposure to light over a 24h 

period. Although the published literature indicates that a rapid fluorogen degradation 

should occur in the presence of light (DeForest, 2009), we did not observe this 

phenomenon while assessing MUF over 12 days, in an environment with controlled 

humidity and temperature (Figure 15).  This is an interesting observation, which we did 

not pursue due to being out of scope. However, we believe this observation might be 

related to the type of ambient lighting in the laboratory, which is different than natural 

sunlight.  

 

 

Figure 15 Stability of MUF-Phosphate with and without light exposure in a seawater 

dilution matrix and tested over 12 days. Since the lid was removed, humidity 

was controlled to prevent evaporation of the sample over time. 
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In vitro assays are versatile and sensitive tools to screen libraries of compounds 

under different parameters in a short period of time. Multiple sample measurements in a 

single experimental plate, complete with controls for sample and microenvironment 

consistency, permitting insights to be extracted. Sample and microenvironment 

consistency are more important when working with environmental samples, as small 

variability inevitably arise due to sampling time, source and environmental heterogeneity 

(Osenberg et al., 1994). Using a 96-well assay, we tested fluorogen-substrates in 

standardized bacterial inoculums to measure the extracellular enzyme catalysis of 

fluorogen-substrates indirectly over a range of incubation periods, pHs and temperatures.
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Chapter 5 Profiling of fluorogen and fluorogen-substrates in vitro 

Work referenced in this chapter contributed to the publication titled, Early 

biofouling detection using florescence-based extracellular enzyme activity in the journal, 

Enzymes and Microbial Technology. The publication is attached and can be found in 

Chapter 8.2. 

 

 Fluorescence stability and intensity of two fluorogens, MUF and β-NA, in 5.1

seawater matrix 

 

Fluorogen stability and signal intensity are two critical parameters to measure and 

characterize when developing a sensing application based on fluorescence measurements. 

These two factors are impacted by the aqueous matrix and photosensitivity of the 

molecule. Seawater is a complex matrix, both physiochemical and biologically, which 

varies based on regional and seasonal sampling. These variants in composition may 

contain molecules capable of inhibiting or quenching the fluorescence signal, therefore 

warranting characterization in the water of interest. Equally important is the robustness of 

the fluorogen under ambient light when employed in the assay as described in Chapter 4. 

Photoreactivity, the ability of light to impact the chemical molecule, was further studied 

for the fluorogen moieties, MUF and β-NA. These fluorogens were tested in a seawater 

dilution matrix over a period of 24 h and over a range of concentrations for MUF over 60 

minutes with read intervals of 5 minute. Results are shown in Figure 16. 



94 

 

 

Figure 16 Fluorogen fluorescent signal profile with and without exposure to light for 4-

Methyumbelliferone (MUF) and β-Naphthylamine (β-NA), over 24 hours (A). 

Titrations of MUF assessed over 60 minutes for signal inhibition in seawater 

(B). Mean was plotted with error bars representing range. 
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In Figure 16A, differences between fluorogen signal intensity with and without 

light exposure were either negligible (β-NA) or slightly higher in light protected samples 

(MUF). MUF (0 – 240 µM) was further characterized by assessing the signal every five 

minutes for one hour (Figure 16B) in seawater. We looked for degradation of the signal 

to discover natural inhibitors and/or quenchers in the water matrix. Stability of the signal 

remained constant over the monitoring period, pointing to no inhibition or quenching 

over time in the matrices tested. As mentioned previously, monitoring up to twelve days 

did not indicate any matrix related degradation (Figure 15). These experiments confirm 

no adverse fluorescent signal quenching or signal inhibitors were found in Red Sea water 

under the conditions we tested. We conclude that MUF demonstrates feasibility for use as 

a fluorogen in subsequent fluorogen-substrate characterizations. 

 

 Fluorogen-substrate cleavage in standardized bacterial inoculums 5.2

 

Fluorogen-substrates fluoresce only when the bond between the substrate and 

fluorogen moiety is cleaved. Hence signal intensity is dependent on two primary factors, 

concentration of fluorogen-substrate and availability of catalytic enzymes. Two 

fluorogen-substrate molecules, MUF-Phosphate (0 – 200 µM) and MUF-nabdG (0 – 80 

µM), were titrated two-fold in drinking water and seawater standardized inoculums over 

60 min in a 96-well microtiter plate (Figure 17).  
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Figure 17 Titrations of two fluorogen-substrates, MUF-Phosphate (0 – 200 µM) (A) and 

MUF-nabdG (0 – 80 µM) (B) in drinking water (left) and seawater (right) 

using standardized bacterial inoculums. MUF-nabdG exhibited almost no 

signal in drinking water as opposed to seawater, indicating the necessity to 

screen in the water of interest. Mean was plotted with error bars representing 

range. Note scale of (B) Drinking Water for MUF-nabdG. 

 

We note that MUF-Phosphate had markedly different signal intensities for the 

same concentrations in drinking water and seawater inoculums, indicating a matrix effect. 

In seawater, concentrations of MUF-Phosphate 25 µM and greater are rapidly cleaved to 

liberate the fluorogen product, exceeding the machine detection limit within 30 minutes. 

Meanwhile in drinking water, MUF-Phosphate signal over the tested concentration range 
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did not reach machine detection limits over the 60 minutes tested. This can be due to 

enzyme catalytic rates between drinking and seawater samples. We note that MUF-

nabdG was not catalyzed in drinking water over the range tested, leading to the 

conclusion that the enzyme responsible was not present or inhibited. When tested in the 

seawater inoculum, MUF-nabdG signal intensity increased linearly over the hour-long 

measurement indicating continued cleavage by enzymes. The presence of signal in 

seawater and lack of signal in drinking water points to either the lack of catalytic 

enzymes in drinking water inoculum or enzyme dysfunction in the drinking water matrix. 

We believe the former to be the case, but this opens another door for further 

investigations and once again elucidates the importance of screening in the matrix before 

applying to an application. 

 

 Bacterial abundance correlated to fluorogen-substrate signal in seawater 5.3

after 15 and 30 minutes of incubation 

 

Fluorogen liberation as a result of enzymatic activity provides an indicator for the 

determination of relative concentration of bacteria. A correlation between seawater 

bacterial concentrations and relative fluorescence signal can be seen in Figure 18. A 

standardized seawater inoculum was titrated two-fold from 100 to 1.5%, with 0 being 

seawater without bacteria. MUF-Phosphate was applied exogenously at a fixed 

concentration of 5 µM to all the sample wells. At each time point, the fluorogen signal 

correlated linearly to percent bacterial inoculum. This indicates a relationship between 

bacteria abundance and signal generated. As bacterial inoculum is titrated down, bacterial 

extracellular enzymes are also reduced, leading to fluorescence signal decrease. We 
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believe a correlation exists and can be determined to quantify bacterial abundance. This 

ratio will vary based on matrix properties and the physiological state of the microbial 

community. 

 

 

Figure 18 Seawater bacteria inoculum fluorescently measured at 15 and 30 minutes with 

MUF-Phosphate (5 µM). Mean was plotted with error bars representing range. 

 

 Effect of pH and temperature on fluorogen, fluorogen-substrate and 5.4

enzymes responsible for cleavage as relates to signal intensity and stability 

 

Although the Red Sea’s surface water temperature ranges from 27 to 35°C and its 

pH from 7 to 8 (Chaidez et al., 2017), a broader screening of pH and temperature at the 

higher spectrum was performed to explore the adaptability of the technique for systems 

outside these ranges. Enzymes and substrates are proteins, which undergo conformational 
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changes depending on pH and temperature, either promoting or restricting the binding of 

the substrate and thereby affecting the fluorescence signal (Bélanger et al., 1997). We 

note that different pH and temperature optimums are expected, as enzymes responsible 

for cleavage of the substrate vary. We therefore tracked fluorogen signal intensity for 

MUF, MUF-Phosphate and MUF-nabdG to assess the effect of pH and temperature on 

these compounds and indirectly on the enzymes that cleave them. 

 

Fluorescence signal measurements were conducted for pH range of 7 to 10 and 

temperature range of 25 to 55C. Figure 19 shows that the signal intensity of the MUF 

fluorogen moiety increased, two-fold, as pH increased from 7 to 10,  which we found to 

be in agreement with previous reports for similar compounds (Gee et al., 1999). This 

trend was not observed for either MUF-Phosphate or MUF-nabdG signal intensities. The 

limiter here is the activity of the enzyme, which is affected by pH shift. This is in line 

with pH optimums previously reported of enzymes (Bisswanger, 2014; Niemi and 

Vepsäläinen, 2005). Red Sea water standardized samples used to measure MUF-

Phosphate and MUF-nabdG, show optimums at pH 9 and 8 respectively. MUF-nabdG 

signal dropped significantly after pH 9. We theorize that as previously noted, either the 

enzyme responsible for MUF-nabdG cleavage or the active site was denatured by the pH 

shift. 

 

Fluorescence signal for MUF-Phosphate increased from 1,800 to 7,500 RFU 

(+400%) as matrix temperature was raised from 25 to 55C. Meanwhile, the fluorescence 

signal from MUF-nabdG increased from 1,800 to ~4,500 RFU (+250%) only as the 
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temperature increased from 25 to 45C. Afterwards, a drop of ~50% was measured when 

temperature shifted from 45 to 55C. Temperature dependence is a known factor of 

enzyme catalytic rates, typically increasing as temperature rises to an optimum 

(Bergmeyer, 1977; Bisswanger, 2014; Marx et al., 2001). Increases in temperature past 

the optimum apex result in molecular destabilization, leading to decreased enzymatic 

activity. 
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Figure 19 MUF-Standard, MUF-Phosphate and MUF-nabdG were profiled over a range 

of pH (A) and temperature (B) in seawater standardized samples at a single 

concentration. All measurements were taken following 30 minutes of 

incubation. Mean was plotted with error bars representing range. 
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As our results show, both pH and temperature have an effect on signal intensity. 

Fluorogen intensity for the standard generally increased across the tested pH and 

temperature ranges. Meanwhile, we observed that the two fluorogen-substrates, MUF-

phosphate and MUF-nabdG, exhibited different optimums for both variables tested. The 

fluorogen moiety was affected independently of the fluorogen-substrate cleavage, which 

depends on enzyme activity to cleave the bond before the signal is generated. These 

enzymes have pH and temperature optimums and are therefore required to be assessed 

independently of the fluorogen.  

 

We understand from the results that by modifying the microenvironment of the 

reaction, the fluorescence signal strength can be manipulated. This concept can be 

adapted to the final application in any given system. Ambient conditions, such as pH and 

temperature, can be adjusted during the measurement phase to boost signal strength. For 

example, after using an optimized incubation pH, to favor enzyme catalytic activity, 

resulting in increased fluorogen molecule cleavage, the microenvironment of the reaction 

can be subsequently adjusted, by injecting either an alkaline or acidic solution, to 

improve the fluorescent signal. Similarly, enclosing the sensor inside a temperature-

controlled cabinet can be used to optimize the enzyme cleavage phase, and then modified 

to optimize the fluorogen signal emission. The capability to manipulate the sensor 

independent is therefore important to increase both sensitivity and signal strength. These 

modifications require understanding the impact ambient parameters have on both 

fluorogen liberation and signal strength. 
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The characterization of both the fluorogen and fluorogen-substrate fluorescence 

profiles is thus important to determine suitable candidates for downstream applications. 

Understanding the ambient conditions of the final application is consequently important 

in developing the assay for assessing both fluorogen intensity and enzyme catalysis. 

Therefore, our specific results demonstrate the suitability of the prototype sensor in 

providing a response in the range of pH and temperature observed over the year in Red 

Sea Water. Moreover, the method can be applied to test fluorogens and fluorogen-

substrates for applications that operate in different pH and temperature ranges.  Although 

not within the scope of our work, the generality of the method permits testing additional 

variables, such as ionic concentration or metallic ion effect, on fluorogen intensity and 

enzyme activity in the matrix of interest. Industrial processes occur in both natural and 

artificial conditions and therefore a quick method to test ambient parameters for 

fluorogen stability and enzyme activity is essential. 

 

 Calibrations of MUF-Phosphate to state of art in biofouling- ATP 5.5

measurements 

 

Fluorogen liberation, as a result of enzymatic activity, provides an indicator of the 

relative abundance of bacteria. To avoid false positives or artifacts, calibration of the 

sensor is important. In our work, we calibrated bacterial quantities using the industry 

standard, ATP measurements. We performed the calibration using a series of steps 

described in Figure 20. First, measurements of MUF-Phosphate titrations at fixed 

concentrations of bacteria, over a 30-minute period (Figure 20A) were performed. The 

fluorescence signal increased linearly as the concentration of MUF-Phosphate increased. 
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To assess the capability of fluorogen-substrate to detect varying concentrations of 

bacteria, 50 µM of MUF-Phosphate was used to measure a concentration in bacteria 

ranging from 10
5
 to 10

8
 CFU/mL (Figure 20B). The reaction, measured by fluorogen-

substrate catalysis proceeded linearly across the range of measured concentrations in 

bacteria. As expected, bacterial enzymatic cleavage of MUF-Phosphate occurred faster 

for higher bacterial concentrations. This is indicative of our hypothesis that enzymes 

responsible for cleavage are proportional to number of bacteria. The rate of reaction 

(mean RFU per minute) versus the bacterial concentration was graphed to generate a 

calibration curve for 50 µM of MUF-Phosphate in the bacterial range of 1x10
5
 to 1x10

8
 

CFU/mL as presented in Figure 20C. The fluorescence-based sensor, by assessing the 

extracellular enzyme activity is therefore capable of generating a response that is 

proportional to the number of bacteria present in the system. To validate this claim, the 

sensor response was correlated with the concentration of ATP. 
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Figure 20 MUF-Phosphate titrations tested at fixed concentrations of bacteria to gauge 

the effect of the concentration on the signal intensity response over time (A). 

Titration of seawater bacterial tested with MUF-Phosphate (50 µM) (B). The 

reaction rate (RFU/min) versus bacterial concentration (C). ATP correlated to 

rate of fluorescence generated per minute for the extracellular enzyme activity 

assay (D). All experiments were conducted in triplicates; error bars correlate to 

95% Confidence Intervals.  

 

ATP measurements were selected to calibrate the sensor response as it is a 

primary tool used in biofouling diagnostics. Living cells utilize ATP to fulfill essential 

cellular functions, making it a viable comparator when assessing bacterial concentrations. 

ATP measurements were performed using the luciferin-luciferase assay as described in 

Chapter 3.1.1. Measurements of ATP can be used either to quantify the amount of 

biomass deposited in the system during membrane autopsy or to monitor the growth 
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potential of bacteria in seawater to predict biofouling potential (Abushaban et al., 2017). 

The ATP signal for the bacterial range we tested, measured in relative luminescence units 

(RLU), increased as bacterial concentration increased (Supplementary Figure 2) 

demonstrating a trend similar to the one seen in Figure 20C. RLU from ATP 

measurements were converted to picograms of ATP, as per manufacturer calibrations. 

The rate of fluorogen-substrate cleavage by bacteria correlated linearly to ATP 

concentrations of bacteria within the 0 – 1,500 picogram per mL range (Figure 20D). 

Linearity observed in the response demonstrates that fluorogen-substrate cleavage is 

comparable to ATP measurements, a widely used method for bacterial analysis. This 

calibration is vital to validation of the fluorogen-substrate cleavage by extracellular 

enzyme to detect bacterial abundance. 
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Chapter 6 Tracking seawater biofouling using EEA and OCT 

Work referenced in this chapter contributed to the publication titled, Early 

biofouling detection using florescence-based extracellular enzyme activity in the journal, 

Enzymes and Microbial Technology. The publication is attached and can be found in 

Chapter 8.2. Furthermore, a provisional patent based on this work, titled 

FLUORESCENCE BASED EXTRACELLULAR ENZYME ACTIVITY ASSAY FOR EARLY 

DETECTION OF BIOFOULING IN SEAWATER DESALINATION SYSTEMS, has been 

published on August 9, 2018, under International Publication No. WO2018/142195 

(Refer to Chapter 8.3).  

 

 Scaling-up from in vitro to lab-scale continuous flow system 6.1

 

Previous studies have demonstrated the feasibility of using EEA measurements 

for assessing biomass abundance in drinking water systems (Fiksdal and Tryland, 2008). 

In this study, in vitro assay results indicate that bacterial titrations can be measured 

within 15 to 30 minutes using MUF-Phosphate in seawater. Transitioning to lab-scale, the 

module under biofouling investigation is halted, tested, cleaned, and returned back to 

operation at each sampling point without inadvertently interfering with either operation 

or sampling. To achieve this, the inlet and outlet flow are arrested to isolate the flow cell. 

Then, appropriate volumes of fluorogen-substrate are introduced into the system and 

incubated for the requisite period. Following reagent incubation, samples are removed for 

assessment as described previously in Chapter 3.2 and schematically in Figure 9. 
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Switching from in vitro microtiter plate assays to lab-scale experiments presents a 

number of challenges during system design and operation. Many of these challenges 

revolve around factors such as scaling reaction volume, reagent preparation, flow control, 

incubation period, residual removal, and finally validation. Overcoming these challenges 

requires understanding the parameters of the system and modifying appropriately. Some 

of these considerations are detailed in the sections below. 

 

Reaction volume and flow conditions are important factors to consider as there 

are stark differences between working in the microliter scale found in vitro work versus 

the liter scale found in most lab-scale setups. The volume difference is especially 

manifest in relation to reagent consumption, which increases from microliter to mL based 

on the total volume under investigation, and mixing variables. Mixing in the in vitro 

assay involved pipetting a microliter amount of fluorogen-substrate into a known volume 

of sample- relatively quickly, with mixing occurring during the blow-out phase of the 

pipetting. Here, mixing of the fluorogen-substrate is reliant on the flow velocity from the 

injection port to the sampling port. 

 

A problem that occurs as a result of operating in large systems with multiple 

components is bacterial colonization outside the area under investigation. If this ensues, it 

is possible for late stage biofilm maturation to cause dispersion of bacterial cells to 

colonize subsequent surfaces, leading to false positives in most detection techniques. To 

prevent this, we had to ensure our system was selecting for colonization inside the area of 

investigation, namely the modified flow cell with membrane and spacer. Our system was 
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operated using ~100 L of unfiltered Red Sea water, which was recirculated through the 

system at a constant flow rate of 16 L per hour (hydraulic retention time of 6.25 hours). If 

the contents of the tank were being circulated every 6.25 hours, we postulated that the 

tank would not serve as an incubation zone for bacterial growth. During operation, we did 

not notice substantial biomass deposition inside the sea water tank. Instead, bacterial 

growth occurred inside the modified flow cell on the membrane and spacer, in agreement 

with our hypothesis that the flow cell is more conducive to bacterial attachment than the 

sea water tank. 

 

To control flow and sampling points, introduction of an injection port upstream 

and a sampling port downstream of the modified flow cell was essential. Three way 

valves with leur lock connectors, as shown in Figure 21, were used to control the flow 

and sample the flow cell. Leur locks connections are typically used in the clinical field to 

attach syringes to tubing with minimal leakage. At each time point, the prepared 

fluorogen-substrate syringe was connected using the leur lock port and the valve was 

turned to close the flow through the system. Closing the valve to the inlet water flow 

opened the syringe port into the flow cell module. Fluorogen-substrate was thus injected 

into the system and samples were collected after incubation from the sampling port. Due 

to the diffusive nature of both bacterial enzymes and the fluorogen-substrate molecule, 

the entire membrane module was able to be assessed. 
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Figure 21 Three-way valve with leur lock port for injection or sampling 

 

Reagent preparation for the bench scale experiment was important to calculate in 

advance. Our model typically fouled over 3 to 5 days, accelerated due to operation with 

recirculating water. Because of the short time frame, we sampled every 6 hours for a total 

of 4 samples per day. Over the course of 5 days, we thus would need a minimum of 20 

injections of fluorogen-substrate. Since our reaction volume in the flow cell setup was 

larger than the in vitro plate volume (20 mL vs ~0.2 mL), we prepared MUF-Phosphate 

in bulk and aliquoted into leur lock syringes. These syringes were stored at -20C and at 

each time point one syringe was acclimated to room temperature prior to use. For this 

reason, it is vital to understand the stability profile of the fluorogen and fluorogen-

substrate. For MUF-Phosphate, we previously examined photosensitivity and temperature 

impacts when undergoing the freeze/thaw cycle. After sampling, the resultant product 

removed from the sampling port or lack thereof was frozen at -80C until the completion 

of the experimental run. All samples were then acclimated to room temperature and 

measured for fluorescence signal at the same time in the same plate. This process ensured 

the reagent concentration remained the same across the experiment during sampling, that 
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each test was performed in a standardized manner to limit artifacts arising from reagent 

manipulation, and that all samples were read on one plate for direct comparison. 

 

Once the fluorogen-substrate enters the sampling space, the next challenge was to 

determine the total incubation time required. Previous in vitro data (Chapter 5.3) 

indicated 15 to 30 minutes of incubations using MUF-Phosphate was sufficient to detect 

bacterial abundance. Since our aim was to develop a sensor capable of measuring rapidly, 

we arbitrarily capped total sampling time to 20 minutes. In our experiments, incubation 

lasted for 15 minutes and a total of 5 minutes were allotted for manipulations involving 

closing the flow and flushing the system with sterile seawater dilution matrix. Flushing 

the system is important to remove any residual signal molecules and substrate from the 

system. Since biofilms by nature are adherent, we were not worried about dislodging the 

biofilm during the flush cycle. Using the 20 minute sampling cycle, we were able to both 

sample the flow cell and bring it back online without a lengthy off-line phase. This can 

further be improved by introducing a bypass for the feed line during sampling. 

 

 Optical coherence tomography (OCT) to validate fluorogen-substrate 6.2

cleavage measurements 

 

To corroborate our method of tracking biofouling using EEA, optical coherence 

tomography (OCT) was chosen from amongst other imaging techniques. OCT has 

emerged as one of the most robust techniques for monitoring biofilm growth on-line, in 

situ, and non-invasively in a membrane flow cell. Scanning Electron Microscopy (SEM) 

and Confocal Laser Scanning Microscopy (CLSM) have higher resolution and have been 
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classically used for biofilm studies. However, both techniques have limitations when 

used in situ. Both SEM and CLSM require the use of staining or contrast agents, which 

risk altering the biofilm morphology (Le-Clech et al., 2007; Sun et al., 2011) and may 

make it cost-prohibitive for online monitoring in full-scale plants. In addition, both 

techniques often necessitate destructive imaging, which often takes place ex situ. Another 

major limiter is the field of view for both. SEM and CLSM are able to detect single cells 

of bacteria, at the microscale; which is not conducive to monitoring growth over a large 

surface, such as found in a membrane module. Meanwhile, OCT is powerful for 

visualization at the millimeter scale, which gives a more holistic picture of biofilm 

activity. 

 

 

Figure 22 Putting into perspective different visualization techniques to investigate biofilm 

structure. Image from Wagner et al., 2010. 
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OCT, based on low-coherence interferometry, is not a new technique, having 

emerged in the early 1990s as a tool for imaging the human eye (Häusler et al., 1999). In 

simple terms, the OCT is similar to ultrasound except it employs light instead of sound, 

allowing for greater resolution. It is practical to measure the membrane module for 

biomass accumulation because of no special preparation of the sample is required. In 

addition, the camera does not require immersion into the sample. Thus, by simply 

employing a transparent pane, it is possible to directly visualize the surface of the 

membrane filled channel, even during flow. More specifically, it has been used for in situ 

biofouling assessment in spacer filled channels, similar to the setup we employed 

(Fortunato and Leiknes, 2017). We therefore utilized OCT to acquire 2D cross sectional 

scans of the membrane surface to track biofouling and validate the EEA signal.  

 

In total, understanding the above parameters led to the operational setup as 

photographed in Figure 23. We operated this setup using Red Sea water to assess 

biofouling over time. 
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Figure 23 Lab-scale biofouling setup (A). Close-up of the modified flow cell with 

injection (right) and sampling (left) ports (B). Transparent window of the flow 

cell with OCT camera positioned over the membrane and feed spacer filled 

channel (C). 

A

B

C
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 Lab-scale operation to track biofouling using OCT and EEA 6.3

 

The lab-scale biofouling model was operated while measuring EEA and capturing 

2D cross-sectional OCT scans of the monitored area over time (Figure 24). EEA was 

measured using fluorescence based cleavage of MUF-Phosphate at 6 hours and OCT 

images of the membrane surface were captured every 12 hours to determine the 

progression of biomass accumulation. Initiation of biomass deposition was noted from 12 

hour onward by both increasing EEA-based fluorescence signal and representative OCT 

scans of the flow cell. As biomass deposits, fluorescence signal, resulting from 

fluorogen-substrate cleavage, increases from baseline linearly over 36 hours and then 

exponentially after 36 hours. This is indicative of rapid fluorogen liberation. Meanwhile, 

extracellular enzyme activity fluorescence measurements at 60 hours (~20,000 RFU) and 

84 hours (~30,000 RFU) correlate to OCT 2D cross-sectional scans at the same time 

point depicting enhanced biomass accumulation, specifically around the feed spacer. As 

expected, the florescence signal increased as bacterial biomass accumulated inside the 

fouled modified flow cell. 
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Figure 24 Results of biofouling tracking EEA cleavage of MUF-Phosphate (A) and 

representative OCT images from the flow cell surface (B). White arrows 

indicate biomass accumulation around the membrane feed-spacer (oval objects 

in cross-section). 

 

Our results indicate that EEA based on fluorescence is comparable to OCT in 

tracking biomass accumulation in the MFS. The intensity of the fluorescence signal 

increased linearly at the early bacterial attachment phase, rising rapidly as biomass 

accumulated. This can be associated with increased bacterial enzyme presence as 

bacterial abundance increased. In Figure 24, we observe early biomass deposition on the 

feed spacer using the OCT method, which is in agreement with previous studies 

monitoring biological growth on membrane surfaces (Fortunato et al., 2017a). 

 

Using OCT to visualize biomass accumulation validates and demonstrates the 

practicality of using EEA to monitor biomass accumulation across the membrane module 

in seawater processes. Designing and operating this setup has increased awareness of the 
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factors involved in scaling from in vitro to lab-scale. We believe we have successfully 

translated the fluorogen-substrate cleavage method for tracking biofouling of sea water 

reverse osmosis membranes. In the next chapter, we speak of the many challenges ahead 

to moving this technology forward. 
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Chapter 7 Summary and future research 

 Summary 7.1

 

In this work, we demonstrate the use of fluorogen-substrate cleavage by microbial 

enzymes to monitor biomass accumulation. In doing so, we lay the early stages of a 

sensor useful for tracking biofouling in saline water. This process involved developing a 

standardized assay for measuring extracellular enzymes; profiling fluorogen-substrate 

molecules for activity in different matrices and at different ambient parameters. In 

addition, we operated one fluorogen-substrate over time in a lab-scale setup, 

representative of a sea water reverse osmosis membrane module, with continuous flow of 

Red Sea water to assess biofouling. Fouling was tracked using discreet fluorescence 

measurements of extracellular enzyme based cleavage of fluorogen-substrates and with a 

state of the art microscopy technique as a validation tool. 

 

Selecting fluorogen-substrate for use in seawater biofouling, or other applications, 

requires the use of a rapid screening platform. Characterization of the fluorogen moiety 

and screening suitable fluorogen-substrate target entails standardizing an inoculum that is 

consistent and replicable in a short period of time. Inoculum standardization is a difficult 

step in assay development as sample source, collection time, and composition directly 

affects the type of bacterial communities present. This requires measuring samples 

multiple times, longitudinally, to minimize artificial results and warrant appropriate 

comparison. A clear advantage of screening in microtiter plates is multiple samples can 

be measured in an experimental plate, complete with controls for sample and 
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microenvironment consistency. Sample and microenvironment consistency are more so 

important when working with environmental samples, as small variability inevitably arise 

due to sampling time, source and environmental heterogeneity. Understanding this 

feature is critical for deriving insights from the variables being tested. Fluorogen-

substrates were tested in standardized bacterial inoculums to measure signal over a range 

of incubation periods, pH and temperature. During the process, we refined a simple assay 

to test the seawater matrix, characterize fluorogens and fluorogen-substrates and measure 

extracellular enzyme catalysis of fluorogen-substrates in 96-well microtiter plates. 

 

 Profiling of fluorogens and fluorogen-substrates 7.2

 

Fluorogen stability in seawater was assessed in the 96-well microtiter plate assay 

for signal inhibitors or quenchers, as well as potential degradation during manipulations 

in ambient lighting. Within the methodological context of the microtiter plate assay, there 

was no significant bleaching or deterioration of the MUF and β-NA fluorogen moieties in 

seawater or by exposure to light over 24 hours. We believe that the polystyrene protected 

the fluorogen moiety from degradation. Although this was the case for polystyrene, it is 

important to assess reagent photodegradation if other material types are employed. 

 

MUF-Phosphate and MUF-nabdG signals in seawater were measured over time 

using a standardized bacterial inoculum to gauge enzyme functionality and catalytic 

speed. MUF-Phosphate was cleaved rapidly (< 15 minutes) as compared to MUF-nabdG 

(> 15 minutes), evidenced by fluorogen liberation and subsequent fluorescence signal 
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intensity. Concentrations of MUF-Phosphate greater than 25 µM exceeded machine 

detection limits within 30 minutes. This is an important observation to consider when 

determining two requirements for the final application; time availability and 

concentration of fluorogen-substrate required. 

 

Monitoring of real-time processes involve time constricted measurements and 

therefore benefit from fluorogen-substrates with rapid catalytic activity. This directly 

minimizes or negates the time associated with bringing the system off-line for sampling. 

Therefore, elucidating the correlation between fluorogen-substrate concentration and 

signal intensity permits exploitation of the fluorogen-substrate concentrations to optimize 

the “measurement window”. The “measurement window” can be considered the entire 

duration required to sample the system (pre-sampling preparation, sampling and post-

sampling). If lengthy or advanced sample manipulation is required, lowering the 

concentration of fluorogen-substrate prolongs the time in which measurements are within 

detectable limits. Conversely, raising fluorogen-substrate concentrations shrink the 

measurement window resulting in faster signal generation. Modulating the fluorogen-

substrate concentration impacts the measurement window and can best be determined by 

calibration and assessing application requirements. In simpler terms, when speed of 

measurement is important, increasing the concentration of fluorogen-substrate into the 

system will yield a faster fluorescent product as compared to baseline. 

 

Since pH and temperature are critical parameters that are application-specific, a 

robust method to test fluorogen and fluorogen-substrate cleavage in different pH and 
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temperature conditions to gauge impact on signal intensity and enzyme cleavage rates 

was established. The fluorogen moiety is affected independently of the fluorogen-

substrate cleavage. Raising pH and temperature resulted in increased fluorescence signal 

strength for the fluorogen MUF. Catalytic activity relies on the pH and temperature 

optimums of the enzyme responsible and is therefore required to be assessed 

independently of the fluorogen moiety. This trend was not observed for MUF-Phosphate 

and MUF-nabdG signal intensities, easily explainable as the enzymes and substrates are 

proteins and hence their activity is contingent on stability and reaction conditions. 

Therefore, pH and temperature cause conformational changes at the active sites – 

promoting or restricting substrate binding or denature the enzyme entirely. This can serve 

to diminish catalysis and thereby decrease fluorescence signal. Variability between 

optimums for pH and temperature are also expected as different enzymes are responsible 

for cleavage of the two fluorogen-substrates tested. This is important as industrial 

systems often operate across a range of pH and temperatures. We established a robust 

method to test fluorogens and the cleavage of fluorogen-substrates, under different pH 

and temperature conditions, in order to gauge their impacts on the signal intensity and the 

enzyme kinetic rate. Understanding the impact on the signal therefore leads to a tailored 

approach when combining biology with technology for transition into practice.  
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 Challenges to fluorogen-substrate measurements 7.3

 

Limitations of this method must be considered before implementation in pilot-

scale setups. At a fundamental level, further studies on bacterial regulation of 

extracellular enzymes are required as enzyme production can be regulated by a variety of 

factors such as bacterial growth phase, metabolic, and physiological conditions (Burns, 

1982). Bacterial populations under stress might also produce proportionally more or less 

enzymes of a specific type than other populations (Cotner and Wetzel, 1992; Münster et 

al., 1992; Overbeck, 1991), leading to potential over- or underestimation of bacterial 

activity. Microbial enzymes are controlled at the genetic level and are controlled by 

feedback inhibition mechanisms to limit overproduction of any particular enzyme past 

required levels. The impact of these feedback loops effect up and down regulation of 

enzyme production and are important to understand in the context of indirect 

quantification of bacteria. This can be done fundamentally by studying gene regulation 

using model organisms in the presence or absence of the substrate of interest. Improved 

understanding can lead to a better quantification system for tracking microbes. 

 

Building off the fact that microbial enzymes cleave the fluorogen-substrate for 

very practical reasons, i.e. to assimilate the resulting molecule, it is imperative to 

understand the fate of the substrate post liberation. Throughout this work, we have 

focused on detecting the liberated fluorogen moiety, without considering the impact of 

the substrate on the bacterial population. These molecules most probably are involved in 

metabolism and lead to growth of the bacterial cells. Anticipating this, we introduced a 

flush cycle into the lab-scale setup with the rationale being to remove the liberated 
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substrate before it can promote any substantial biomass growth. The flush step 

successfully prevents substrate from accumulating, but introduces another challenge 

associated with discarding the fluorogen and uncleaved fluorogen-substrates.  

 

Although the substrate should pose no challenge to conventional waste-water 

treatment processes, it is imperative to understand the public health implications of 

discharging fluorogen-substrates and byproducts of this reaction into the waste-water 

stream. Only by further testing can these molecules be deemed safe for disposal straight 

into conventional systems. Until then, it would be prudent to remove or sequester these 

molecules to reduce potential risks to organisms and the environment. 

 

Finally, at the current state, the fluorogen-substrate method proposed is an indirect 

reporter based system and thus qualitative. This means that an exact quantitative method 

has not been developed, and instead the system relies on the signal increases or decreases 

relative to the baseline. Therefore, qualitative systems require calibrations to set the 

baseline before determination of significance in subsequent reads. Hence, the system 

should be operated from a virgin state until fouling occurs, after which time pre-fouling 

conditions can be demarcated into biofouling risk indices. This presents the challenge as 

each system must be independently calibrated. We propose this calibration can be 

completed using an on-site pilot-scale setup, operating at parameters similar to the full-

scale setup, monitoring biomass accumulation over time and correlating with 

performance decrease. However, this is not to say that all calibrations should be thought 

of entirely as an additional burden. Each application is unique in terms of operating 
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parameters. Therefore calibration based on each system’s individual process should yield 

the closest link between biomass accumulation and fouling propensity. We foresee, 

especially with further understanding of the molecular interactions and the rise of 

advanced analytic capabilities, a move from fluorogen-substrate measurements being 

exclusively qualitative to quantitative. 

 

 Recommendations and future research 7.4

 

The goal of applied research is always to translate discovery into practice. We set 

out to investigate methods to quantify bacteria rapidly and in situ on otherwise 

inaccessible surfaces, such as the opaque spiral wound membrane module used for 

reverse osmosis. This required building a method capable of indirectly reporting on the 

activity of bacteria inside the system. With this work, we have set the ball rolling, 

hopefully downhill, and suggest the following avenues for future research. 

 

The first critical task in moving this system from a lab-scale is to automate the 

sampling process. Automation, in the context of our work, entails isolating the module 

under investigation from flow, introducing the fluorogen-substrate, measuring 

fluorescence signal, flushing the contents, and reverting back to standard operation. 

These steps would in practice be operated by a combination of solenoid valves and 

pumps, all controlled by a computer. The clear advantage to automation is the uniformity 

of the data, reducing errors that occur from manual sampling. This data can be collected 

longitudinally to extract insights on biomass impact on performance. Transitioning to an 
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automated system can also be useful for multiplexing fluorogen-substrates, targeting 

multiple enzyme reactions in a single run. Multiplexing could be used to cover the 

current gap caused by using one type of fluorogen-substrate, increasing the coverage of 

this technique. 

 

Along the lines of multiplexing, future research could also investigate the 

capability of fluorogen-substrates to quantify non-bacterial microbes, specifically algae. 

There is evidence in the literature to support algal production of extracellular enzymes 

(Chróst, 1991). This is important as algae are disruptive in uncontrolled growth periods 

referred to as algal blooms (Hallegraeff, 2004). 

 

Determination at a fundamental level of which enzymes are responsible for 

cleavage of a particular fluorogen-substrate within an actual module is an open question 

that requires follow-on work. We expect that by isolating the enzymes responsible, it 

would be possible to determine the type of colonizing organisms these enzymes originate 

from. Identifying the relevant enzymes permits chemically engineering either the 

fluorogen or substrate molecule towards the development of novel fluorogen-substrate 

molecules for targeted detection. This will further strengthen use of this approach in 

biofouling monitoring and determining appropriate cleaning regiments. 

 

The downstream application of this work should result in the development of a 

biofouling risk index. This index would be able to ascertain the level of fouling within the 

module, in addition to drive a prognostic approach to resolving the fouling. Development 
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of the biofouling risk index can only occur through long-term validation and learning on 

a particular system. The use of automation and data acquisition within this context will 

aid in index development. With this additional information, plant operators will have the 

necessary insight to guide cleaning protocols to increase operation time and reduce 

cleaning costs. For the desalination field, this translates directly into more efficiency and 

increased water production. Further lowering the cost of desalination will tap further into 

the saline water conversion process to generate more water for a growing world. 

 

The aim of this work is to translate into practice, where it can be used as an 

observation tool to improve operating efficiency. Extracellular enzyme activity as a 

qualitative measure of bacterial abundance has application in a number of industrial 

processes where monitoring of deviations from steady-state levels of bacteria are 

important. These practices often require monitoring that is relative to baseline activity, 

but not exact quantification. The seawater desalination process is a prime example in 

which background levels of bacteria require monitoring to prevent growth leading to 

operational disruption. With further lab-scale testing using actual feed water and 

prototype development for pilot-scale testing, we postulate the fluorogen-substrate 

cleavage method can be aptly tailored as a supplementary tool to assess bacterial 

abundance in industrial practices. 
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Highlights: 

 Biosensor for early membrane biofouling detection based on in situ fluorescence 

measurements 

 Extracellular enzyme activity validated with OCT to track biomass accumulation 

 In vitro platform for fluorogen and fluorogen-substrate characterization 

 Robust assay for testing a range of pHs and temperatures 

 

Abstract: 

Membrane-based filtration technologies have seen rapid inclusion in a variety of 

industrial processes, especially production of drinking water by desalination. Biological 

fouling of membranes is a challenge that leads to increased costs from efficiency 

reductions, membrane damage and ultimately, membrane replacement over time. Such 

costs can be mitigated by monitoring and optimizing cleaning processes for better 

prognosis. A fluorescence-based sensor for early biofouling detection capable of 

measuring extracellular enzyme activity was developed. The selected fluorogen and 

fluorogen-substrate were characterized and down selected by in vitro screening for 

compatibility in seawater and profiled over relevant Red Sea desalination parameters (pH 

and temperature). ATP measurements are currently regarded as start-of-the-art when 

assessing biomass accumulation in membrane-based filtration systems. Therefore, the 

fluorescence sensor response was measured for a range of bacterial concentrations and 

validated using an ATP assay. We demonstrate the efficacy of the proposed approach for 

the quantitative assessment of bacteria activity in seawater rapidly and sensitively. 

Following in vitro testing, the method was employed in a lab-scale seawater reverse 
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osmosis (SWRO) system for suitability in monitoring biofouling formation. The sensor 

successfully measured bacterial biomass accumulation rapidly and non-invasively using 

exogenously applied fluorogen-substrates. The sensor response was corroborated with 

real-time in situ non-destructive imaging of the membrane surface. This approach 

demonstrates the practicality of prototyping an early-detection biofouling sensor in 

membrane based processes using extracellular enzyme activity as a measure of bacterial 

abundance. 

Keywords: Biofouling; Desalination; Extracellular enzyme activity; Fluorogen-

substrate; MUF-Phosphate; Reverse Osmosis 
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1 Introduction 

The use of membrane filtration technologies for water purification has gained 

popularity with the increasing clean water demand for industrial and domestic use due to 

its reduced footprint and energy requirement while maintaining high-quality water 

production (Montgomery and Elimelech, 2007). The current global desalination capacity 
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is approximately 100 million m
3
/d, with ~64% of the total capacity produced by 

membrane processes (Ghaffour et al., 2013). A growing number of water-stressed or arid 

countries are increasing their water supplies using seawater desalinated using Reverse 

Osmosis (RO) membrane filtration in almost all recently built plants (Peñate and García-

Rodríguez, 2012). A critical cost driver for operating membrane-based desalination plants 

is biological fouling, commonly referred to as ‘biofouling’. Biofouling is caused by the 

growth of bacteria on membranes that leads to a reduction of the effective membrane area 

(Vrouwenvelder et al., 2009). 

 

Figure 25 Schematic of the formation of bacterial biofilm in which bacteria are present in 

an aqueous medium (Stage 1); initiation of adherence to the surface (Stage 2); 

bacteria continue to replicate and grow, forming a protective layer around the 

immature biofilm (Stage 3). At maturation, the biofilm is recalcitrant to 

removal and has a propensity to cause fouling while actively releasing colonies 

to replicate the process (Stage 4). 

The formation of biofilm, bacterial communities, is a natural process in which 

groups of bacteria adhere to a membrane surface and mature via ‘encapsulation’, as 
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schematically described in Figure 25. Mature biofilms exhibit anti-bactericidal properties 

and are often recalcitrant to detachment (Davies, 2003). When exacerbated, biofilm 

formation leads to biofouling, resulting in a decreased efficiency of water production 

and/or degradation of the membrane’s properties. This results in an increase in costs 

associated with cleaning regimens and shortened membrane lifespans (Greenlee et al., 

2009).  Currently, biofouling is detected mainly through a change in physical properties 

(e.g., increased transmembrane pressure, or reduced permeate flux through the membrane 

(Dreszer et al., 2014)). Since these parameters manifest themselves during the mature 

stage of biofilm formation, biofouling is difficult to remedy and cleaning efficiency is 

limited. Detecting bacterial activity, prior to biofilm formation and maturation, can help 

alleviate recurring costs associated with biofouling and increase productivity of the 

desalination process. 

There are a number of methods capable of detecting bacterial abundance, both 

qualitatively and quantitatively, that can be adapted for the non-invasive, non-destructive 

characterization of biofilms(Lopez-Roldan et al., 2013). Current detection techniques can 

be divided into two categories, depending on their mode of operation, physical and 

reporter- based detection. 

Physical detection relies on observing the membrane surface and monitoring the 

changes that initiate the formation of the biofilm. This is done using a variety of imaging-

based systems, light and epifluorescence microscopy techniques (Nguyen et al., 2012), 

electron microscopy, confocal laser scanning microscopy (Wolf et al., 2002), magnetic 

resonance imaging (MRI) (Valladares Linares et al., 2016), and, more recently, optical 

coherence tomography (OCT), which has gained popularity because of its ability to 
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visualize biomass accumulation at the membrane surface (Li et al., 2016; Wagner et al., 

2010). OCT has previously been used to study the development of biofouling in 

membrane filtration systems (Fortunato et al., 2017c), and to evaluate the efficiency of a 

two-phase flow cleaning process in a spacer- filled channel (Wibisono et al., 2015). 

Although a powerful tool in studying biofouling fundamentals, the greatest limitation to 

the full-scale application of physical detection systems is the requirement to isolate the 

area under investigation to a pre-defined field of view. 

Reporter-based systems rely on indirect measurements, often via enzyme-based 

cleavage or receptor-specific binding, to generate measurable signals. This approach has 

been leveraged for indirect measurements of bacterial abundance with varying degrees of 

sensitivities. Techniques such as flow cytometry, fluorescence in situ hybridization 

(FISH), and polymerase chain reaction (PCR) are highly sensitive methods that can be 

used to enumerate bacterial numbers. However, these techniques often require technical 

expertise, complex sample preparation, and relatively long incubation periods (4-6 

hours). (Prest et al., 2013; Rompre et al., 2002; Virág et al., 1995) These attributes are 

limiting factors for full-scale applications to detect early biofouling. On the other hand, 

immuno-based assays and receptor-based technologies can offer simple, fast and 

sensitive methods to detect bacteria. These techniques do run the risk of limiting 

detection to specific bacterial molecules that the assay is designed to detect (Haugland 

and Johnson, 1993). Currently, ATP measurements performed with luciferin-luciferase 

assays are used as the main technique in biofouling diagnostics (Abushaban et al., 2017). 

ATP measurements involve a destructive process requiring cell lysis and can be difficult 

to perform in situ. Enzyme-based cleavage of reporter molecules offers a ‘balanced’ 
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alternative option between specificity and ease to enumerate bacteria in a rapid and 

sensitive manner (Christian and Karl, 1995). Previously, measurements of extracellular 

enzyme activity (EEA) have been used for bacterial enumeration in drinking water 

(Chilvers et al., 2001; Fiksdal and Tryland, 2008; Manafi et al., 1991), nutrient turnover 

(at ecosystem level) (Hoppe, 1993; Li and Chróst, 2006; Steen and Arnosti, 2011), 

freshwater (Garcia-Armisen et al., 2005), seawater (Caruso et al., 2002), soil samples 

(Bell et al., 2013) and field monitoring of coastal waters (Davies and Apte, 1999; Fiksdal 

et al., 1994). The concept of bacterial enumeration via reporter-based methods can be 

explored as a potential technique for simple, rapid and scalable monitoring of biofouling 

in seawater reverse osmosis membrane modules. 

Fluorescence measurements of extracellular enzyme activity using exogenously 

applied fluorogen-substrates may be the most robust technique available today for 

biofouling monitoring. The sensitivity of this method been improved by the exchange of 

chromatographic indicators with fluorophores. Fluorophores bound to bacterial 

substrates, fluorogen-substrates, can be applied exogenously to measure bacterial 

extracellular enzyme activity (Christian and Karl, 1995; Steen et al., 2015). By design, a 

fluorogen-substrate complex contains a quenched fluorogen moiety that,  when liberated 

via catalytic reaction by specific enzymes,   can emit a fluorescence signal up to 500x  the 

quenched signal (Figure 26) (Wildeboer et al., 2009). As both the substrate molecule and 

the fluorogen moiety can be chemically engineered to interact with enzymes of choice, a 

library of fluorogen-substrates has been developed over the past decade (Perry et al., 

2006). Therefore, there exists a need to rapidly profile fluorogen-substrates in varying 
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operating conditions for quantification of microbes in water systems relevant to industrial 

application. 

 

Figure 26 Graphical representation of a fluorogenic substrate cleavage event by 

extracellular enzyme activity resulting in the release of the fluorescently active 

fluorogen moiety. While bound to the substrate, the fluorogen moiety is 

quenched. As the fluorogen-substrate bond is catalyzed by specific enzymes, 

the fluorogen molecule is liberated and fluoresces. 

Fluorogen substrate libraries have not been thoroughly characterized in seawater 

for requisite incubation periods, pHs and temperatures, mainly due to the lack of fast and 

reliable assays. The need for characterizing fluorogen and fluorogen-substrates is 

especially important in industrial processes where non-physiological conditions (extreme 

temperature or pH) often exist. Here, we propose an in vitro assay that is sensitive, 

inexpensive and easy to implement for the screening and characterization of fluorogen 

and fluorogen-substrates over a range of parameters. This approach was developed using 

Red Sea water but can be adapted for other aqueous samples.  
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The main objectives of this study were to identify fluorogen-substrates compatible 

with Red Sea water and to test the feasibility of using fluorescence-based extracellular 

enzyme activity to develop a sensor capable of monitoring the biomass accumulation in a 

flow cell. 

2 Materials and Methods 

2.1 Absorbance and fluorescence measurements- 

A spectrophotometer, SpectraMax M5e (Molecular Devices, USA), was used to 

measure absorbance (600 nm) in 96-well polystyrene flat-bottom microplates (Model 

#3358, Corning, USA) and fluorescence (excitation 355 nm; emission 465 nm) in 96-well 

flat black microplates (Model #655096, Greiner Bio-One, Austria). Kinetic 

measurements collected over a fixed time period were used to measure each well of the 

plate temporally and recorded using a SoftMax Pro Data Acquisition Software 

(Molecular Devices, USA). GraphPad Prism (GraphPad Software Inc., USA) was used 

for all graphs and statistical analysis. All experiments were performed in triplicates and 

repeated a minimum of three times. Error bars indicate 95% Confidence Intervals unless 

indicated otherwise. 

2.2 Water samples and reagents- 

Unfiltered Red Sea water was collected locally, on the KAUST Thuwal Campus. 

All water samples were collected and used the same day. Sterile yeast extract was added 

as a nutrient supplement (62.5 mg/L) and incubated at 30C, for 24 hours, without 

agitation. Microbial analysis was performed using adenosine triphosphate (ATP) 
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measurements and flow cytometry. ATP concentrations were measured using the 

luciferin-luciferase bioluminescence reaction previously described by Fortunato et al 

(Fortunato et al., 2016). Flow cytometry was used to estimate bacterial cell counts using 

the BD Accuri™ C6 (BD Biosciences, USA) (Prest et al., 2014). Dilution matrices of 

both seawater and drinking water were prepared in which samples were boiled for 15 

minutes, acclimated to room temperature and filtered through a 0.22 µM Vacuum filter 

unit (model #431097, Corning, USA). Two fluorogen standards, 4-methylumbelliferone 

(MUF) and β-Naphthylamine (β-NA), and two fluorogen-substrates, 4-

Methylumbelliferyl Phosphate (MUF-Phosphate) and 4-Methylumbelliferyl N-acetyl-β-

D-glucosaminide (MUF-nabdG) were purchased from Sigma-Aldrich as lyophilized 

powder, reconstituted as per manufacturer instructions, and aliquoted into sterile black 

microcentrifuge tubes. Fluorogen standards were stored at 4C, whereas fluorogen-

substrates were stored at -20C, until use. 

2.3 Fluorogen stability testing under light conditions- 

The photoreactivity of fluorogens diluted in the seawater dilution matrix was tested 

using polystyrene plates, at ambient temperature, over a period of 24 hours. Freshly 

prepared fluorogen standards were added to 4 mL of the seawater dilution matrix, at 

different time points, into the wells of 6-well plate (Model #3506, Corning, USA), 

covered with the polystyrene plate lid. Plates were subsequently placed inside a chamber, 

with and without light exposure. All samples were collected at the end and fluorescence 

was measured in triplicates. Further testing of MUF-Phosphate in polystyrene wells, with 

and without plate lids, was conducted in the seawater dilution matrix over a period of 12 
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days. Experiments were performed inside a chamber with regulated temperature and 

>95% relative humidity to reduce evaporation. 

2.4 Titrations of bacterial inoculum using constant fluorogen-substrate-  

Titrations of bacterial inoculum using constant concentrations of fluorogen-

substrate were set up in 96-well black flat-bottom microplates (Supplementary Figure 1). 

Briefly, dilution matrix (100 µL/well) was added to all wells of rows B to H. Water 

samples were added (200 µL/well), starting at A1 up to A10.  5 samples were tested, in 

duplicates, for each titration. 200 µL of fluorogen standard were added to wells A11 and 

A12. Using a multi-channel pipette, 100 µL from row A were serially diluted, two-fold, 

to row B, and the process was repeated up to row G. (The final 100 µL were discarded). 

Wells H1 to H10 contain negative controls containing no bacteria. For assay calibration, 

columns 11 and 12 were used to generate fluorogen standard curves, and wells H11 and 

H12 were used as controls for the background fluorescence in the dilution matrix. Prior to 

microplate read, 10 µL of fluorogen-substrate was added to all wells of columns 1 to 10. 

2.5 Titration of fluorogen-substrates with constant inoculum-  

Two 96-well microtiter plates, Sample Read Plate and Fluorogen-Substrate 

Dilution Plate, were set up as follows: 

(A) Sample Read Plates were set up as bacterial titration plates, as described in 

Section 2.4, but with aliquots of standardized water inoculum (100 µL per well), 

instead of the dilution matrix,  added to Columns 1 to 10. Plates were stored at 

room temperature until use. 
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(B) Fluorogen-Substrate Dilution Plates were set up by filling 25 µL of the dilution 

matrix in all wells of columns 1 to 10, except for row A. Fluorogen-substrates, 

prepared in dilution matrix at a 10X concentration, were aliquoted (50 µL / well) to 

wells A1 to A10. Fluorogen-substrates were serially diluted, two-fold from row A 

to row G, using 25 µL of solution each time and discarding the last transfer. 

Once prepared, 10 µL from each well of the Fluorogen-Substrate Dilution Plate 

were transferred to the corresponding well of the Sample Read Plate. Fluorescence 

measurements were started immediately after completion of the transfer. 

2.6 Profiling pH and temperature effect on fluorogen signal intensity and 

extracellular enzyme activity- 

For pH profiling, aliquots of water samples (dilution matrix for fluorogen standard 

and standardized inoculum for fluorogen-substrate testing) were adjusted to pH 7, 8, 9, 

and 10, using 1M CaCO3. The pH-adjusted samples were transferred to wells of a 96-

well plate, at which point either fluorogen standard or fluorogen-substrates were added 

and fluorescence measurements recorded. For temperature profiling at 25, 35, 45, and 

55°C, samples from the dilution matrix or the standardized inoculum were aliquoted into 

microcentrifuge tubes and acclimated to the desired temperature, using dry baths 

(ThermoFisher Scientific, USA). As appropriate, fluorogen or fluorogen-substrates of the 

corresponding temperature were added to samples. Samples were removed after the 

incubation period, transferred to wells of a 96-well plate, and their fluorescence signals 

were measured. 

2.7 Configuration of the lab -scale biofouling study- 
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A lab-scale setup was operated using a membrane fouling simulator (MFS) with 

recirculated Red Sea water, as previously described (Fortunato and Leiknes, 2017) with 

the following modifications. Three-way valves were fitted upstream and downstream of 

the MFS for the injection of the fluorogen-substrate and subsequent collection of the 

sample (Figure 27). 5 mL aliquots of MUF-Phosphate were prepared in luer lock 

syringes, stored at -20C, and used after thawing to room temperature. At each sampling 

time point, the flow to inlet and outlet of the MFS was halted as MUF-Phosphate (5 µM 

final concentration in system) was injected and incubated for 15 minutes. After 

incubation, ~2 mL of sample was removed via the sampling port syringe for fluorescence 

testing. At this point, the system was flushed with filtered Red Sea water through the 

injection and sampling ports, before reopening the inlet and outlet valves and restarting 

the system. 
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Figure 27 Schematic of the extracellular enzyme activity sensor, consisting of a modified 

fouling simulator with injection and sample ports. A probe integrated with 

video camera housing the optical coherence tomography unit was used to track 

biofilm development. At each extracellular enzyme activity sampling point, the 

flow from the inlet and outlet is halted while the fluorogen-substrate is injected 

via the injection port and incubated inside the fouling simulator. After 

incubation, the sample is removed via the sample port for fluorescence 

measurements. The system is then flushed and restarted. Total sampling time is 

20 minutes. 

2.8 Optical coherence tomography (OCT) Imaging-  

Simultaneously, a spectral domain OCT system device Ganymede II from 

Thorlabs, GmbH (Germany), armed with a scan lens (LSM 03BB), was used to assess the 

fouling development non-invasively in the flow cell. The OCT probe was mounted on the 

flow cell for continuous monitoring in a confined area. Scans were acquired periodically, 
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over the entire observation period (84 hours). The cross-sectional scans (1557 x 613 

pixel) corresponded to 6.23 mm x 1.80 mm (width x height).   OCT scans were processed 

using the FiJi software. Images were filtered to reduce the noise and both contrast and 

brightness were adjusted. A false-color lookup table was applied for visualization 

purposes, as previously described by Fortunato et al (Fortunato et al., 2017b). 

3 Results 

Early biofouling detection can be a key parameter in reducing the cost associated with 

membrane-based desalination using guided membrane cleaning processes. In this study, 

we assessed fluorogen-substrate cleavage by extracellular enzyme activity as a potential 

method to enumerate bacterial abundance in seawater and tested, at the lab scale using a 

membrane biofouling model. The effects of the matrix on fluorogen molecules were 

assessed using drinking water and Red Sea water. More precisely, fluorogen, fluorogen-

substrate and standardized Red Sea water inoculums were characterized in vitro to assess:  

 Concentration dependence and speed (rate) of catalysis of fluorogen-substrates by 

Red Sea water bacterial inoculums; 

 Effects of pH and temperature on fluorogen signal intensity and fluorogen-

substrate cleavage; 

 Correlation of the rate of RFU/min to ATP’s concentration for bacterial inoculum. 

Lab scale experiments were performed using MUF-Phosphate to track the bacterial 

abundance in a MFS. The fluorescence signal resulting from the enzymatic cleavage of 

the fluorogen-substrate was monitored every 6 hours over a period of 84 hours. 
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Simultaneously, the visualization of the membrane’s surface by OCT was conducted 

every 12 hours to confirm the progression of biofouling. 

3.1 Fluorogen stability dependence on water type 

The stability of the fluorogen and its signal intensity vary, based on the type of water 

used; therefore, it is important to characterize them before screening fluorogen-substrate 

libraries. The photoreactivity of two fluorogens, MUF and β-NA, were observed in the 

seawater dilution matrix over a period of 24 hours (Figure 4A). Differences between 

fluorogen signal intensities, with and without light exposure, were either negligible (β-

NA) or slightly higher in light-protected samples (MUF). To assess the signal 

degradation in seawater, MUF (0 – 240 µM) was characterized (in seawater) every five 

minutes, for one hour, as shown in Figure 4B, and over a 12 day-period (Supplementary 

Figure 2). Signal intensities for similar concentrations were found higher in seawater 

compared to those in drinking water, highlighting the impact of the matrix on the 

fluorogen intensity. Although signal intensities varied with the composition of the matrix, 

the signal remained stable over the entire monitoring period, pointing to no significant 

signal degradation over time. 
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Figure 28 Fluorescent signal profiles were assessed for 4-Methylumbelliferone (MUF) 

and β-Naphthylamine (β -NA) with and without exposure to light over 24 

hours (A). MUF (0- 240 M) was evaluated for signal inhibition in seawater 

over 60 minutes (B). MUF was further assessed in seawater over a 12-day 

period (Supplementary Figure 2). Mean of triplicates were plotted with error 

bars representing the range. 

 

3.2  Impacts of concentration, pH, and temperature on fluorescence 

intensity for two fluorogen-substrates in seawater inoculums 

MUF-Phosphate (0 – 200 µM) and MUF-nabdG (0 – 80 µM) were titrated two-fold 

in seawater standardized inoculums for 60 minutes (Figure 29). Concentrations of MUF-
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Phosphate  25 µM were rapidly cleaved to liberate the fluorogen product, approaching 

the detection limit within 30 minutes. MUF-nabdG’s signal intensity increased linearly 

over the one-hour measurement period, across all measured concentrations. For both 

fluorogen substrates tested, the signal intensity and fluorogen-substrate concentration 

were positively correlated. 

 

Figure 29 Titrations of MUF-Phosphate (0 – 200 µM) (A) and MUF-nabdG (0 – 80 µM) 

(B) in drinking water (left) and seawater (right), using standardized bacterial 

inoculums. MUF-nabdG exhibited almost no signal in drinking water as 

opposed to seawater, indicating the necessity to screen the water of interest. 

Note: scale of drinking water for MUF-nabdG (B). Mean of triplicates are 

plotted with error bars representing range. 
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Fluorescence properties of the fluorogen moiety and enzyme catalytic rates are 

impacted by pH and temperature shifts. The signal intensity of the fluorogen was tracked 

for MUF, MUF-Phosphate, and MUF-nabdG to assess the effects of pH and temperature 

(Figure 6). Fluorescence signal measurements were conducted for pHs 7, 8, 9, and 10 and 

temperatures of 25, 35, 45, and 55C. Although pHs greater than 9 and temperatures 

above 45C are uncommon in the desalination process, it is possible for ambient 

parameters to reach these levels in other industrial applications. 
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Figure 30 MUF-Standard, MUF-Phosphate, and MUF-nabdG were profiled in seawater 

standardized samples, at a single concentration for pH (7, 8, 9, and 10) (A) and 

temperature (25, 35, 45, and 55°C) (B). Fluorogen intensity for the standard 

generally increased across the tested pH and temperature ranges. MUF-

Phosphate and MUF-nabdG exhibited different optimums for both variables. 

All measurements were taken following 30 minutes of incubation. Mean of 

triplicates are plotted with error bars representing the range. 

Fluorescence signal intensity of MUF doubled over both pH and temperature ranges 

tested. Measurements of the two fluorogen substrates showed a pH dependence in line 
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with pH optimums previously reported for enzymes (Bélanger et al., 1997; Bisswanger, 

2014; Niemi and Vepsäläinen, 2005). Seawater standardized inoculums were used to 

measure MUF-Phosphate and MUF-nabdG, showing signal optimums at pH 9 and 8 

respectively. MUF-nabdG signal significantly dropped after pH 9, indicating either the 

enzyme responsible for MUF-nabdG cleavage or the active site of the fluorogen-substrate 

was denatured by the shift in pH. The increase in temperature from 25 to 55C correlated 

with an increase of the fluorescence signal for MUF-Phosphate, from 1800 to 7500 RFU 

(+400%). Meanwhile, the fluorescence signal from MUF-nabdG increased from 1800 to 

~4500 RFU (+250%), as temperature increased from 25 to 45C. A fluorescence signal 

drop of 50% was measured when temperature increased from 45 to 55C. Temperature 

dependence is a known factor impacting enzyme catalytic rates, typically driving activity 

up as the temperature rises to an optimum (Bergmeyer, 1977; Marx et al., 2001). 

Increases in temperature past the optimum result in enzyme destabilization, leading to a 

decreased enzymatic activity. The aim of this work was to demonstrate the versatility of 

the assay to assess the impacts of pH and temperature to gauge compatibility for 

industrial application. 

3.3 Extracellular enzyme activity: an indirect measure of bacterial counts 

tested in vitro and in a lab scale biofouling model  

Fluorogen liberation, as a result of enzymatic activity, provides an indicator of the 

relative abundance of bacteria. Calibration of the sensor was performed by measuring 

MUF-Phosphate titrations at fixed concentrations of bacteria, over a 30-minute period 

(Figure 31A). The fluorescence signal increased linearly as the concentration of MUF-
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Phosphate increased. To assess the capability of fluorogen-substrate to detect varying 

concentrations of bacteria, 50 µM of MUF-Phosphate was used to measure a 

concentration in bacteria ranging from 10
5
 to 10

8
 CFU/mL (Figure 31B). The reaction, 

measured by fluorogen-substrate catalysis proceeded linearly across the range of 

measured concentrations in bacteria. Bacterial enzymatic cleavage of MUF-Phosphate 

occurred faster for higher bacterial concentrations. The rate of reaction (mean RFU per 

minute) versus the bacterial concentration was graphed to generate a calibration curve for 

50 µM of MUF-Phosphate in the bacterial range of 10
5
-10

8
 CFU/mL as presented in 

Figure 7C. 
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Figure 31 MUF-Phosphate titrations tested at fixed concentrations of bacteria to gauge 

the effect of the concentration on the signal intensity response over time (A). 

50 µM of MUF-Phosphate was tested over a titration of seawater bacterial 

inoculum for 30 minutes (B). The reaction rate, expressed in RFU/min was 

graphed versus bacterial concentration and then compared to ATP 

concentration (C). ATP correlated linearly to rate of fluorescence generated per 

minute for the extracellular enzyme activity assay (D). All experiments were 

conducted in triplicates; error bars correlate to 95% Confidence Intervals. 

ATP measurements were performed using the luciferin-luciferase assay as 

described in Section 2.2. The ATP signal for the bacterial range tested, measured in 

relative luminescence units (RLU), increased as bacterial concentration increased 

(Supplementary Figure 3) demonstrating a trend similar to the one seen in Figure 31C. 

RLU from ATP measurements were converted to picograms of ATP, as per manufacturer 

calibrations. The rate of fluorogen-substrate cleavage by bacteria correlated linearly to 
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ATP concentrations of bacteria within the 0 – 1,500 picogram per mL range (Figure 7D). 

Linearity observed in the response demonstrates that fluorogen-substrate cleavage is 

comparable to ATP measurements, a widely used method for bacterial analysis. 

A lab-scale biofouling model was operated while measuring EEA and capturing 2D 

cross-sectional OCT scans of the monitored area over time (Figure 8). MUF-Phosphate 

was used to sample the MFS every 6 hours, and OCT images were captured every 12 

hours to monitor the accumulation of biomass. Initiation of the biomass deposition was 

observed from 12 hours onward by both increasing EEA-based fluorescence signal and 

OCT scans of the flow cell. As biomass deposition increased, the fluorescence signal 

resulting from the fluorogen-substrate cleavage increased from the baseline, linearly over 

36 hours, and then exponentially after 36 hours, indicative of a rapid liberation of 

fluorogen. Extracellular enzyme activity fluorescence measurements at 60 hours (~20,000 

RFU) and 84 hours (~30,000 RFU) correlated to OCT 2D cross-sectional scans at 60 and 

84 hours, showing an increase in biomass accumulation. 
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Figure 32 Results of biofouling tracking using EEA of MUF-Phosphate (A) and OCT 

imaging (B) from the modified fouling simulator are shown. The fluorescence 

signal increased as bacterial biomass accumulated inside the fouling simulator. 

Representative OCT images indicate biomass accumulation (white arrows) on 

the membrane feed-spacer. 

4 Discussion 

4.1 In vitro profiling of fluorogen and fluorogen-substrates 

Selecting a fluorogen-substrate for characterization in seawater biofouling or other 

applications requires the use of a rapid screening platform. Characterizing the fluorogen 

moiety and screening suitable fluorogen-substrate targets entails standardizing an 

inoculum that is consistent and replicable in a short period of time. Sample and 

microenvironment consistencies are therefore particularly important when working with 

environmental samples, as small variabilities inevitably manifest with sampling time, 

source, and environmental heterogeneities (Osenberg et al., 1994). Hence inoculum 

standardization requires measuring samples multiple times, longitudinally, to minimize 
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artificial results and warrant appropriate comparisons. A clear advantage of screening in 

microtiter plates is that multiple samples can be measured in a single experimental plate, 

complete with controls for sample and microenvironment consistency, permitting insights 

to be extracted. Using a 96-well assay, we tested fluorogen-substrates in standardized 

bacterial inoculums to measure the signal over a range of incubation periods, pHs and 

temperatures. During this process, we refined a simple assay to test the seawater matrix, 

characterize fluorogens and fluorogen-substrates, and to measure extracellular enzyme 

catalysis of fluorogen-substrates in 96-well microtiter plates. 

Fluorogen stability in seawater was assessed to determine if the intensity of the 

fluorogen signal decreased over time, and to test signal degradation during manipulations 

in ambient lighting. Within the methodological context of the microtiter plate assay, we 

found no significant decrease in intensity in seawater or by exposure to light over a 24h 

period. Although the published literature indicates that a rapid fluorogen degradation 

should occur in the presence of light (DeForest, 2009), we did not observe this 

phenomenon while assessing MUF over 12 days, in an environment with controlled 

humidity and temperature (Supplementary Figure 2).  This observation prompts further 

assessment, which is ongoing. 

MUF-Phosphate and MUF-nabdG signals in seawater were measured over time, 

using a standardized bacterial inoculum to gauge enzyme functionality and catalytic 

speed. MUF-Phosphate was cleaved rapidly (< 15 minutes), as compared to MUF-nabdG 

(> 15 minutes), evidenced by the fluorogen liberation and subsequent fluorescence signal 

intensity. Concentrations of MUF-Phosphate greater than 25 µM approached machine 

detection limits within 30 minutes. Time-constricted measurements, such as the 
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monitoring of real-time processes, benefit from fluorogen-substrates with fast catalytic 

activity to minimize or negate the off-line time associated with sampling. Understanding 

the connection between the concentration of the fluorogen-substrate and signal intensity 

is useful to optimize the “measurement window”. The “measurement window” can be 

considered the total duration required to sample the system (including pre-sampling 

preparation, sampling, and post-sampling). If lengthy or advanced sample handling or 

manipulation is required, lowering the concentration of fluorogen-substrate prolongs the 

time in which measurements are still within detection limits. Conversely, raising 

fluorogen-substrate concentrations shrink the measurement window, resulting in a faster 

signal generation. Modulating the fluorogen-substrate concentration impacts the 

measurement window and can be best determined by calibration and assessing 

application requirements. 

Although the Red Sea’s surface water temperature ranges from 27 to 35°C and its 

pH from 7-8 (Chaidez et al., 2017), a broader screening of pH and temperature at the 

higher spectrum was performed to explore the adaptability of the technique for other 

systems. We established a robust method to test fluorogens and the cleavage of 

fluorogen-substrates, under different pH and temperature conditions, in order to gauge 

their impacts on the signal intensity and the enzyme kinetic rate. The signal intensity of 

the MUF fluorogen moiety increased, two-fold, as pH increased from 7 to 10,  which we 

found to be in agreement with previous reports for similar compounds (Gee et al., 1999). 

This trend was not observed for either MUF-Phosphate or MUF-nabdG signal intensities. 

The fluorogen moiety was affected independently of the fluorogen-substrate cleavage, 

which depends on enzyme activity to cleave the bond before the signal is generated. 



159 

 

These enzymes have pH and temperature optimums and are therefore required to be 

assessed independently of the fluorogen. Enzymes and substrates are proteins, which 

undergo conformational changes depending on pH and temperature, either promoting or 

restricting the binding of the substrate thereby affecting the fluorescence signal (Bélanger 

et al., 1997).  We note that different pH and temperature optimums are expected, as 

enzymes responsible for cleavage of the substrate vary. The intensity of the MUF-

Phosphate signal in Red Sea water peaked at pH 9 and 55C, whereas MUF-nabdG 

peaked at pH 8 and 45C, across the range of bacteria tested. The characterization of both 

the fluorogen and fluorogen-substrate fluorescence profiles is important to determine 

suitable candidates for downstream applications. Understanding the ambient conditions 

of the final application is therefore important in developing the assay for assessing both 

fluorogen intensity and enzyme catalysis. Therefore, the results demonstrated the 

suitability of the sensor in providing a response in the range of pH and temperature 

observed over the year in Red Sea Water. Moreover, the method can be applied to 

applications that operate in different pH and temperature ranges.  Although not within the 

scope of our work, the generality of the method permits testing additional variables, such 

as ionic concentration or metallic ion effect, on fluorogen intensity and enzyme activity 

in the matrix of interest. Industrial processes occur in both natural and artificial 

conditions and therefore a quick method to test ambient parameters for fluorogen stability 

and enzyme activity is essential. 

After evaluation of the fluorogen intensity signal at different ranges of temperature 

and pH, the proposed approach was tested to gauge the suitability for quantitative 

assessment of bacterial activity. As shown in Figure 7C (rate vs bacteria), an increase in 
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the rate of fluorescence signal intensity generation was observed as bacterial 

concentrations increased. The fluorescence-based sensor, by assessing the extracellular 

enzyme activity is therefore capable of generating a response that is proportional to the 

number of bacteria present in the system. To validate this claim, the sensor response was 

correlated with the concentration of ATP. ATP was selected to calibrate the sensor 

response as it is the main tool in biofouling diagnostics. Living cells utilize ATP to fulfill 

essential cellular functions, making it a viable comparator when assessing bacterial 

concentrations. Measurements of ATP can be used either to quantify the amount of 

biomass deposited in the system during membrane autopsy or to monitor the growth 

potential of bacteria in seawater to predict biofouling potential (Abushaban et al., 2017). 

Enzyme rate correlation to ATP concentrations (Figure 7D) over the range of bacteria 

tested demonstrates the proposed approach collaborates with standard methods of 

detecting biomass in industrial systems. 

4.2 Biofouling study using fluorogen-substrate cleavage in a modified 

membrane fouling simulator 

The common practice in biofouling diagnosis of membrane-based systems consists 

of performing an ex situ membrane autopsy, involving the destructive characterization of 

the membrane unit. ATP is often used as an analytic parameter for measuring biomass 

accumulation, often coupled with image analysis of the surface to confirm the presence of 

biofilm structures. Being destructive in nature, membrane autopsies are performed after 

fouling is evident, limiting opportunities to remedy the problem quickly. 

In vitro results for MUF-Phosphate indicate that a measurable response can be 

obtained within 15 minutes of incubation, which was subsequently used as the incubation 
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time for lab-scale monitoring of biofouling in a MFS. As described previously, the MFS 

is often used to model industry-standard spiral-wound membrane modules used in the 

desalination of saline water (Farhat et al., 2015). Our modifications included the 

introduction of an injection port upstream and a sampling port downstream of the MFS. 

Due to the diffusive nature of both bacterial enzymes and the fluorogen-substrate 

molecule, it was possible to assess the state of the entire membrane module. We operated 

this system to track biofouling for the first time using Red Sea water. 

To corroborate our method of tracking biofouling using EEA, OCT was utilized for 

its robustness in monitoring biofilm growth on-line, in situ, and non-invasively, using a 

membrane based flow cell. Although Scanning Electron Microscopy (SEM) and 

Confocal Laser Scanning Microscopy (CLSM) have higher resolution, both techniques 

have limitations in situ, often necessitating destructive ex situ imaging. Moreover, both 

SEM and CLSM require the use of staining or contrast agents, which risk altering the 

biofilm’s morphology (Le-Clech et al., 2007). We therefore used OCT to acquire 2D 

cross-sectional scans of the membrane surface to track biofouling and validate the EEA 

signal. 

Our results indicate that EEA based on fluorescence is comparable to OCT in 

tracking the accumulation of biomass in the MFS. The intensity of the fluorescence signal 

increased linearly at the early bacterial attachment phase, rising more rapidly as biomass 

accumulated. Biomass disposition on the feed spacer was comparable and in agreement 

with similar studies using OCT (Fortunato et al., 2017a). Theoretically, increases in the 

fluorescence-based EEA signal do not depend on the localization of bacterial deposition, 
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demonstrating the practicality of using EEA to monitor biomass accumulation across the 

membrane module. 

4.3 Challenges and future directions 

The limitations of this method must be considered before further implementation 

into pilot-scale setups. At a fundamental level, understanding of the bacterial regulation 

of extracellular enzymes is required, as enzyme production can be regulated by bacterial 

growth, metabolic and physiological conditions (Burns, 1982). Bacterial populations 

under stress may also produce, in response, varying quantities of enzymes of a specific 

type rather than others  (Cotner and Wetzel, 1992; Münster et al., 1992; Overbeck, 1991), 

leading to a potential over- or underestimation of the bacterial activity. 

The ultimate goal of our work is to successfully transition extracellular enzyme 

activity measurements to industrial practice, where it can be used as a prognostic sensor. 

The work presented here is an important step forward in achieving this goal. Extracellular 

enzyme activity as a qualitative measure of bacterial abundance has applications in 

numerous industrial processes where the monitoring of deviations from steady-state 

levels of bacteria are important. The seawater desalination process is a prime example for 

which background levels of bacteria require monitoring to prevent overgrowth that is 

responsible for operational disruption. With further lab-scale testing, we postulate that 

fluorogen-substrate cleavage can be aptly tailored as a supplementary tool to qualitatively 

assess bacterial load in industrial practices where relative monitoring, but not exact 

quantification, can reduce the overall cost associated with biofouling.  
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5 Conclusion 

In this study, we developed a biosensor for biofouling detection based on assessing 

enzymatic cleavage of a fluorogen-substrate molecule. In addition, we set up an in vitro 

assay for profiling fluorogens and fluorogen-substrates interactions in water, over a range 

of pHs and temperatures. We found that: 

 A biosensor capable of detecting extracellular enzyme activity measured by 

fluorogen-substrate cleavage can monitor membrane-based biofouling; 

 Fluorogen stability of the MUF was not affected by Red Sea water or exposure to 

ambient light within the context of the assay, making the screening approach 

practical for bench scale experimentation; 

 The intensity of the fluorescence signal, both for fluorogen and enzymes 

responsible for fluorogen-substrate cleavage, are impacted by pH and 

temperature. 

 The extracellular enzyme activity rate (RFU/min) correlates positively with ATP 

concentrations, as measured by the luciferin-luciferase assay, within the bacterial 

range of 10
5
-10

8
. 
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8 Supplementary Figures 

 

Supplementary Figure 1 Schematic of the 96-well plate setup design to test fluorogen-

substrate in titrated water samples. 

 

Supplementary Figure 2 Stability of MUF-Phosphate with and without light exposure in 

a seawater dilution matrix and tested over 12 days. Since the lid was removed, 

humidity was controlled to prevent evaporation of the sample over time. All 

experiments were carried out in triplicates; error bar represents 95% CI. 
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Supplementary Figure 3 Luciferin-luciferase assay, an indirect measure of bacterial 

ATP used to measure bacterial concentrations. All experiments were carried 

out in triplicates; Range was graphed for each point but were smaller than the 

symbol.  
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Appendix 1: Overview of fluorogen and fluorogen substrates 

Table 6 Commercial fluorogens and fluorogen-substrate products (compiled 2014) 

 

Vendor Product # Fluorochrome FW Product Description

Sigma T2803 AFC* methylcoumarin 258.2 7-Ethoxy-4-(trifluoromethyl)coumarin 

Sigma T3165 AFC* methylcoumarin 244.2 7-Methoxy-4-(trifluoromethyl)coumarin

Sigma 5511 AMC- 7-amino-4-methylcoumarin 600.7 N-Acetyl-Arg-Gly-Lys(acetyl)-7-amido-4-methylcoumarin trifluoroacetate salt

Sigma 30916 AMC- 7-amino-4-methylcoumarin 827.9 pGlu-Arg-Thr-Lys-Arg-7-amido-4-methylcoumarin trifluoroacetate salt

Sigma A4302 AMC- 7-amino-4-methylcoumarin 360.3 L-Alanine 7-amido-4-methylcoumarin trifluoroacetate salt

Sigma A9891 AMC- 7-amino-4-methylcoumarin 175.2 7-Amino-4-methylcoumarin 

Sigma B9635 AMC- 7-amino-4-methylcoumarin 681.8 N-Benzoyl-Phe-Val-Arg-7-amido-4-methylcoumarin 

Sigma C8022 AMC- 7-amino-4-methylcoumarin 502 Z-L-Arg 7-amido-4-methylcoumarin hydrochloride

Sigma G4894 AMC- 7-amino-4-methylcoumarin 313.2 Glycine-7-amido-4-methylcoumarin hydrobromide

Sigma G6758 AMC- 7-amino-4-methylcoumarin 436.5 Glutaryl-L-phenylalanine 7-amido-4-methylcoumarin

Sigma H0157 AMC- 7-amino-4-methylcoumarin 324.8 trans-4-Hydroxy-L-proline-7-amido-4-methylcoumarin hydrochloride

Sigma L2145 AMC- 7-amino-4-methylcoumarin 324.8 L-Leucine-7-amido-4-methylcoumarin hydrochloride

Sigma P4454 AMC- 7-amino-4-methylcoumarin 827.9 pGlu-Arg-Thr-Lys-Arg-7-amido-4-methylcoumarin trifluoroacetate salt ≥97% (HPLC)

Sigma P5898 AMC- 7-amino-4-methylcoumarin 353.2 L-Proline-7-amido-4-methylcoumarin hydrobromide

Sigma P9273 AMC- 7-amino-4-methylcoumarin 575.7 Pro-Phe-Arg-7-amido-4-methylcoumarin ≥95%

Sigma S0763 AMC- 7-amino-4-methylcoumarin 681.7 N-Succinyl-Ala-Phe-Lys 7-amido-4-methylcoumarin acetate salt

Sigma S6393 AMC- 7-amino-4-methylcoumarin 298.7 L-Serine-7-amido-4-methylcoumarin hydrochloride

Sigma S6407 AMC- 7-amino-4-methylcoumarin 459.5 N-Succinyl-Ile-Ala-7-amido-4-methylcoumarin protease substrate

Sigma S8524 AMC- 7-amino-4-methylcoumarin 687.8 N-Succinyl-Ile-Ile-Trp-7-amido-4-methylcoumarin protease substrate

Sigma S8758 AMC- 7-amino-4-methylcoumarin 564.6 N-Succinyl-Ala-Ala-Phe-7-amido-4-methylcoumarin

Sigma T2141 AMC- 7-amino-4-methylcoumarin 338.4 L-Tyrosine 7-amido-4-methylcoumarin

Sigma T8934 AMC- 7-amino-4-methylcoumarin 312.8 L-Threonine 7-amido-4-methylcoumarin

Sigma V3262 AMC- 7-amino-4-methylcoumarin 389.4 L-Valine 7-amido-4-methylcoumarin trifluoroacetate salt

Sigma M0905 MUF- 4-methylumbelliferone 338.3 4-Methylumbelliferyl β-D-mannopyranoside

Sigma M1381 MUF- 4-methylumbelliferone 176.2 4-Methylumbelliferone

Sigma M1508 MUF- 4-methylumbelliferone 198.2 4-Methylumbelliferone sodium salt

Sigma M2133 MUF- 4-methylumbelliferone 379.6 4-Methylumbelliferyl N-acetyl-β-D-glucosaminide

Sigma M2405 MUF- 4-methylumbelliferone 500.5 4-Methylumbelliferyl β-D-lactopyranoside

Sigma M2514 MUF- 4-methylumbelliferone 288.3 4-Methylumbelliferyl heptanoate 

Sigma M3633 MUF- 4-methylumbelliferone 337.3 4-Methylumbelliferyl β-D-glucopyranoside 

Sigma M5510 MUF- 4-methylumbelliferone 322.3 4-Methylumbelliferyl β-D-fucoside 

Sigma M7133 MUF- 4-methylumbelliferone 294.3 4-Methylumbelliferyl sulfate potassium salt

Sigma M8883 MUF- 4-methylumbelliferone 256.2 4-Methylumbelliferyl phosphate

Sigma M9519 MUF- 4-methylumbelliferone 308.3 4-Methylumbelliferyl α-L-arabinofuranoside

Sigma M9763 MUF- 4-methylumbelliferone 582.6 4-Methylumbelliferyl β-D-N,N′-diacetylchitobioside hydrate

Sigma G2505 pNA- p-nitroanilide 399.4 N-Glutaryl-L-phenylalanine p-nitroanilide

Sigma L2158 pNA- p-nitroanilide 287.7 L-Leucine p-nitroanilide hydrochloride

Sigma P2664 pNA- p-nitroanilide 249.2 Pyroglutamic acid p-nitroanilide

Sigma P3169 pNA- p-nitroanilide 509.6 pGlu-Phe-Leu p-nitroanilide

Sigma S1384 pNA- p-nitroanilide 479.5 N-Succinyl-Ala-Ala-Val p-nitroanilide

Sigma 31618 β-naphthylamide 143.2 2-Naphthylamine - Standard

Sigma A2503 β-naphthylamide 250.7 DL-Alanine β-naphthylamide hydrochloride

Sigma A2628 β-naphthylamide 214.3 L-Alanine β-naphthylamide

Sigma A5414 β-naphthylamide 280.8 L-Alanine 4-methoxy-β-naphthylamide hydrochloride

Sigma A5907 β-naphthylamide 365.9 L-Arginine 4-methoxy-β-naphthylamide hydrochloride

Sigma A6512 β-naphthylamide 335.8 L-Arginine β-naphthylamide hydrochloride

Sigma A8027 β-naphthylamide 258.3 L-Aspartic acid α-(β-naphthylamide)

Sigma G0141 β-naphthylamide 302.3 L-Glutamic acid γ-(4-methoxy-β-naphthylamide)

Sigma G3626 β-naphthylamide 272.3 L-Glutamic acid γ-(β-naphthylamide)

Sigma H9758 β-naphthylamide 397.4 His-Ser 4-methoxy-β-naphthylamide acetate salt

Sigma L0376 β-naphthylamide 292.8 L-Leucine β-naphthylamide hydrochloride 

Sigma L6377 β-naphthylamide 313.4 Leu-Gly β-naphthylamide

Sigma N6875 β-naphthylamide 186.2 2-Naphthyl acetate

Sigma P4157 β-naphthylamide 519.5 Phe-Arg β-naphthylamide dihydrochloride

Sigma P7146 β-naphthylamide 619.8 Phe-Pro-Ala-Met 4-methoxy-β-naphthylamide

Sigma P7521 β-naphthylamide 426.5 Pro-Arg 4-methoxy-β-naphthylamide acetate salt
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Appendix 2 Sample screen in seawater and drinking water 

 
Supplementary Figure 1 Screen of MUF-Flurogen, MUF-nabdG, and MUF-Phosphate in 

Drinking water (blue) and Red Sea Water (red). 

Appendix 3 Supplementary figure for ATP vs bacterial concentration 

 

Supplementary Figure 2 Luciferin-luciferase assay, an indirect measure of bacterial ATP 

used to measure bacterial concentrations. All experiments were carried out in 

triplicates; Range was graphed for each point but were smaller than the symbol. 


