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ABSTRACT 

Single molecule analysis of the diffusion and conformational dynamics 

Maram Mansoor Abadi 

 

Spatial and temporal dynamics of polymer chains play critical roles in their rheological 

properties, which have a significant influence on polymer processing and fabrication of 

polymer-based (nano) materials. Many theoretical and experimental studies have aimed 

at understanding polymer dynamics at the molecular level that give rise to its bulk phase 

properties. While much progress has been made in the field over the past ~60 years, 

many aspects of polymers are still not understood, especially in complicated systems 

such as entangled fluids and polymers of different topologies. In addition, the physical 

properties of biological macromolecules, i.e. DNA, are expected to affect the spatial 

organization of chromosome in a cell, which has the potential impact on a broad 

epigenetics research. Here, we propose new methods for simultaneous visualization of 

diffusive motion and conformational dynamics of individual polymer chains, two most 

important factors that characterize polymer dynamics, based on a new single-molecule 

tracking technique, cumulative-area (CA) tracking method. We demonstrate the 

applicability of the CA tracking to the quantitative characterization of the motion and 

relaxation of individual topological polymer molecules under entangled conditions, 

which is possible only by using the newly-developed CA tracking, using fluorescently-

labeled linear and cyclic dsDNA as model systems. We further extend the technique to 
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multi-color CA tracking that allows for the direct visualization and characterization of 

motion and conformation of interacting molecules. We also develop a new imaging 

method based on recently developed 3D super-resolution fluorescence microscopy 

technique, which allows direct visualization of nanoscale motion and conformation of 

the single molecules that is not possible by any other methods. Using these techniques, 

we investigate spatial and temporal dynamics of polymers at the single-molecule level, 

with special emphasis on the effect of topological forms of the molecules and the 

confined geometry on their spatiotemporal dynamics. Our results demonstrate that the 

new methods developed in this thesis provide an experimental platform to address key 

questions in the entangled topological polymer dynamics. The research will provide a 

platform for developing new polymer-based materials and open the possibility of 

studying spatial organization of DNA in a confined geometry from physics point of view. 
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CHAPTER 1: INTRODUCTION 

 

 

1.1 Polymer physics and relevant research fields: 

Polymer physics forms the foundation of both academic and industrial 

researches in many fields, in particular life sciences and materials sciences. Elastic [1], 

structural [2] [3] [4] [5], and environmental response [6] properties of polymer (nano)-

materials such as polymer gels and films are the key for their application to scaffolds for 

tissue engineering [7], carriers for drug delivery [8][9], and separation science [10]. 

Smart molecular design and proper fabrication method based on the polymer dynamics 

at the level of their building block (i.e. single chain level or even single monomer level) 

are the main focus of recent development of new polymer materials. For instance, a 

recent study reported that physical properties of polymer thin films (e.g. glass transition 

temperature) are different from those in bulk [5][2], which arises from distinct polymer 

chain interactions in thin films and bulk polymers due to different local packing, 

orientation, and mobility of the chains. This indeed demonstrates that nanoscopic (sub)-

chain level understanding of polymer dynamics is essential for the development of 

functional polymer materials. 

In life science researches, a number of studies have revealed that polymer 

physics/dynamics is one of the most critical factors for spatial organization of DNA in 

cells [11][12], such as organization are segregation of chromosome in bacterial cells [13] 

and chromatin in eukaryotic cells [14][15][16]. It is also suggested that spatial packing of 
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DNA in viral capsids can be explained by polymer physics [17]. A growing evidence by 

theoretical, simulation, and experimental studies is accumulating to demonstrate that 

nanoscopic polymer physics aspect of DNA is essential for the deep understanding of its 

spatiotemporal organization in living system.  

Recent studies suggest that topological states of polymers have a significant 

effect on macroscopic properties of polymers and polymer materials [18][19]. For 

instance, a study on polymer gels using rheology measurement and simulation 

demonstrated that bulk elastic properties of the polymer gels are heavily influenced by 

topological ‘loop’ defects in the polymer network [20](Fig. 1-1a). Cyclization of polymer 

chains was also reported to have a critical effect on their stability in a self-assembled 

state. Recent studies revealed that the thermal stability of the micelles made from a 

polymer increased significantly by a linear to cyclic conversion [21][22] (Fig. 1-1b). These 

pioneering works point that topology-directed molecular design and fabrication opens a 

new way of controlling macroscopic physical and elastic properties of polymers and 

therefore developing new functional polymer materials. Cyclization or loop formation 

has also been reported to be a critical factor in the spatial organization of DNA in a 

confined space. Simulation studies predicted that the loop formation of a polymer 

promotes a spatial segregation of the chains in a confined space [23][14] (Fig. 1-1c). This 

was demonstrated experimentally by visualizing spatial organization of two daughter 

strands of DNA in bacterial cells [13]. It was also suggested by a simulation study that 

the ring topology of DNA may serve as a versatile mechanism for local spatial order of 
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chromatin [24]. Further, topological state of DNA was suggested to be an important 

factor for its spatial organization in more complicated system, chromatin folding in 

eukaryotic cells. A recent study using a combination of experiment work, mathematical 

modeling, and simulation suggested that the chromatin structure in cell nucleus is 

regulated by DNA binding protein-assisted loop formation and local chain-chain 

interaction due to the bending of chromatin fiber at kilobase scale [25]. Clearly, these 

studies indicate the topology driven spatial organization of chromosome in a cell. All 

these examples demonstrate that topology-driven local chain interactions occurring at 

the microscopic or nanoscopic scale, especially entanglement between polymer chains, 

lead to macroscopic properties such as rheological properties of polymer materials, self-

assemble of polymer micelles, and spatial organization of DNA in cells. 
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Figure 1.1: Nanoscopic topological interaction of polymer chains controls macroscopic 
properties. (a) Schematic illustration describing topological loop defects in polymer gel, 
which have a significant impact on the bulk elastic properties of the material. (b) 
Schematic illustration describing the formation of topological polymer micelles, in which 
topological interactions between cyclic chains have a significant impact on the bulk 
thermal stability of the self-aseembled structures. (c) Schematic illustration describing 
chromosome organization in a bacterial cell. The loop formation of DNA promotes their 
spatial segregation due to topological interactions between the looped chains in the 
confined space. Adapted from Ref. [20] (Fig. 1-1a), Ref. [21] (Fig. 1-1b), and Ref. [13] 
(Fig. 1-1c). 

 

  

1.2 Entangled polymer dynamics: 

As described in the previous section, macroscopic properties of polymers arise 

microscopically from entanglement of polymer chains. Polymer dynamics theories 

basically describe macroscopic properties of polymer such as stress relaxation based on 

microscopic relaxation of polymer chains such as conformational relaxation and 

diffusional motion occurring at different time and length scales (e.g. motion of each 
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segment in a chain, motion of entire chain, etc.) [26]. Polymer dynamics occurring in 

solution phase are divided into three concentration regimes; dilute, semidilute, and 

concentrated.  

At the dilute concentration regime, each polymer chain is spatially well isolated, 

and therefore, the effect of interactions between multiple chains such as entanglement 

on the polymer dynamics can be ignored. The dilute concentration regime is defined by 

concentrations (c)  below overlap concentration (c*, i.e. c < c*), which is described as c* 

= (3/4π)M/NARG
3 , where M is the molecular weight of the polymer, RG is the radius of 

gyration of the molecule, and NA is Avogadro’s number [27][28]. In the dilute regime, 

only intrachain interactions and interactions with the solvent molecules need to be 

considered.  

Rouse was the first to describe the dynamics of a dilute polymer solution [29]. 

He modeled a polymer chain as a string of beads, each separated by a distance b (Kuhn 

length that describes effective bond length), and considered the Brownian motion of 

each bead due to the force acting on it by the solvent molecules. The elastic potential 

between segments due to the connectivity of the chain is the only term considered as 

interaction energy. Thus, the Rouse model assumes that the dynamics are governed 

solely by localized interactions along the polymer. In this model, Rouse time (τR), a 

characteristic time that polymer diffuses a distance of the order of its size, is described 

as τR ≈ R2/DR ≈ τ0N2, where R, τ0, N are chain size, Kuhn monomer relaxation time, and 

degree of polymerization (i.e. length of polymer chain). DR is Rouse diffusion coefficient 
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and described as DR = kT/ζR, where k, T, and ζR denote Boltzmann constant, 

temperature, and Rouse friction coefficient, respectively. 

However, in dilute solution, distant polymer segments within a single chain can 

interact with each other by perturbing the solvent molecules. A perturbation of one 

polymer segment, in turn, perturbs the surrounding solvent molecules. This 

perturbation propagates through the solvent and affects other polymer segments in the 

surrounding area. Such indirect intramolecular interactions, mediated by solvent 

molecules, are termed hydrodynamic interactions (HI). Zimm was first to introduce a 

model that took HI into account by extending the Rouse model to include non-localized 

interactions [30]. Zimm also took into account excluded volume effects, which was 

important for flexible polymers in a good solvent. P. J. Flory was the first to consider 

excluded volume effects when determining the size of a polymer [31] by introducing a 

second, repulsive interaction energy term, which gave the scaling law of RG ~ Nν  (ν ≅ 

3/5 for a swollen linear polymer in good solvent and ν ≅ 1/2 for an ideal chain that 

adapt random coil conformation in θ solvent), where RG is radius of gyration [32]. Zimm 

introduced a similar repulsive interaction term into his model to explain polymer 

dynamics in a dilute solution. The Zimm model predicts that the self-diffusion coefficient 

(D) is inversely proportional to RG, giving the scaling law of D ~ N−ν with ν ≅ 0.588 in 

good solvent. According to this model, Zimm time (τZ), a characteristic time that polymer 

diffuses a distance of the order of its size, is described as τZ = R2/DZ ≈ τ0N3ν
 (ν ≅ 3/5 for a 

swollen linear polymer in good solvent and ν ≅ 1/2 for an ideal chain that adapt random 
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coil conformation in θ solvent), where DZ is Zimm diffusion coefficient and described as 

DZ = kT/ζZ, where ζZ denotes Zimm friction coefficient. 

The onset of the semidilute regime occurs when the polymers begin to overlap 

each other (i.e. c ≥ c*), in which the effect of the surrounding polymers needs to be 

considered. In the semidilute regime, an important length scale is the size of the mesh 

created by the polymer chains, which corresponds to the average spacing between 

polymer segments (Fig. 1-2). For length scales larger than the mesh size the repulsive 

and interactions exactly cancel with each other, which results in an ideal polymer coil 

with RG ~ N1/2.  The surrounding polymers also significantly reduce the effect of HI. The 

Rouse model, which was originally developed for dilute solutions, neglects both 

excluded volume effects and HI, and thus accurately describes the dynamics in 

semidilute solutions. The Rouse model predicts the scaling law of D ~ RG
-2 ~ N-1. In this 

regime the self-diffusion coefficient also depends on the concentration of the solution 

and the predicted scaling is D ~ c -1/2. 
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Figure 1.2. Schematic illustration of polymer solution at different concentration regimes. 
While there is not interaction of polymer chains in the dilute regime (c < c*), chain 
overlapping occurs at semidilute regime (c > c*). The cross-over occurs at c = c* when 
the volumes occupied by the individual chains just cover the sample volume. Adapted 
from Ref [33]. 

 

As the concentration is increased further the molecules become entangled with 

each other. The onset of the concentrated regime occurs when the polymers become 

well entangled (i.e. concentration above entanglement concentration ce, ce > c). The 

reptation model, developed by de Gennes and extended by Doi, Edwards and others, 

has been extremely successful in describing the dynamics of entangled polymers 

[32][34][27][35]. The key concept of the reptation model is that each polymer is 

confined to move in a tube-like region parallel to its contour. The molecule can only 

escape from its tube (and consequently form a new tube) by diffusing “head-first” in a 

direction parallel to its contour, a process termed reptation (Figs. 1-3, 1-4) [36]. In the 

reptation model, one of the essential parameters is the tube diameter a that is 

described by a ≈ bNe
0.5, where Ne is the number of monomers in an entanglement 

strand. The reptation time (τrep) that is the time required for the chain to escape from its 
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tube is described by τrep ≈ τe(N/Ne)3 ≈ (τ0N3/Ne)*ϕ-3ν/(3ν-1) (ν ≅ 0.588 in good solvent) 

where τe and ϕ denote entanglement time (i.e. Rouse time of an entanglement strand 

containing Ne monomers) and volume fraction of the polymer chains in solution, 

respectively. The scaling of the self-diffusion coefficient with polymer length and 

concentration is predicted to be D ≈ (b2Ne/τ0N2)* ϕ–(2-ν)/(3ν-1) for an athermal solvent (ν ≅ 

0.588 in good solvent) and D ≈ (b2Ne/τ0N2)* ϕ–7/3 for a θ solvent). 

 
 

 
Figure 1.3. Schematic illustration of reptation model. The chain in dark gray is confined 
in the virtual tube shown in black line that is created by surrounding polymer chains 
displayed in light gray. Under this condition, the motion of the chain along the contour 
of the tube is not hindered, whereas the motion of the chain in the direction 
perpendicular to the contour is restricted. Adapted from Ref [33].  
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Figure 1.4. Example of the reptation motion of single polymer chain. Time lapse 
fluorescence images of fluorescently-labeled dsDNA molecule mixed with semi-dilute 
solution of non-labeled dsDNA. One end of the labeled dsDNA was conjugated to a 1-µm 
bead, and manipulated by optical tweezers. The entire chain follows the motion of the 
manipulated end, clearly showing the tube-like motion (the reptation model). 
Reproduced from Ref [37] Fig 2(A). 
 

1.3 Topology effect of entangled polymer dynamics: 

Motion and relaxation of topological polymers, in particular topologically unique 

cyclic polymers, under entangled conditions are expected to be distinct from those of 

linear polymer chains. This prediction is based on the fact that cyclic chains do not have 

any chain ends. Given the critical role of the chain ends in their motion and relaxation in 

the reptation theory, polymer chains without ends should display distinct microscopic 

motion and relaxation compared with their linear counterparts, and therefore, should 

display different macroscopic properties of polymers (e.g. elastic property) compared 

with linear polymers . 
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A theoretical study suggested that the dynamics of rings polymer should 

resemble the motion of amoebae instead of the snake-like reptation of linear chains 

[38]. Simulation studies also suggested that ring chains have more compact overall 

conformation in the melt compared with linear chains, less penetrated each other due 

to the more compact conformation, and show diffusion mush faster than the linear 

chains [39][40][41][42]. These results obtained by simulation were partly confirmed by 

experimental studies. While these theoretical, simulation, and experimental studies 

have significantly enhanced the understanding of dynamics of topological polymers 

including cyclic chains, a well-accepted theoretical model such as the reptation model 

for linear polymer chains has not been established for cyclic polymers. 

 

1.4 DNA as a model polymer: 

Over the past two decades, DNA has been demonstrated to be a good model 

system for addressing fundamental questions in polymer physics [43]. Beyond the 

biological importance, DNA holds some advantages over the synthetic polymers as a 

model system for examining fundamental questions in polymer physics. For example, 

DNA replication could be utilized to deliver a perfectly homogeneous specimen with 

identical chain length while synthetic polymers often have a distribution of the chain 

lengths. In Addition, the topology of DNA can be easily controlled. For instance, a 

supercoiled DNA molecule can be converted to a corresponding linear or relaxed circular 

form by using proper enzymes [44][45]. In the studies on synthetic ring polymers, on the 
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other hand, it is difficult to synthesize a pure ring polymer because the chains become 

knotted or concentrated during the preparation stage. Linear contaminants are also 

commonly present in ring polymers. Furthermore, the relaxed circular (i.e. ring) DNA can 

be obtained from a naturally occurring supercoiled DNA through a specific enzymatic 

reaction that does not cause any linear DNA. Therefore, there is little possibility of the 

above described problem to occur. Due to all those reasons, DNA has been used as an 

ideal model polymer system for broad polymer physics studies [46], including single-

molecule imaging studies.  

Furthermore, DNA has become recognized as a key material for a building block 

of precisely controlled nanostructures (e.g. DNA origami, DNA-protein hybrid origami) 

[47][48][49]. Conformation and relaxation of DNA in a confined space and its topology 

dependence have been used for self-organization of DNA [50](Fig. 1-5a) as well as 

separation of DNA molecules [51][52] (Fig. 1-5b). Stretching of DNA in nanoscopic 1D 

channels due to its distinct conformation and relaxation in confined space compared 

with those in bulk has also been used for genome mapping based on DNA barcoding 

technology [53][54] (Fig. 1-5c). These examples highlight that (entangled) polymer 

dynamics of DNA would provide foundations for the development of these new DNA-

based nanotechnology tools. Conformational state of DNA is also considered to play a 

key role in the kinetics of sequence-specific binding of DNA binding proteins [55]. All 

these studies demonstrate that physical properties of DNA can be utilized as a powerful 

platform not only for fundamental researches on polymer dynamics, but also for a wide 
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range of researches in the relevant fields beyond fundamental researches, including 

(bio) materials, analytical science, and biology. 

 

Figure 1.5. Examples of DNA nanotechnology tools based on its elastic properties. (a) 
Self-organization of DNA in a nanoslit. Due to the conformational constraint in the slit, 
DNA molecules are immobilized at nanopits. (b) Separation of DNA in nanogroove 
arrays. Due to the conformational constraint in the confined space, DNA molecules are 
temporally trapped in the grooves. (c) Genome mapping in nanochannels. DNA 
molecules are stretched in the nanochannels. These studies also contribute to the 
understanding of elastic properties of DNA in confined space (see section 1-5).  
Reproduced from Ref. [50] (Fig. 1-4a), Ref. [52] (Fig. 1-4b), and Ref. [54] (Fig. 1-4c). 

 

Previous studies suggested that the basic rheological properties of DNA can be 

interpreted by the polymer physics theory developed based on the findings obtained 

from synthetic polymers [56][43][57]. Single DNA stretching studies using optical or 

magnetic tweezers have demonstrated that the elasticity of DNA can be precisely 

described by the worm like a chain (WLC) model with a persistence length (lp) of lp ≅ 50 

nm (~ 150 bp) [58][59]. A long DNA molecule (N > 20, i.e. > 6kbp) can be regarded as a 
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semiflexible polymer with Kuhn length (b) of b ≅ 100 nm (~ 300 bp) [60]. A wide range 

of static and dynamic properties of polymers have been studied using fluorescently-

labeled dsDNA, which include a conformational relaxation [61], scaling of diffusion 

coefficients [62], stretching in a uniform flow[63], stretching in a shear flow [64], 

extension dynamics [65][66], and hysteresis of a conformational state [67]. Recently, 

polymer dynamics in a concentrated solution [68][69] and the effect of confined 

geometries [70][71] have also been reported. These experiments provide unique 

opportunity to describe the structural [72] and kinetic [73] properties of biomolecules 

within the framework of polymer physics.  

 

1.5 Single molecule polymer dynamics studies on DNA:  

For many decades, polymer dynamics has been studied experimentally by using 

ensemble-averaged methods such as bulk rheology, NMR, light scattering, and 

birefringence [74][75] [76]. On the other hand, the theoretical models of polymer 

dynamics describe motion and relaxation of polymers at single chain level. Although the 

ensemble-averaged experiments were able to examine the bulk-phase response 

predicted by these theories, they were often unhelpful to detect the motion of 

individual polymer chains at the single molecule level, by which polymer physics 

theories can be directly examined. Direct visualization of conformation and motion of 

single polymer chains would allow one to test the predictions of those theories. 

javascript:popupOBO('CHEBI:60027','C1SM05298E','http://www.ebi.ac.uk/chebi/searchId.do?chebiId=60027')
javascript:popupOBO('CHEBI:60027','C1SM05298E','http://www.ebi.ac.uk/chebi/searchId.do?chebiId=60027')
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Several microscopy techniques, such as atomic force microscopy [77][78] and 

electron microscopy [79], have been used to study conformation of DNA molecules at 

the single chain level. Although unprecedented spatial resolution of these techniques 

allowed visualization of detailed conformation states, these techniques provide very 

limited information about dynamic processes and therefore limited insight about 

polymer dynamics due to lack of temporal resolution. Damaging of samples during 

specimen preparation and a limitation to image beyond the surface of the specimen also 

significantly limit their application to polymer dynamics study.  

Fluorescence microscopy is one of the most insightful techniques that allow the 

visualization of the motion and conformational dynamics of single molecules. M. 

Yanagida’s group was the first to use the fluorescence microscopy technique to image 

single DNA molecules labeled with a DNA stain, DAPI [80][81][82]. They observed 

Brownian motion of free DNA molecules in dilute solution [83]. They also found that the 

conformational fluctuations, rotational relaxation, and radius of gyration were in 

agreement with the Zimm model [83]. The diffusion coefficient obtained in this study 

was smaller than that predicted by the Zimm model. The deviation between the 

experiment and theory was interpreted by the hydrodynamic interactions between the 

molecule and the wall of the sample chamber. The diffusion coefficient was in 

agreement with the Zimm model when a deeper sample chamber was used to avoid the 

interaction [84]. A detailed investigation of the scaling of diffusive motion (D ~ N−ν with ν 

≅ 0.6) demonstrated that the motion of the entire chain at the length scale larger than 
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the chain size can be described by Zimm model in good solvent conditions [84]. A study 

on knotted DNA revealed that the knots undergo 1D diffusional motion described by 

random walk statistics [85]. This behavior was explained by a self-reptation of the knot 

along the chain. A single-molecule imaging study on the diffusional motion of DNA 

molecules in distinct topological states demonstrated that both linear and circular DNA 

follow the same scaling low (D ~ N−ν with ν = 0.57 and 0.59 for the linear and circular 

molecules) while they display different diffusion coefficients (Dcir/Dlin = 1.32) whose ratio 

is close to the value predicted when incorporating the radius of gyration of circular 

molecules into the Zimm model (Dcir/Dlin = 1.31) [19]. 

Motion of polymer chains at length scales smaller than their size (i.e. relaxations 

of polymers) is an important factor which determines their rheological behavior. Perkins 

et al. measured the relaxation time of single DNA molecules by stretching them in a flow 

and recording the change in the length of individual stretched molecules after stopping 

the flow (Fig. 1-6) [61]. The study revealed that the DNA molecules with different 

lengths showed different relaxation modes. The longest relaxation times obtained for 

different lengths of DNA were in qualitative agreement with the predictions of the Zimm 

model (τZ ≈ τ0N3ν, ν ≅ 0.6). Similar result was obtained by analyzing local motion in DNA 

chains using fluorescence correlation spectroscopy [86]. Detailed analysis of the motion 

of partially extended DNA molecules suggested that their motion is described by linearly 

independent normal modes [87][32]. Radial position-dependent motion of a DNA 

molecule in its fully relaxed conformation was investigated using anti-Brownian 



27 
 

electrokinetic trap [88][89]. This study demonstrated a nonmonotonic radial 

dependence of the relaxation time, clearly indicating signs of nonlinear hydrodynamics 

that is neglected in both Rouse nad Zimm models. Conflincting results were reported on 

monomer relaxation in DNA (e.g. motion at the chain ends). While Petrov et al. reported 

that the monomer dynamics is described by the Zimm model [90], Shusterman et al. 

claimed that the monomer motion agree with the Rouse model [91]. McHale et al. 

reported that the whole chain motion is described by the Zimm model, wheras the 

motion at the chain ends is inconsistent with the Zimm model. They also found a 

relaxation time in the time scale much longer than that predicted by either Rouse or 

Zimm models, which may indicate the presence of unidentified relaxation modes.  Other 

physical properties of DNA such as stretching of the molecule in a flow was also 

investigated [63][92]. Recent study on short DNA suggested that dsDNA is bendable in 

the length scale of 100 bp (~ 30 nm) [93], indicating that DNA might be structurally 

much more flexible that previously thought (i.e. Kuhn length of ~ 100 nm). Compression 

of single DNA molecules that leads to self-entanglement and knotting of the chains  

were also observed under uniform electric field [94].  
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Figure 1.6. Relaxation of a single molecule of DNA. Time lapse fluorescence images of 
fluorescently-labeled dsDNA molecule in a diluted solution. One end of the labeled 
dsDNA was conjugated to a 1-µm bead, and fixed in place by optical tweezers. The 
molecule was stretched to its full length by a buffer flow. After stopping the flow, 
fluorescence images of the molecule was recorded every 4.5 s (the reptation model). An 
initial rapid recoil of the DNA is evident. (Reproduced from Ref. [41] Fig 2A). 

 

It has become evident that DNA molecules in confined spaces display motion and 

relaxation distinct from those in bulk. Spontaneous stretching of DNA was observed 

when molecules were confined in either 2D nanoslits [96] or 1D nanochannels [97][98]. 

Detailed characterization of conformation and relaxation of DNA in 2D nanoslits with 

different thickness demonstrated that their behavior is explained by a model predicted 

by de Gennes [99][100] when the thickness of the slit (h) is in the range of b < h < 2RG
 (Rll 

~ (RG/h)0.25 where Rll is radius of gyration of the molecule parallel to the confining plane, 

τ ~ (RG/h)7/6 where τ is relaxation of the molecule in the slit). When the thickness of the 

slit (h) is h < b (i.e. Odijk regime), both conformation and relaxation of DNA deviated 

significantly from the de Gennes model. Both linear and circular DNA were reported to 

show similar conformation and relaxation in confined 2D nanoslits [101]. 
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Polymer dynamics under entangled conditions have also been investigated 

experimentally using DNA as a model system. The motion of individual DNA molecules 

through a network of a gel during various kinds of gel electrophoresis was visualized 

using fluorescence imaging [102][103], which demonstrated an extended conformation 

of DNA during the electrophoresis. These studies also captured DNA molecules in hook-

shaped configurations. Tube-like motion of DNA was observed by manipulating one end 

of DNA in entangled semi-dilute solution (Fig. 1-4) [36]. The entire chain followed the 

motion of the manipulated end, which is consistent with the motion of polymers 

predicted by the reputation model. Although the tube-like motion reported in this study 

indicates the reptation motion of the chain, effects of the chain end manipulation and 

the conjugation of the end to a large bead should be carefully evaluated in the 

interpretation of the result. The reputation motion of DNA in entangled solution was 

also indicated by the scaling behavior of its diffusion coefficient, D ∝ N-1.8 (D ∝ N-2 is 

predicted for the reputation motion) and D ∝ c-(2-ν)/(3ν-1) (D ∝ c-1.75 with ν ≅ 0.6 for the 

reputation motion) [104].  Shear deformation of individual DNA molecule in entangled 

solution has also been investigated by fluorescence microscopy combined with 

mechanical rheometry [105][106]. The study found that the experimentally obtained 

rotational Rouse time is an order of magnitude longer than that assumed by theoretical 

models. The study also demonstrated a high degree of molecular individualism and 

broad conformational distributions, which is no assumed in polymer physics theories. 

These findings imply that the current polymer physics theories cannot fully described 
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the motion and relaxation of polymers under entangled conditions at the molecular 

level. 

Diffusional motion of DNA in distinct topological states under entangled 

conditions is less characterized compared with that of linear molecules. Single-molecule 

studies on diffusive motion of entangled topological polymers, such as circular molecule 

in semi-dilute solution of linear molecule or circular molecule in semi-dilute solution of 

circular molecule, revealed scaling behaviors of their diffusion coefficients deviating 

from those observed for the entangled linear chains [107][68]. Compared with 

diffusional dynamics of DNA under entangled conditions, motion of DNA at length scale 

shorter than its size (i.e. intramolecular relaxation) under entangled conditions have 

been even less characterized. In particular, relaxation of topological DNA such as circular 

DNA under entangled conditions remain elusive. Although theoretical models explaining 

the diffusive motion and intramolecular relaxation have been proposed, well-accepted 

polymer physics theory that described entangled topological polymer dynamics have 

not been established. 
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1.6 Tools for studying polymer dynamics at the single-molecule level: 

Motion and elastic properties of single polymer chains have been characterized 

by either force-based techniques or fluorescence-based techniques. Force-based 

microscopy tools [108] such as optical tweezers [109][110][111] (Fig. 1-7a) and magnetic 

tweezers [58](Fig. 1-7b) allow accurate determination of both end-to-end distance of 

polymer chains and force applied at both ends of the chains. The correlation between 

the end-to-end distance and applied force provides information about chain-wide elastic 

properties.  For instance, persistence length of DNA was determined very accurately 

using these methods [58][59][111].  

Figure 1.7. Mechanical manipulation of a single DNA molecule. (a) Schematic illustration 
describing optical tweezers. One end of the chain is attached to the surface and another 
end of the chain is conjugated to a bead that is optically trapped by a focused laser 
beam. (b) Schematic illustration describing magnetic tweezers. One end of the chain is 
attached to the surface and another end of the chain is conjugated to a magnetic bead 
that is magnetically trapped by magnets. Adapted from Ref. [111] (Fig. 1-7a) and Ref. 
[112](Fig. 1-7b). 
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In contrast to the characterization of chain-wide elastic properties, detailed 

investigation of intrachain relaxation often needs direct visualization of polymer chains. 

Longest relaxation time (i.e. either Rouse of Zimm time) at the single chain level was 

initially characterized by time correlation of the chain length in its fully relaxed 

conformational state by fluorescently labelling entire chain and capturing its time-

dependent conformational state [113]. More detailed relaxation processes were 

characterized by a direct visualization of intrachain motion by mechanically stretching 

fluorescently-labeled chain. For example, multiple relaxation modes were identified and 

quantified by this approach [63][87]. Polymer chains are not in a fully relaxed state (i.e. 

not in equilibrium conditions) in this configuration as they are at least (partially) 

stretched. Thus, effects of the chain stretching on the characterization of chain 

relaxation should be evaluated carefully. Intrachain relaxation in a fully relaxed state 

(i.e. in equilibrium conditions) was characterized by time-dependent fluorescence 

intensity fluctuation at different positions inside a single fluorescently-labeled chain 

[88][89]. Elimination of the center of mass displacement (i.e. diffusional motion) is a 

prerequisite for this method. Anti-Brownian electrokinetic (ABEL) trap allowed to trap a 

single chain in free solution [114] (Fig. 1-8a). Using this technique, radial position-

dependent relaxation of single polymer chains was demonstrated [88]. Effects of ABEL 

trap on chain relaxation should be evaluated carefully although negligible effect was 

indicated [89]. 
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Fluorescence correlation spectroscopy (FCS) is alternative way to characterize 

relaxation of polymers at the single chain level [115] (Fig. 1-8b). In FCS, time scale of 

chain relaxation is characterized by calculating autocorrelation function of time-

dependent fluorescence intensity change obtained from individual fluorescently-labeled 

polymer chains freely diffusing in a solution. Fluorescence intensity fluctuation occurs 

due to either diffusional motion of individual molecules or intramolecular 

conformational relaxation. Time scales of the relaxation occurring at whole-chain level 

and segment (i.e. monomer) level can be quantified by fluorescent labeling of an entire 

chain and a specific position (e.g. chain end). Although FCS is a powerful technique to 

characterize relaxation of polymer chains, time scales of the relaxation are determined 

by multiple molecules passing through the detection volume of FCS measurement. This 

significantly limits the characterization of individuality in the relaxation processes 

occurring in a wide range of time scales. 
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Figure 1.8. Fluorescence microscopy techniques for polymer dynamics study. (a) 
Schematic illustration describing Anti-Brownian electrokinetic (ABEL) trap. A molecule is 
trapped in the region surrounded by electrodes (top). The ABEL trap monitors the 
Brownian motion of a molecule and applies a feedback voltage to a microfluidic cell to 
generate electrokinetic forces that cancels theBrownian motion. Time lapse images of a 
fluorescently-labeled DNA in a solution traped by the ABEL trap (bottom). (b) Schematic 
illustration describing fluorescence correlation spectorsocpy. Fluorescence emitted by 
molecules in the observation volume (left) shows intensity fluctuation due to the 
motion of these molecules in the observation volume (right top). Autocorrelation 
analysis of the intensity fluctuation gives information about the time-averaged motion 
of these molecules. Adapted from Ref. [114][88] (Fig. 1-7a) and Ref. [116] (Fig. 1-7b). 

 

A vast majority of the studies on diffusive motion of individual polymer 

molecules has been conducted using single-molecule tracking technique (see below). In 

this method, first diffusive motion of single molecules is captured by time-lapse imaging 

of fluorescently-labeld polymers. Then, diffusional motion is quantified (e.g. calculation 

of diffusion coefficient, characterization of diffusion mode, etc.) based on temporal 

changes of the positions of the molecule that is determined by centroids or center-of-

mass of the molecule. Using this method, scaling behaviors of the diffusion of polymers 

were investigated at both dilute [84][19] and entangle semidilute conditions [104][68]. 
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Diffusive motion was also indirectly characterized using ABEL trap [88]. Although single-

moelcule tracking has been extremely successful in the characterization of molecular 

motion at length scales larger than its size, applications of the method to the 

characterization of molecular motion occurring at length scales smaller than its size is 

not straightforward (see below). Thus, single-molecule characterization of polymer 

dynamics occurring at length scales smaller than its size, in which diffusive motion and 

conformational relaxation are coupled, is still challenging. Sub-chain level spatio-

temporal characterization of chain motion is also challenging due to the spatial 

resolution of fluorescence microscopy in general (see below). 

 

 

1.7 Single molecule tracking: 

As mentioned above, single-molecule localization and tracking (SMLT) is a 

powerful tool that provides a unique insight into the diffusion dynamics as it provides 

information about spatiotemporal dynamics of individual molecules at nanometer 

spatial resolution, allowing the direct visualization of the single molecule dynamics not 

masked by ensemble averaging [117][118]. Therefore, SMLT has become a standard 

technique to visualize molecular motion in many heterogeneous systems, such as in live 

cells [119][120][121]. SMLT has also been used for studying physical properties of 

polymers by tracking their motion [122].  
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In the SMLT experiments, first the positions of the molecule in each image are 

determined by 2D Gaussian fitting of time-lapse fluorescence images obtained from the 

diffusing molecule (Fig. 1-9):  

𝑧 = 𝑧0 +  𝐴 𝑒𝑥𝑝 [−
(𝑥−𝑥𝑐)2

2𝑤𝑥
2 ] 𝑒𝑥𝑝 [−

(𝑦−𝑦𝑐)2

2𝑤𝑦
2 ].  

where xc and yc denote peak position of the Gaussian along x and y axis. wx and wy are 

the width of the Gaussian along x and y axis. A is the amplitude of the Gaussian. The 

Gaussian fitting allows an accurate determination of the locations of the molecule 

beyond the spatial resolution of the fluorescence microscopy determined by the 

diffraction of light (i.e. approximately 200 nm, see below), typically in the range of a few 

nanometers [117][123][124][125] (Fig. 1-10a). Then, the positions of the molecule 

determined by the 2D Gaussian fitting are connected to generate a diffusion trajectory 

(Fig. 1-10b). The diffusion rate of a single molecule is then quantitatively characterized 

by a mean squared displacement (MSD) analysis of the obtained diffusion trajectory 

[126] (Fig. 1-10c). By using the following formula, the MSD is calculated: 

𝑀𝑆𝐷 (∆𝑡) = ⟨(𝑥𝑖+𝑛 − 𝑥𝑖)2 + (𝑦𝑖+𝑛 − 𝑦𝑖)
2⟩,  

where 𝑥𝑖+𝑛 and 𝑦𝑖+𝑛 denote the spatial position of the molecule following a time 

interval, ∆𝑡, given by n frame rate after starting at positions 𝑥𝑖  and 𝑦𝑖. 
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Figure 1.9. Example of single-molecule localization and tracking (SMLT) experiment. 
Time-lapse fluorescence images of a fluorescently-labeled single molecule diffusing in an 
aqueous solution. Solid lines show diffusion trajectory determined by 2D Gaussian fitting 
of the fluorescence images.  

 

MSD plot for a molecule that shows 2D random motion (i.e. Brownian motion) is 

described by  

𝑀𝑆𝐷 (∆𝑡) = 4𝐷∆𝑡, 

Where 𝐷 is the lateral diffusion coefficient calculated from the initial slope of the MSD 

plot (Fig. 1-10c). A rondon motion is characterized by a linear relationship between MSD 

and ∆𝑡 (Fig. 1-6b and 1-6c). Non-random diffusion is characterized by curvatures of MSD 

vs Δt plot (Fig. 1-10c). MSD of a molecule that shows directed motion is described by 

𝑀𝑆𝐷 (∆𝑡) = 4𝐷∆𝑡, +𝑣2(∆𝑡)2,  

Where v is a constant drift velocity. MSD of a molecule that shows confined motion is 

described by 

𝑀𝑆𝐷 (∆𝑡) =
𝐿2

3
[1 − exp (

−12𝐷0∆𝑡

𝐿2 )],  

Where D0 and L denote initial diffusion constant and length of confined area. 
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Figure 1.10. Characterization of single-molecule diffusion using SMLT-MSD analysis. (a) 
fluorescence intensity profile obtained from a single molecule (top) is fitted by 2D 
Gaussian function (bottom) to determine the position of the molecule precisely. (b) 
examples of diffusion trajectories of single molecules that show (1) random motion, (2) 
directed motion, and (3) confined motion. (c) MSD vs Δt plots obtained for single 
molecules that show (1) random motion, (2) directed motion, and (3) confined motion. 
Reproduced from Ref.[126]  

 

Diffusional motion of each molecule in an ensemble often shows a broad 

distribution (e.g. different diffusion rate, different diffusion mode, etc.). Also, diffusional 

motion of single molecules often shows temporal changes (i.e. change in diffusion rate, 

change in diffusion mode, etc.). These spatial and temporal heterogeneity is sometime 

difficult to capture and quantify using standard MSD analysis. Cumulative distribution 

function (CDF) analysis provides a tool to characterize such heterogeneity (Fig. 1-11). In 

CDF analysis, diffusion of single molecules is characterized by a cumulative distribution 

function (P), which is a cumulative probability of finding a diffusing molecule within a 

radius r from the origin at a given time lag iΔt, 
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𝑃(𝑟2, 𝑖∆𝑡) = ∫ 𝑝 (𝑟2"
, 𝑖∆𝑡) d𝑟′ = ∑ [1 − 𝐴𝑛exp [−

𝑟2

4𝐷𝑛(𝑖∆𝑡)
]]𝑚

𝑛=1
𝑟

0
,  

where Dn and An are the diffusion coefficient of nth diffusion component in the sample 

and the fraction of the  nth diffusion component. The CDF analysis provides useful tool to 

identify and quantify multiple diffusion components coexisting in the sample. The 

method is particularly useful when diffusion trajectories contain multiple diffusion 

modes. 

 

Figure 1.11. Characterization of single-molecule diffusion using cumulative distribution 
function (CDF) analysis. (a) Schematic illustration describing single molecule diffusing in 
2D space. The CDF analysis characterizes the diffusion of the molecule by calculating a 
cumulative probability of finding the molecule  within a radius r from the origin. (b, c) 
examples of cumulative distribution function (P). Diffusion rate is characterized by the 
slope of P (b). Any deviation of P from a exponential decaying behavior suggests the 
presence of multiple diffusion components in the diffusion trajectories (c). 

 



40 
 

These single-molecule tracking methods are effective tools for the 

characterization of spatiotemporal dynamics of individual molecules. However, the 

application of these tools to polymer dynamics studies are not always straightforward. 

Although characterization of the motion of the molecule at different length scales (e.g. 

length longer than molecular size for diffusion, length smaller than molecular size for 

local relaxation) is an essential part of polymer dynamics studies, single-molecule 

tracking methods usually cannot precisely determine the positions of a long and flexible 

molecule because the position determination by 2D Gaussian fitting and/or center-of-

mass calculation give relatively large errors. Therefore, the single-molecule tracking 

methods have been used mainly in the analysis of diffusive motion of polymer 

molecules at length scale much longer than their sizes. The development of new single-

molecule tracking method that can accurately determine diffusion rate of polymer 

chains at length scale comparable or smaller than the size of the molecule would thus 

make a significant contribution to polymer physics study (see Chapter 2).  

Another problem with the existing single-molecule tracking methods is that they 

fail to give any information about the conformational relaxation of the chains. Because 

accurate determination of the position of the molecule is the first step in the single-

molecule tracking analyses, conformational states of the molecule cannot be quantified 

by these methods. Conformational relaxation under equilibrium conditions was 

characterized by time-dependend length change of polymer chains. However, 

simultaneous characterization of diffusive motion and conformational relaxation, 
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especially occurring at the length scale of a polymer chain, has been challenging. In this 

study, we developed a new single-molecule tracking technique which enables 

simultaneous analysis of diffusive motion and conformational relaxation of individual 

polymer molecules (see Chapter 2). 

 

1.8 Limitation of conventional fluorescence microscopy: 

As described above, fluorescence microscopy is the most suitable technique to 

directly visualize the DNA dynamics in real time and obtain an information about the 

configuration of individual DNA molecule labeled with fluorescent label in solution 

[3][4][5][127][17]. A direct visualization of the motion of the molecule at the length 

scales of both whole chain and each segment and direct visualization of interacting (e.g. 

entangled) chains would provide invaluable information about entangle polymer 

dynamics. However, these have been impossible because of the absence of an 

appropriate technique which has a sufficiently high spatial resolution to visualize 

entangled chains in a nanometer scale. Indeed, many single molecule studies on 

polymers are still constrained by the spatial and temporal resolution of the microscopy 

techniques available at present. While modern fluorescence microscopy techniques 

enable to detect single molecules (particles) and their motion can be followed, the 

spatial resolution is limited by the diffraction of the light (Fig. 1-12). According to 

Rayleigh criterion, lateral spatial resolution of the conventional fluorescence microscopy 

(R) is described by the following equation:  
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𝑅 = 0.61
𝜆

NA
 

where λ is the wavelength of the light and NA is the numerical aperture of the 

microscopy objective lens. R in the visible wavelength region (400 – 700 nm) is thus 

limited to approximately 200 – 300 nm when a high NA objective lens (NA 1.0 – 1.5) is 

used. Indeed, a fluorescence image of a fluorescent molecule of a few nanometers size 

shows a diffraction limited spot of 200-300 nm. The spatial resolution has been biggest 

limitation of fluorescence microscopy in many applications. Given the persistence length 

of dsDNA (approximately 50 nm), at least an order of magnitude improvement of spatial 

resolution is required for visualizing detailed conformational state and dynamics of DNA 

molecules using fluorescence microscopy (see below). 
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Figure 1.12. Schematic illustration of the point spread function of a high NA objective 
lens frequently used for single-molecule fluorescence imaging. Reproduced from 
Ref.[128] 

 

 

 

1.9 Super resolution microscopy: 

As described above, fluorescence microscopy has been most effective tool for studying 

entangle polymer dynamics at the molecular level as it allows direct visualization of 

conformational state of single polymer chains. It also allows real-time measurement of 

molecular motion. Although many important aspects of polymer dynamics have been 

revealed by using fluorescence microscopy, relatively limited spatial resolution of 

conventional fluorescence microscopy (approximately 200 – 300 nm, see above) has 

http://www.ncbi.nlm.nih.gov/core/lw/2.0/html/tileshop_pmc/tileshop_pmc_inline.html?title=Click on image to zoom&p=PMC3&id=2835776_nihms179491f1.jpg
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precluded its application to the direct visualization of subchain level (e.g. segment-level) 

motion. An improvement of the spatial resolution of fluorescence microscopy would 

open a significant new opportunity for studying polymer dynamics occurring at different 

length scales from whole chain to each segment level based on a direct visualization of 

the motions occurring at these different length scales. 

Starting with confocal and multiphoton fluorescence microscopy which enhances the 

axial resolution marginally, there has been remarkable improvement in the spatial 

resolution of fluorescence microscopy. In particular, during the last two decades, 

tremendous effort to break the diffraction barrier resulted in the development of super-

resolution fluorescence microscopy techniques whose spatial resolution is diffraction 

unlimited [129][130][128][131]. Currently, a variety of super-resolution (SR) 

fluorescence microscopy techniques based on different principles are available. 

One way to achieve diffraction unlimited resolution (i.e. super resolution) is to 

diminishing the size of the point spread function (PSF). Stimulated-emission depletion 

(STED) microscopy is one of the SR fluorescence microscopy techniques that achieves 

diffraction unlimited spatial resolution based on this principle [132] [133]. The concept 

of STED microscopy is based on the introduction of a donut-shaped laser beam with a 

zero intensity in the center called the STED beam, overlaying with an excitation laser 

beam focused at the focal plane with an objective lens similar to confocal microscopy. 

To create this donut-shaped laser beam a spatial phase modulator is inserted in the 

laser beam path before entering the microscope. The STED beam pushed back the 
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excited fluorophore to its ground state through a stimulated emission before the 

fluorophore emits spontaneous fluorescence. The PSF of the excitation laser was 

trimmed by the depletion of the excited state at the edge of the PSF through the 

stimulated emission, which enhances the spatial resolution. A super resolution image is 

obtained by scanning these two over lapped beams together over the sample (Fig. 1-13). 

The spatial resolution of STED microscopy is influenced by many factors such as photo-

stability of the fluorophores [131] and the difference refractive index between the 

sample and the cover glass that causes optical aberration.  

 

 

Figure 1.13. The concept of stimulated emission depletion (STED) microscopy. Adopted 
from Ref. [133]. 
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              Another SR fluorescence microscopy technique called structured illumination 

microscopy (SIM) has been developed by Heintzmann and Gustafsson [134] [135]. SIM is 

based on a wide-field fluorescence microscopy, in which an excitation beam has a 

periodical spatial pattern, usually a sinusoidal pattern (Fig. 1-14). The patterned 

illumination is obtained by mixing two beams after emerged from the objective lens that 

causes interference between the beams. The two beams are generated using a 

diffractive grating inserted in the excitation path. Due to the frequency mixing of the 

sub-diffraction-limit sample structure and the patterned excitation beam, low frequency 

patterns appear in fluorescence images, which can easily be resolved by conventional 

wide field fluorescence microscopy. A SR image can be reconstructed by recording 

multiple fluorescence images with different orientations and phases of the patterned 

excitation beam [136]. In (saturated) structured illumination microscopy (SSIM), the SIM 

resolution has been improved by taken the advantage of the saturating response of the 
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fluorophores. Using SSIM, a higher resolution has been achieved, better than 50 nm in 

lateral resolution [135]. The higher resolution images are obtained due to the sharp dark 

regions created by the saturation. By using an excitation light with a 3D periodical 

pattern, a 3D SIM has also achieved [137]. 

Figure 1.14. The concept of structured illumination microscopy (SIM) microscopy.  

 

The disadvantage of using STED microscopy or SSIM techniques is that higher spatial 

resolution is achieved at the cost of potential (photo) damage to the sample, which may 

limit their usage in biological samples. The final image resolution obtained by STED 

microscopy is determined by the actual size of the trimmed PSF, which can be decreased 

by increasing the intensity of the STED beam. The final image resolution in SSIM 
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technique is determined by the saturation level of the fluorescence, which is also 

improved by increasing the intensity of excitation beam.   

                In this thesis, we used one of the recently developed SR fluorescence 

microscopy techniques called stochastic optical reconstruction microscopy (STORM) 

[138][139]. In conventional fluorescence microscopy, the fluorescence signal is detected 

simultaneously from the whole molecules in the sample, and therefore, spatial 

resolution is limited by the diffraction of light. On the other hand, STORM technique 

depends on the localization of single molecule. The method is based on the activation of 

a small fraction of the fluorophores. While the fluorescence spots obtained from 

individual molecules are 200 – 300 nm in size, the positions of the spatially isolated 

fluorophores can be determined with a few nanometer precision by fitting these data 

with 2D Gaussian function in a similar way to the single-molecule tracking. These 

molecules are then deactivated, and another small fraction of the fluorescent molecules 

is activated and localized precisely. A SR image is reconstructed by mapping a large 

number of molecules (Fig. 1-15) [140][141][142][143]. The STORM technique has been 

applied to visualize the nanoscale conformational state of DNA molecules [144] [145] 

[146]. 
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Figure 1.15. The principle of stochastic optical reconstruction microscopy (STORM). 
Reproduced from [147]. 

 

 

http://www.sciencedirect.com/science/article/pii/S0962892409001998#gr4
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A lateral resolution better than 20 nm has been reached by using STORM [139].  Photo-

physical properties of the fluorophores play essential role in the performance of the 

STORM imaging. Fluorescent probes that are compatible with the STORM technique 

range from fluorescent proteins to organic dyes. The localization accuracy of the 

fluorophore is effected by multiple factors including the spontaneous activation of the 

fluorophores, the “on-off” duty cycle, the switching-on event, the number of photons 

detected in each activation, and the emission in the dark-state. To achieve highest 

resolution, these factors have to be optimized. The position of the fluorophore is 

localized using 2D Gaussian fitting with a PSF of the optical system of the microscope. 

The standard deviation of the Gaussian fit σ that corresponds to the localization error is 

given by the following equation:  

𝜎2 =
𝑆2+

𝑎2

12

𝑁
+

8𝜋𝑆4 𝑏2

𝑎2 𝑁2                                                            

where S is the standard deviation of the PSF. N is the number of photons detected from 

the fluorophore, b is the background, and a is the pixel size of the CCD camera. One of 

the crucial factors that affect the resolution of reconstructed SR image is the density of 

the detected spots. Insufficient labeling of target structure and/or inefficient localization 

of the fluorophores due to poor temporal switching of the fluorescence will lead to a 

discontinuous images [148]. According to the Nyquist criterion, structural features 

smaller than twice the distance between the neighboring fluorophores cannot be 

distinguished. Smallest resolvable feature size is giving by the following equation:  
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𝛥𝑁𝑦𝑞𝑢𝑖𝑠𝑡 = 2 𝑁1 𝐷⁄⁄   

where N is the density of the labeling and D is the dimension of the imaged structure. 

Final image resolution obtained by STORM is determined by both the localization 

precision of the fluorophores and the density of the localization in the reconstructed 

image. The spatial isolation of the individual fluorophores could be limited by the 

tremendously high fluorophores labeling, which will prevents the exact localization of 

the fluorophores due to overlapping of fluorescence spots for the multiple fluorophores. 

The STORM technique manly relies on the temporal control of the switching behavior of 

the fluorophore from on to off states by either photo-conversion or photo-switching or 

photo-activation (Fig. 1-16a). With any of this phenomena, the mapping of exact 

location of molecules with high precision is achievable and the final reconstructed image 

obtained from several imaging cycles. Alternatively, thiol compounds were used as a 

reducing reagent of triplet state of the fluorophores to chemically convert the molecules 

to their long-lived metastable dark state, which also enables temporal control of the 

fluorescent states [149] (Fig. 1-16b).  
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Figure 1.16.  Temporal switching of fluorescent states used in the STORM technique 
[129]. 

 

The STORM technique has been extended to 3D SR imaging. To achieve axial resolution 

in STORM, many methods have been developed such as double helix PSF [150], double-

plane detection of the Fluorescence signal [151], phase-based interferometry with two 

opposing objective Lenses [152], and optical astigmatism [153]. In these methods, axial 

position of the fluorophore is determined either by axial position-dependent PSF (see 

below) or by axial position-dependent fluorescence intensity caused by axial position-

dependent interference of fluorescence emitted by the fluorophore. These 3D SR 

methods provide an axial resolution of approximately 10-75nm. 
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1.10 Astigmatism-based 3D super-resolution localization microscopy: 

               Astigmatism-based 3D STORM imaging is achieved by inserting a cylindrical lens 

in the detection path, which introduces an astigmatism to the image (Fig. 1-17). The 

fluorescence emitted by a fluorophore located either above or below the focal plane is 

focused on the detector with ellipsoidal shape due to the anisotropic PSF along the axial 

axis. The axial position of the fluorophore is calculated based on the ratio of the spot 

width along x and y axes that is determined by fitting the obtained elliptical fluorescent 

spot with a 2D elliptical Gaussian function [153]. Lateral position (i.e. x and y 

coordinates) of the molecule is determined by the peak of the 2D elliptical Gaussian 

function. A fast time resolution of about 1-2 s has been achieved with a 3D spatial 

resolution of 30 nm in the x-y direction and 50 nm in z direction over 600nm z range 

without scanning the sample [154]. Scientists have been developing new imaging 

techniques, new labeling technologies, and new fluorophores in order to push the SR 

fluorescence microscopy techniques to achieve higher spatial and temporal resolutions 

than previously. 
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Figure 1.17. Astigmatism based 3D localization microscopy [153]. 

 

1.11 Objectives: 

Many theoretical and experimental studies have aimed at understanding the polymer 

dynamics at the molecular level that give rise to its bulk phase properties. While much 

progress has been made in the field over the past ~60 years, many aspects of polymer 

dynamics, especially in complicated systems such as entangled condition and polymers 

of different topologies, are still not well understood. This is mainly due to the lack of 

experimental methods that allow direct visualization of spatial and temporal behavior of 

single polymer chains at different length (i.e. from segment level to whole chain level) 

and time (i.e. from segmental motion to whole chain motion) scales. Fluorescence 

microscopy techniques, in particular single-molecule imaging and microscopy, have 

greately contributed to unravel polyme dynamics at single chain level as we can 

eliminate ensemble-averaging effect that obscures the true nature of each molecule. 
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Despite their great success in the relevant fields, the spatial and temporal ranges that 

can be addressed by the existing methods are still limited. Therefore, in this thesis, we 

develop new fluorescence microscopy methods that allow us to capture motion of 

single polymer chains occurring at length and time scales not accessible by the existing 

methods.  

In Chapter 2, we develop a new single-molecule tracking method called cumulative-area 

(CA) tracking, which enables quantitative characterization of diffusion rate (i.e. speed of 

the motion of whole chain) of individual polymer molecules at length scale comparable 

and smaller than their size, which has been impossible with the existing single-molecule 

tracking techniques. CA tracking also allows simultaneous characterization of diffusive 

motion (i.e. whole chain motion) and conformational dynamics (i.e. intramolecular 

motion) of individual DNA molecules. Using DNA molecules as model polymer, we 

demonstrate the applicability of CA tracking to polymer dynamics study. In Chapter 3, 

using the method developed in Chapter 2, we conduct detailed investigation of the 

entangled polymer dynamics with special emphasis on topology effect on the polymer 

dynamics at the single-molecule level. Using entangled DNA solutions as model system, 

we demonstrate that both diffusive motion and conformational relaxation of DNA 

molecules under entangled conditions are governed by topological state of polymer 

chains. Our results also suggest that CA tracking provides unique opportunity to 

experimentally investigate mutual relationship between diffusive and intramolecular 

motion, which has been very difficult with the existing methods. In Chapter 4, we 
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extend the method developed in Chapter 2 and develop dual-color CA tracking. Using 

the method, we try to characterize that both diffusive motion and conformational 

relaxation of multiple DNA entangled each other. In Chapter 5, we combine 3D 

astigmatism based super-resolution fluoresce imaging technique and CA tracking to 

directly visualize segment level motion of individual DNA molecules together with their 

motion at whole chain level under entangled conditions. We show that our new method 

enables to access length and time scales of polymer dynamics that have been impossible 

to address by the existing methods. 

The existing single-molecule fluorescence imaging techniques often restrict the 

characterization of polymer dynamics to whole-chain level (e.g. center-of-mass motion, 

chain-length-dependent motion, chain-wide relaxation time, etc.). Since polymer physics 

theories describe quantitatively time- and space-averaged relaxation modes of single 

chains occurring at different time and length scales, such whole-chain level analyses are 

useful to confirm existing theories. However, complete description of local and global 

motion of single polymer chains in real space beyond the existing theories is impossible 

with these frequently-used approaches. We show that the real-space subchain-level 

analyses that we develop in this thesis are particularly useful to characterize motion of 

topological polymers, including cyclic polymers, as theoretical framework to describe 

their entangled dynamics has not been established. Our new single-molecule imaging 

tools would provide a powerful platform to investigate entangled polymer dynamics, 
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which would contribute to a broad spectrum of researches in the relevant fields, from 

(bio) materials to analytical science to biology. 
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CHAPTER 2: DEVELOPMENT OF NEW SINGLE-MOLECULE TRACKING 

METHOD, CUMULATIVE AREA TRACKING, FOR SIMULTANEOUS 

VISUALIZATION OF DIFFUSION AND CONFORMATIONAL DYNAMICS. 

 

2.1 Abstract: 

We report a new method that addresses the limitations of existing single-molecular 

localization methods. The method is based on temporal tracking of the cumulative area 

occupied by molecules. These temporal fluctuations are tied to molecular size, diffusion 

and conformational changes. By analyzing fluorescent nanospheres and double-

stranded DNA molecules of different lengths and topological forms, we demonstrate 

that our cumulative-area method surpasses the conventional single-molecule 

localization method in terms of the accuracy of determined diffusion coefficients. 

Furthermore, the cumulative-area method provides conformational relaxation times of 

structurally flexible chains along with diffusion coefficients, which together are relevant 

to work in a wide spectrum of scientific fields. 
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2.2 Introduction: 

SMLT method has been used to map the spatiotemporal diffusion behaviors of 

individual molecules. Normally, SMLT analysis expresses the diffusion behavior based on 

accuracy of the spatiotemporal positions of the molecule. However, accurate analysis of 

diffusion behaviors, conformational dynamics, and size of molecules, remain limitations 

to this method. Now, we present method to measure single-molecule diffusion that 

crosses the limitations of SMLT method. In this new method, the molecular motion is 

expressed in terms of the increase of the cumulative area occupied by the molecule in 

space over time, which we call the cumulative-area (CA) method. By carefully adjust the 

number of pixels detected per each time-lapse image, information on diffusion, 

conformational changes, and molecular size can be obtained directly. We validate CA 

method by analyzing the statistical distribution of diffusion coefficients of fluorescent 

nanospheres by the CA method and by single-molecule localization and tracking (SMLT) 

method. We further extend the potential usefulness of our method by analyzing the 

diffusion and conformational dynamics of double-stranded (ds) DNA of different lengths 

and topological forms. We show that our CA method exceeds the conventional SMLT 

method in terms of the accurate determine diffusion coefficients. Moreover, the CA 

method provides the relaxation times of flexible chains along with diffusion coefficients, 

which together are relevant to study in a wide spectrum of scientific fields including life 

science as well as materials science. 
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2.3 Materials and Methods: 

Fluorescent nanospheres: 

Suncoast yellow fluorescent polymer nanospheres (0.19 µm in diameter, 

excitation/emission maxima 540/600 nm (2.653 × 1012 nanspheres per mL) were 

obtained from Bangs Laboratories, Inc. (IN, USA). The nanospheres were diluted with 10 

mM Tris buffer, pH 8 to a concentration of 1.5 × 106 particles /mL. 

DNA: 

ColE1 (6 kbp) DNA and Charomid (42 kbp) DNA were obtained from Nippon Gene 

(Tokyo, Japan). We used 0.2 µL (100units) Topoisomerase I (New England Biolabs, UK) to 

prepare 1µg of a relaxed circular form of the DNA by incubating at 370C for 2 hours. A 

0.5µl (2,000units) of restriction enzyme SmaI (New England Biolabs, UK) was used to 

prepare 1µg of a linear form of the DNA by incubating at 250C for 2 hours. 

Fluorescence labeling of DNA:  

 The entire chain of DNA molecules were fluorescently labeled with YOYO-I (Molecular 

Probes, Carlsbad, CA). First, we prepared 100µl of the dye solution by diluting 1µl of the 

YOYO-I stock solution (1mM in DMSO) in 99µl Tris EDTA (TE) buffer (10mΜ). Next, we 

added 3µl of the YOYO-I dye solution to 977µl of the TE buffer, and then we added 20µl 

(1µg) of the DNA. This staining condition gave a 1:5 dye molecules to base pair ratio. 
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Then we incubated the stained DNA solution in a dark for 1hour, and the stained DNA 

solution was diluted into TE buffer to 0.1µg/ml immediately before the imaging 

experiments. The fluorescence imaging experiments were performed using a custom-

built wide field epi-fluorescence microscopy setup as described in [155] (Fig 2.1,2.2). 

 

 

Figure 2.1:  Raw images of circular DNA with imaging frame rate= 0.16s .a) 6kbp DNA .b) 
42kbp DNA .scale bar of 1µm.  
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Single Molecule Fluorescence imaging setup: 

The single molecule imaging experiments were carried out on a custom-built wide field 

epi-fluorescence microscopy setup (Fig 2.2).  

1- Two solid-state lasers were used for illumination:  

a) CW 60 mW 488 nm (MLDTM, Cobolt, Solna, Sweden). 

b) CW 100 mW 532 nm (Samba, Cobolt, Solna, Sweden).  

2- Acousto-optic tunable filter (AOTF; AA Optoelectronic, Orsay, France), to allow 

the intensity of the individual laser lines to be independently controlled.  

3- 5× beam expander (Thorlab, Newton, NJ, USA), which in combination with an 

achromatic plan-convex focusing lens to provides widefield Köhler illumination 

of the sample.  

4- Inverted IX71 microscope (Olympus, Japan).  

5- Olympus Plan Apochromat 100× NA 1.49 oil immersion objective lens.  

6- iXon3 897 EMCCD camera (Andor Technology, Belfast, Ireland).  

7- Filter cube to separate the fluorescence light from the laser excitation light using 

a) A dichroic mirror (FF506-Di03) from Semrock (Lake Forest, IL, USA).  

b) An emission filter (FF01-609/181) from Semrock (Lake Forest, IL, USA).  
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8- The fluorescence images were recorded with a pixel size of 160 nm with 

different sampling times. 

9- The image acquisition was done using the Andor IQ imaging software. 

Approximately 100 single-molecule diffusion trajectories were analyzed in each 

experiment. 
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Figure 2.2:. The custom-built wide field epi-fluorescence microscopy setup. 
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2.4 Results and Discussions: 

2.4.1 Principle of the CA method: 

The cumulative-area method is based on calculating the increase in the cumulative 

fluorescent area occupied by a moving molecule that occurs between time frames ti and 

ti+1 (i = 1, 2,…, n) (Fig 2.3-b). Given a stack of frames of a time-lapse image of a moving 

molecule, we first set an initial threshold by fitting the intensity frequency distribution 

of all pixels in each frame with a Gaussian function to remove the background (Fig 2.4). 

For the diffusion measurements we set the background threshold to +4in which  

and  denote the mean and the standard deviation determined by the Gaussian fitting 

of the background intensity frequency distribution. This makes it possible to adjust the 

background independently for each frame. The noise pixels are removed in all frames. 

Second, we define five pixels as the area of space occupied by the molecule in each 

frame by increasing the background threshold.  For conformational dynamics analysis, 

we define a complete molecular shape by increasing the number of pixels. The 

movement of these pixels leads to an increase in the area occupied by the molecules 

across the stack over time (Fig 2.3) and is used to describe the diffusion of the molecule. 

Based on both the internal noise ratio and the dropped frames ratio the quality of the 

stack is judged. A stack is used for analysis when the internal noise ratio and the 

dropped frames ratio do not surpass 20% and 1%, respectively. Then all frames are 

superimposed starting at time frame t1 and continued until frame ti , to obtain the 
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cumulative area (Mi) at each time frame ti (Fig 2.4). The increment of the cumulative 

area occupied by the molecule that occurs between time frames ti and ti+1 (ΔAi) (Fig 2.3-

b), is calculated by the following formula: 

∆𝐴𝑖 = 𝑀𝑖+1 − 𝑀𝑖  

Sometimes, the area difference (ΔAi) is covered by the growing cumulative area. Thus, 

the cumulative area increment might drop to zero .We correct this by reversing the 

order of the superimposition. In this case, we superimpose all the frames between tn 

and ti and tn and ti+1 to obtain the cumulative area at time ti and ti+1. ΔAi is calculated by 

the following formula: 

∆𝐴𝑖 = 𝑀𝑖 − 𝑀𝑖+1 

Any zero values obtained from the forward superimposition will replaced with the 

correct values from the backward superimposition. Finally, the diffusion coefficient (D) 

is obtained from the equation: 

〈∆𝐴𝑖〉 = 4𝐷∆𝑡  

Where <ΔAi> denote the average area increment at 1Δt, and Δt is the time-lapse 

between adjacent frames. 

To measure the relaxation time of long and flexible molecules, the molecular area is 

defined by specifying an upper threshold of 40 - 60 pixels. The upper threshold is 

determined based on the largest number of pixels obtained after background removal in 
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each video recording. The area fluctuations are auto correlated and by the 

autocorrelation plot is fitted to a single-exponential decay using Origin Pro (originlab v 

9.0) program. 

 

 

 

Figure 2.3: The time dependent increase in the CA occupied by moving molecules. (a) 
The cumulative area occupied by the moving fluorescent nanospheres (top) and YOYO-I 
labeled linear 6kb DNA (bottom) gradually increases. Numbers at the bottom indicate 
time in seconds. The jet color map represents arbitrary unit values of the cumulative 
fluorescence intensity of individual pixels. (b) Increase in the cumulative area occupied 
by linear 6kb DNA at time frames t1 (0 s), t2 (0.0064 s), t3 (0.0128 s), t4 (0.0192 s) and t5 
(0.0256 s) over time. The red-bordered region defines the area occupied by the 
molecule at each time frame. The dashed pixels represent the area increment at each 
time frame as a result of random movement of the molecules. Pixel size = 0.16 µm. 
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Figure 2.4:  A schematic illustration of the cumulative- area method. 

 

2.4.2 Diffusion of fluorescent polymer nanospheres in a standard buffer: 

We examined our method experimentally by comparing the distribution of diffusion 

coefficients of 100 polystyrene nanospheres with a mean diameter of 0.19 µm 

suspended in 1mM Tris buffer measured by means of single-molecule fluorescence 

imaging and analyzed by the CA and SMLT-MSD methods (Fig 2.5). The expected Stokes-

Einstein diffusion coefficient was 1.74 µm2 s-1 at 20 °C. After fitting the data to the ideal 

Gaussian, the diffusion coefficient measured by the CA method was 1.73 ± 0.24 µm2 s-1, 
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which is close to the diffusion coefficient determined by SMLT-MSD (1.63 ± 0.34 µm2 s-

1). The distribution looked symmetrical around the mean in both analyses but the widths 

of distribution were different. The standard deviation of the diffusion coefficients (σD) 

measured by the CA method (σD = 0.24) was two-thirds of that measured by the SMLT 

method (σD = 0.35). The good agreement of the two distributions confirms that the 

width of the frequency distribution is associated with statistical error in SMLT-MSD. 

Thus, the smaller σD obtained by the CA method as compared with that obtained by the 

SMLT-MSD analysis corresponds to the smaller statistical error in the former method. 

The smaller statistical error originates from avoiding the localization of the molecule in 

the cumulative-area method. 
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Figure 2.5: Frequency histograms of the diffusion coefficient determined fluorescent 
nanospheres. The D values were determined by (a) the CA method and (b) the SMLT 
method. The red lines in (a) and (b) are Gaussian fittings of the frequency distributions. 

 

2.4.3 Simulation of diffusion coefficients of single particles in two dimensions: 

The random-walk trajectory was built using a Matlab program starting at (x,y) = (0,0). 

The random displacements were generated using a distribution function (q) expected 

from the normal diffusion theory: 

𝑞 =
2𝑟

〈𝑟2(∆𝑡)〉
exp [

−𝑟2

〈𝑟2(∆𝑡)〉
] 
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where r and Δt denote the displacements and the time lag. Thus, 〈𝑟2(∆𝑡)〉 corresponds 

to the MSD at the time lag Δt. The angles between two continuous displacements were 

generated based on random values between 0° to 360°. By using the obtained (x,y) 

positions, the center of the same number of pixels used in our experiments were 

defined (5 pixels). 
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Using the simulated random walk trajectories of single molecules we evaluated the 

performance of the CA method. We generate random diffusion trajectories of 100 

molecules in 2D space (Fig 2.6-a). Diffusion trajectories with three different D values are 

simulated (D = 1.0, 1.5 and 2.0 µm2 s-1) and then the D values are calculated using the 

CA method (Fig 2.6-b). Note that the trajectory lengths and the D values in the 

simulation set within the range of experimentally obtained trajectory lengths and the D 

values of the DNA molecules used in this study. The frame rate (156 frames/s) was also 

fixed at the value for the experiments on DNA molecules. A good agreement between 



73 
 

the calculated D values (1.10, 1.51 and 1.98 µm2 s-1) and the simulated values (1.0, 1.5 

and 2.0 µm2/ s-1) was obtained, demonstrating the accuracy of the CA method (Fig 2.6-c, 

2.6-d, 2.6-e). The results of the simulation indicated that the sampling rate should be 

associated with a large enough displacement to result in a measurable area increment 

over time. This confirms that the short displacements that might be generated at fast 

sampling rates are not masked by the area occupied by the molecule in each frame. A 

similar prerequisite is critical in SMLT-MSD analysis where the sampling rate should 
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result in a displacement that is larger than the accuracy of the localization obtained by 

the 2D Gaussian fitting. 

 

Figure 2.6: Simulation of the diffusion coefficients of single molecules in 2D. (a) 
Simulated 2D trajectories of a moving molecules at D = 1.0 µm2 s-1. (b) Cumulative areas 
at time 0, 1, 3, and 10 s calculated using the diffusion trajectory shown in (a). (c) 
Frequency histograms of D calculated using the simulated trajectories diffusing at D = 
2.0 µm2 s-1, (d) D = 1.5 µm2 s-1, and (e) D = 1.0 µm2 s-1 by CA method. The lengths of 
trajectories in the simulation were set to 50, 100, and 300 frames for molecules 
diffusing at 2.0 µm2 s-1, 1.5 µm2 s-1, and 1.0 µm2 s-1, respectively. The red lines show 
Gaussian fittings of the histograms. 



75 
 

 

 

 

2.4.4 Diffusional dynamics of dsDNA of different lengths and topological forms: 

Here we measured the D distribution of YOYO-I labeled ColE1 (6 kbp, contour length (L) 

≈ 3 µm)) and Charomid (42 kbp, L ≈ 19 µm) dsDNA of different topological forms, to 

provide more proof of the validity and reliability of CA method (Table 2.1 and Fig 2.7). 

The peaks of the D distribution of relaxed circular and supercoiled 6kb DNA measured 

by the CA method is close to the values obtained by SMLT-MSD method (Fig 2.7-a, 2.7-

b). A small deviation in the peak was observed In the D distributions of the linear form 

of 6kb DNA obtained by both methods (Fig 2.7-c). In contrast to the analogous peak 

positions obtained by the two methods, we observed a large difference in the width of 

the distribution. The widths of the D distributions obtained by the CA method (σD is 15 

% of the D mean) are similar to those obtained using the simulated diffusion trajectory 

and the fluorescent nanospheres (Table 2.1). In contrast, much broader distributions are 

obtained by the SMLT-MSD method (σD is 40 – 65 % of the D mean) (Table 1). The 

broadening of the D distribution obtained by the SMLT-MSD analysis indicated that even 

at this length scale (radii of gyration (RG) of supercoiled, relaxed circular and linear 6 kbp 

DNA are 0.1, 0.13, and 0.21 µm, respectively), the conformational changes affect the 
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analysis of the D in the SMLT method. The narrower D distribution obtained by the CA 

analysis highlights the advantage of the CA method over the SMLT-MSD method.   

For much longer Charomid DNA (42 kbp, RG ≈ 0.65 µm), the difference in the D 

distributions calculated by the CA method and SMLT-MSD method becomes more 

significant (Fig. 2.7-d, 2.7-e, 2.7-f). This is associated with significant broadening of the D 

distributions measured by SMLT-MSD and inconsistent peak values. The anisotropic 

shape of the fluorescently labeled 42kb DNA introduces significant errors in 2D Gaussian 

fitting. This error makes the tracking fail quite quickly because of large fitting outliers. 

Although several algorithms have been successfully applied to optimize the tracking of 

small and elongated molecules [156][157], these optimizations are dependent on the 2D 

fitting of the image which limit their applicability to conformationally flexible molecules. 

The CA method avoids the localization and displays narrower and better symmetrical 

distribution around the means D (Fig 2.7). Indeed, the widths of the D distribution 

obtained by the CA method (σD is 20 % of the mean D) are analogous to those obtained 

for the 6kb DNA and the nanospheres. Furthermore, the mean D obtained by the CA 

analysis (0.99 μm2 s-1 for the linear form of 42 kbp DNA) is analogous to the ensemble-

averaged D obtained for a similar length of DNA (0.80 μm2 s-1 for  48.5 kbp λ DNA)[158]. 

These results demonstrate the applicability and the robustness of the CA method to a 

wide range of the samples including large and conformationally flexible molecules. 
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Table 2.1. Measured mean D and σD for different lengths and topologies of DNA using 
the CA and SMLT methods. 

* Diffusion coefficients were determined based on calculating the arithmetic mean of values in Fig 2.7. 

 

 

 

 Diffusion coefficients, µm2 s-1* 

DNA 
construct 

Supercoiled Circular Linear 

CA SMLT CA SMLT CA SMLT 

ColE1 (6 kbp) 1.80 ± 
0.30 

2.62 ± 
1.72 

1.74 ± 
0.24 

2.52 ± 
1.32 

1.61 ± 
0.25 

2.38 ± 
0.97 

Charomid   
(42 kbp) 

1.14 ± 
0.24 

2.41 ± 
1.20 

1.10 ± 
0.24 

4.19 ± 
1.81 

0.99 ± 
0.22 

2.30 ± 
1.25 



78 
 

 

Figure 2.7: Frequency histograms of the D determined for different dsDNA topologies (a, 
b, c) ColE1 (6 kbp), (d, e, f) Charomid (42 kbp) DNA. The diffusion coefficient values were 
determined via the CA method (blue bars) and the SMLT method (green bars) ,for 
supercoiled (a and d), relaxed circular (b and e) and linear (c and f) forms. The red lines 
are 2D Gaussian fittings. 

 

2.4.5 Charomid DNA conformational dynamics:  

The diffusion of a long and flexible polymer chain such as 42kb Charomid DNA is 

supposed to be coupled with its conformational relaxation dynamics. However, 

simultaneous detection of these two important parameters has been challenging due to 
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the lack of appropriate methods. Unlike the other methods, the CA method can provide 

direct information about the diffusion dynamics in parallel with conformational changes. 

The conformational relaxation of isolated DNA molecules can produce a dramatic 

change in the area occupied by the molecule in space (Fig 2.8-a). To measure the time 

scale of this change, the area occupied by the molecule (Ai) at a given time, ti, was 

calculated, (Fig 2.8-b, (Inset)). The relaxation time of the molecule (τR) was estimated by 

the autocorrelation analysis of Ai using the following equation: 

G(𝜏) =
〈𝐴𝑖 ⋅ 𝐴𝑖+𝜏〉

〈𝐴𝑖〉2
= Bexp (−

𝑡

𝜏𝑟
) 

where τ is the time lag. The autocorrelation plot obtained for the linear form of 42kb 

DNA with 1 second sampling time can be fitted well with a single-exponential decay 

function (Fig 2.7-b). The average correlation time of 144 ms was obtained (Fig 2.8-c), 

which was close to the reported relaxation time of 48.5 kbp λ DNA (τR ≈ 200 ms) [158]. 

The relaxation time of the cyclic form of the 42kb DNA was shorter than that of its linear 

counterpart (τR ≈ 80 ms), consistent with the relaxation time dependent topology from 

the simulation studies[159]. These results suggest a direct connection between the 

conformational relaxation of the chains and the relaxation time obtained from the CA 

method. 
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Figure 2.8: Conformational dynamics of 42kb DNA. (a) Fluorescence images of single 
DNA molecules at different time lag. The molecular area in µm2 for each image. (b) An 
autocorrelation plot of the area occupied by a single 42kb DNA molecule. The blue line 
shows a fitting with a single-exponential decaying function. (Inset)Time lapse of the area 
occupied by a single 42kb DNA molecule. (c) Calculated relaxation time histogram. 
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2.5 CONCLUSION: 

The CA method holds extraordinary promise to advance the single-molecule 

fluorescence microscopy studies (Fig 2.9), which are relevant to a wide range of 

scientific fields. From fundamental physics to chemistry to materials science, analytical 

science and biology, diffusion and conformational dynamics are indeed central to 

multidisciplinary studies of polymers. We suggest an immediate applicability of this 

method in these different fields. 

 

Figure 2.9: Conclusion of CAM. 

The CA method avoids molecular localization, which is the basis of single molecule 

diffusion measurements and overcomes its limitations. By using fluorescent 

nanospheres and dsDNA molecules of different topological forms and lengths we 

validate the method. In terms of reproducible measurement of diffusion dynamics and 

relaxation times the performance of the CA method exceeds the SMLT method with a 
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narrower distribution of the values obtained for a specific DNA topological form and 

size.  

In chemistry, physics, and biological science there is considerable fundamental interest 

in the effect of molecular topology on entangled biopolymer dynamics. The CA method 

can be reliably used to unveil molecular dynamics and nanoscale heterogeneity in 

complex systems. Our method, for instance, can provide insights into anomalous 

diffusion including constraint diffusion and directional flow.  In materials science and 

polymer physics, understanding the polymer diffusion dynamics is the key to 

characterizing the rheological properties of synthetic polymers. Indeed, the viscoelastic 

properties of these materials can be distinguished after diffusion and conformational 

change measurements by using the CA method. Finally, we believe that our method will 

work in combination with super-resolution fluorescence microscopy to reveal the 

dynamics of complex bio systems (see Chapter 5). 
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CHAPTER3: TOPOLOGY DEPENDENT MUTUAL RELAXATION OF POLYMER 

CHAINS REVEALED BY THE CUMULATIVE-AREA TRACKING 

 

3.1 Abstract:  

The motion of macromolecules under the entangled condition controls viscoelasticity of 

polymer materials. The motion of linear and branched polymers has been well described 

by the reptation model in which the entanglement is described by a moving chain 

through fixed obstacles. However, it remains controversial whether the entanglement 

based on such single chain model is valid for cyclic polymers as the concept of 

entanglement between cyclic chains is unclear. Here, we report direct visualization of 

diffusive dynamics and conformational relaxation of entangled cyclic DNA at the single 

molecule level by means of newly developed fluorescence imaging technique, 

cumulative-area (CA) method. We find that the conformational relaxation time of the 

entangled cyclic DNA is very close to that in the dilute solution. Our results suggest that 

mutual relaxation of the polymer chains governs the motion of the cyclic polymers. 

Furthermore, the modes of the diffusive motion of the entangled linear and cyclic DNA 

are explicitly distinguished by the CA method, demonstrating that the method provides 

an invaluable tool for the direct visualization of the controversial topological 

interactions between the polymer chains. 
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3.2 Introduction: 

The motion of the entangled polymer chains has been one of the most important 

subjects in polymer science as this constitutes the basis of the development of polymer 

materials. Extensive researches over the decades have demonstrated that the motion of 

long linear and branched polymers can be described by the reptation model in which 

the molecule moves along the virtual tube created by surrounding molecules [27][160]. 

In contrast, the motion of the entangled cyclic polymers is more puzzling. The lattice-

animal model has been proposed to describe the motion of the cyclic polymers in which 

a single cyclic chain moves through an array of fixed obstacles, similar to the reptation 

theory [18][161]. Recent studies suggest that the motion of entangled cyclic polymers is 

better described by a single chain in a moving obstacles [41]. The motion of the chains in 

a linear-cyclic blend has been reported to be further complicated [162][163]. Despite 

the decades of experimental [164][165][166][167][168] and simulation studies 

[42][169][40], the mode of motion of the entangled cyclic polymers is still controversial 

because the concept of entanglement between the cyclic polymers at the single chain 

level has not been established [170]. This is partly due to the lack of the method that 

can directly characterize the motion of individual polymer chains in an entangled melt 

and solution at the equilibrium condition. 

We have recently developed a new single molecule fluorescence imaging 

technique, cumulative-area (CA) method[155], which allows simultaneous 

characterization of diffusion rate, diffusion mode, and conformational relaxation time of 
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individual long DNA molecules. As compared with the conventional single-molecule 

fluorescence imaging technique based on localization and tracking (LT) which does not 

work well for conformational flexible long molecules, the CA method was proven to be 

especially effective for the analysis of the motion of long polymer chains as the 

conformational state of the molecule can be directly visualized. Further, the center-of-

mass diffusion and conformational relaxation of the molecule can be characterized 

separately by analyzing cumulative areas occupied by the moving molecule. Note that 

while the relaxation time of single polymer chains has been characterized by measuring 

the structural relaxation of the mechanically stretched DNA [61][87], the relaxation time 

at the equilibrium condition cannot be obtained by this method. Using the novel CA 

approach, we investigate the molecular mechanism of the motion of cyclic polymers in 

an entangled solution at the single molecule level. 

In this study, we used 42 kbp linear and cyclic dsDNA whose contour lengths is 

19 µm as model polymers [19]. DNA has several advantages over synthetic polymers 

frequently used in rheology experiments such as a guaranteed high purity of the linear 

and cyclic molecule which is one of the problems with synthetic polymers [171], an 

identical length of all the molecules, and the simple fluorescence labeling of the 

molecule. This together with its micrometer-size chain length which allows direct 

visualization of the conformational state of the molecule by fluorescence microscopy 

makes DNA especially a good model system for studying entanglement between 

polymer chains [36][68].In this study, we investigated the motion of a cyclic tracer DNA 
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in the cyclic DNA solution (C-C), a linear tracer DNA in the linear DNA solution (L-L), and 

a cyclic tracer DNA in the linear DNA solution (C-L). The motion of the tracer molecules 

was visualized by fluorescently labeling the entire chain of the tracer molecules (Fig 3.1). 

The concentration of DNA solution was set to 1 mg/ml, at which the reptation motion of 

the molecule has been reported [104]. A diluted solution of fluorescently labeled linear 

(Dilute L) and cyclic (Dilute C) DNA (0.1 µg/ml) was used as a reference. 

 

 

 

Figure 3.1: Schematic illustration of the single-molecule fluorescence imaging setup for 
the direct visualization of the motion of individual polymer chains in the 
entangled solution 
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3.3 Materials and Methods: 

Sample preparations 

DNA matrix. ColE1 (6 kbp) and Charomid (42 kbp) DNA was purchased from Nippon 

Gebe. The linear and cyclic form of the ColE1 and Charomid DNA were prepared from 

the supercoiled form of the corresponding DNA.  

For the preparation of the linear DNA samples, the 10 µg of the DNA was added into a 

50 µL of the digestion buffer (50 mM potassium acetate, 20 mM Tris-acetate, 10 mM 

magnesium acetate, 1 mM DTT, pH = 7.9) containing 50 units of the restriction enzyme 

Sma-I (New England Biolabs) The reaction mixture was incubated at 25 °C for 8 hours. 

Then, a 25 µL of sodium acetate solution (3 M) and 40 µL of isopropanol were added 

into the reaction mixture and mixed well. The mixture was ultra-centrifuged at 15,000 

rpm for 20 minutes and the supernatant was carefully decanted. The DNA pellets were 

washed with 70 % ethanol and vortexed for 1 minute and then ultra-centrifuged at 

15,000 rpm for 15 minutes. These steps were repeated for three times. The obtained 

pellets were dried in air and dissolved in an 8.5 µL of TE buffer. 

For the preparation of the cyclic DNA, the 10 µg of the DNA was added into a 20 µL of 

the digestion buffer containing 10 units of the Topoisomerase-I (New England Biolabs) 

and 100 µg mL-1 BSA. The reaction mixture was incubated at 37 °C for 2 hours. The 

enzyme was deactivated by incubation at 65 °C for 2.5 minutes. The DNA samples were 
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then precipitated using the Isopropanol method, dried in air, and dissolved in the TE 

buffer as described above.  

 

Fluorescently labeled DNA. A 1 µL of the DNA intercalotor dye, YOYO-I (1 mM, 

Molecular Probes, Carlsbad, CA) in DMSO was diluted into a 99 µL of a sterile Tris EDTA 

(TE) buffer (10 mM Tris, 1 mM EDTA, pH = 7.5) to prepare 10 µM of YOYO-I solution. The 

linear and cyclic DNA samples were dissolved in TE buffer at the concentration of 5 µg 

mL-1. A 3 µL of the dye solution (10 µM) and a 20 µL of DNA solution were mixed with 

977 uL of TE buffer. This gave a final concentration of DNA of 0.1 µg mL-1 with base pair 

(bp) : dye molecule ratio of 5:1. 

 

Samples for single-molecule fluorescence imaging experiment. A dilute solution of 

fluorescently labeled linear (Dilute L) and cyclic (Dilute C) DNA was prepared by adding 

the 20 µL of the fluorescently labeled DNA into 180 µL of TE buffer, which gave the final 

concentration of the DNA of 0.01 µg mL-1. For the preparation of the concentrated DNA 

solutions, a 1 µL of the fluorescently labeled tracer DNA (0.1 µg mL-1) and a 0.5 µL of 1 

M NaCl solution were added into the solution of the matrix DNA (8.5 µL containing 10 

µg of DNA). The solution was gently mixed. The final concentration of the fluorescently 

label tracer and the non-labeled matrix DNA were 0. 1 µg mL-1 and 1 mg mL-1, 

respectively. We prepared three different combinations of the tracer and the matrix 
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DNA; the linear tracer DNA in the linear matrix DNA (L-L), the cyclic tracer DNA in the 

cyclic matrix DNA (C-C), and the cyclic tracer DNA in the linear matrix DNA (C-L). The 10 

µL DNA sample was sandwiched between a clean coverslip and slide glass. The sample 

was sealed by a double-sided adhesive (Grace-Biolabs). The adhesive also served as a 

spacer and provided the sample thickness of 0.12 mm (fig 3.2).  

 

 

Figure 3.2: Illustration of the sample preparation to study the DNA dynamics in crowded 
environment. 
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Determination of the diffusion coefficients by cumulative-area (CA) tracking. 

The diffusion coefficients of the DNA molecules were determined by CA tracking 

analyses of the fluorescence images obtained by the singe molecule imaging 

experiments [155]. We first defined five image pixels that corresponded to the area 

occupied by the molecule in each frame. Next, we calculated the cumulative area 

occupied by the diffusing molecule at the time point t = ti by superimposing all the 

images obtained in the previous step from t = t1 until t = ti. Then, the increments of the 

cumulative areas due to the diffusion of the molecule (i.e., cumulative area difference 

(CAD)) that occurred between the time frame ti and ti+1, ti and ti+2, ti and ti+3, ……, ti and 

ti+n, were calculated. Occasionally, the CAD dropped to zero because the newly occupied 

area was masked by the already occupied cumulative area. In this case, the CAD was 

determined by reversing the order of the image superimposition. The mean CADs 

(MCADs) were calculated using the cumulative area differences obtained in the previous 

step and plotted against the time lag (Δt = ti+n - ti). The diffusion coefficient (D) was 

calculated by the initial slope of the CAD plot (see Supporting Information). The 

diffusion coefficient was also calculated using the conventional LT method by mean 

squared displacement analysis described previously [172][162]. 
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Simulation of 1D and 2D random diffusion. 

A nonrandom diffusive motion is expected for entangled semi-flexible chains. Thus, the 

diffusion trajectories for the 1D and 2D random motion were constructed using routines 

written in Matlab. The generated displacements in each time step followed a probability 

distribution function for the random diffusion expected from the normal diffusion 

theory[173]. We generated random values between 0 and 2 and the value 0 or  for 

the angles between the two consecutive displacements for the 2D random and 1D 

random diffusion trajectories, respectively. Based on the positions of the molecule in 

each simulated trajectory, the locations of the five pixels representing the area occupied 

by the molecule were determined. Using the simulated trajectories, the diffusion 

coefficients were calculated by CA tracking analysis. 

 

Analysis of the diffusion mode by CA tracking. 

The diffusion mode was analyzed based on the time course of the cumulative area 

obtained from the image analysis described above. A mean cumulative area (MCA) was 

calculated using the cumulative area data obtained from approximately 100 molecules. 

The MCAs for the simulated 1D and 2D random diffusions were calculated using 100 

simulated trajectories. To compare the MCAs obtained experimentally with those 

obtained from the simulated trajectories, we set the average displacements in the 

simulated 1D and 2D random trajectories to the values equal to the mean 
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displacements obtained experimentally. The diffusion modes were analyzed by 

comparing the scaling exponents obtained for the experimentally determined MCAs 

with those obtained for the simulated MCAs by fitting the MCAs with a power-law 

function (i.e., different diffusion modes were distinguished by the slope of the double 

logarithmic MCA plot). A change in the slope of the double logarithmic MCA plot 

suggests to the presence of different diffusion modes at different length scale. In such 

cases, the MCAs were analyzed by fitting each regime separately. 

 

Determination of the relaxation time by CA tracking. 

The conformational relaxation time of the DNA molecules was determined by analyzing 

the temporal fluctuation of the area occupied by the molecule[155]. The area occupied 

by the molecule in this analysis was determined by setting the thresholds in such a way 

that all parts of the molecule were included when the molecule adopted a fully 

extended conformation. The relaxation time (r) was estimated by fitting the 

autocorrelation curve of the temporal fluctuation of the area occupied by the molecule 

using a single-exponential decaying function. 
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Analysis of the heterogeneity of the diffusion rate. 

The distributions of the diffusion coefficient obtained by CA tracking analysis (D; 

standard deviation of the frequency histogram) were quantitatively characterized by 

comparing with those obtained from the simulated 2D random diffusion trajectories 

(D,sim). The deviation from the homogeneous diffusion was evaluated by the ratio 

between D and D,sim. A larger D/D,sim value corresponds to the presence of 

heterogeneous diffusion rates of individual molecules in the sample. 

 

 

3.4 Results and Discussions: 

3.4.1 Modes of the diffusive motion of the entangled chains: 

Time-lapse fluorescence images obtained for L-L (Fig 3.3-a top), C-C (Fig 3.3-b top), and 

C-L (Fig 3.3-c top) showed topology directed diffusion motion and conformational 

relaxation of the tracer molecules. While L-L displayed directional motion at the length 

scale of the molecule, more random motion was observed for C-C and C-L. The mode of 

the diffusive motion was further quantified by analyzing the cumulative area occupied 

by the moving tracer molecules (Fig 3.3-a bottom, 3.3-b bottom). We simulated the one 

dimensional (1D) and two dimensional (2D) random motion of the molecule and 

calculated the cumulative area occupied by the molecule. The mean cumulative area vs 

time (MCA) plots obtained from 100 simulated trajectories are displayed in Figure 3.4 
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together with experimentally obtained MCA plots. The experimentally obtained MCA 

plots for the dilute DNA are reasonably reproduced by the 2D random model (Fig 3.4-a) 

irrespective of its topology. This is consistent with the random Brownian motion of the 

molecules in the dilute solution.  
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Figure 3.3: Time lapse fluorescence images and the CA images. (a) Time lapse 
fluorescence images of a fluorescently labeled 42 kbp linear tracer DNA in the 1 mg/ml 
solution of unlabeled 42 kbp linear DNA (L-L) (top) and the time lapse images of the 
cumulative area occupied by the moving fluorescently labeled linear tracer DNA 
displayed in the top panels (bottom). (b) Time lapse fluorescence images of a 
fluorescently labeled 42 kbp cyclic tracer DNA in the 1 mg/ml solution of unlabeled 42 
kbp cyclic DNA (C-C) (top) and the time lapse images of the cumulative area occupied by 
the moving fluorescently labeled cyclic tracer DNA displayed in the top panels (bottom). 
(c) Time lapse fluorescence images of a fluorescently labeled 42 kbp cyclic tracer DNA in 
the 1 mg/ml solution of unlabeled 42 kbp linear DNA (C-L) (top) and the time lapse 



96 
 

images of the cumulative area occupied by the moving fluorescently labeled cyclic tracer 
DNA displayed in the top panels (bottom). Scale bars = 1 µm. 

 

 

In contrast, the topology of the molecule contributes largely to the diffusion mode in 

the entangled solution. The MCA plot of L-L shows 1D random motion up to MCA ≈ 

3µm2 (Fig 3.4-b) that can be interpreted by the reptation motion as this can be 

approximated by the 1D motion of the center-of-mass at the length scale of the 

molecule. This finding is consistent with the previous study which reported the number 

of entanglement per chain (Ne) about Ne = 7 for dsDNA with the similar length (-DNA, 

48.5 kbp) at 0.8 mg/ml concentration that suggested the reptation motion of the 

molecule [174]. The slope of the plot above this size is close to that of the 2D random 

motion (Fig 3.4-b) which is also predicted for the reptation motion at the length scale 

larger than the size of the molecule [104]. The transition size is roughly consistent with 

the square end-to-end distance (≈ 2.5 – 3.2 µm2) of the molecule [105], which supports 

the idea that we are able to distinguish the diffusion mode based on the slope of the 

MCA plot. The experimentally obtained MCA plot of C-C shows a slope between 2D and 

1D random motion up to MCA ≈ 2µm2 (Fig 3.4-c) which corresponds roughly to the 

calculated square end-to-end distance of the molecule. The observation is interpreted 

by neither a folded reptation motion (i.e. 1D motion) nor the lattice-animal motion (i.e. 

2D motion due to the random motion of the center-of-mass) that have been proposed 

to describe the motion of long flexible cyclic polymers in the entangled melt or solution 

(see below) [175][38][176]. The anisotropic motion of the cyclic molecule in C-C 
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suggested by the MCA plot could reflect the anisotropic conformation of cyclic chains in 

a concentrated solution which is predicted by recent simulation study [169]. The slope 

of the plot above this size is close to that of the 2D random motion (Fig 3.4-c). The 

experimentally obtained MCA plot of C-L is reasonably reproduced by 2D random 

motion (Fig 3.4-d). While the diffusion mode cannot be precisely determined by the 

result, our observation clearly demonstrate the isotropic motion of the cyclic molecule 

in the entangled solution of the linear molecule at the length scale of the molecule. This 

together with its diffusion rate provides a clue about the entanglement between the 

cyclic and linear chains (see below). 

 

Figure 3.4:  Mean cumulative area plots. The simulated mean cumulative area plots of 
1D (red circles) and 2D (black circles) random motion and the experimentally 
obtained mean cumulative area plots for the 42 kbp DNA (blue circles); (a) 
Dilute L (top) and Dilute C (bottom), (b) L-L, (c) C-C, and (d) C-L. The gray lines 
are the fittings by a power-law function. 
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3.4.2 Topology dependent diffusion rates of the entangled chains: 

The diffusion coefficients of the long DNA molecules were determined by the initial 

slope of the cumulative area difference plot (see Methods, Fig 3.5-a, 3.5-b) while the 

relaxation time of the chains were determined by calculating an autocorrelation curve 

of the time-dependent fluctuation of the area occupied by the molecule (Fig 3.5-d, 3.5-

e). The mean diffusion coefficients (D), the distribution of D (D,ex/D,sim), and the mean 

relaxation time of the chains (r) are shown in Figure 3.5-c and 3.5-f. The simultaneous 

determination of the diffusion rate and conformational relaxation of the entire chain, 

which is possible only with the CA method [155], provides unique technical platform to 

characterize the complicated dynamics of the topological polymers. The mean diffusion 

coefficient of Dilute C (DC = 1.10 µm2 s-1) is slightly faster than that of Dilute L (DL = 

0.99m2 s-1) as the cyclic molecule is smaller than its linear counterpart in the dilute 

solution (Fig 3.5-a, 3.5-c top). The mean relaxation times of Dilute C (rC = 0.12 s) and 

Dilute L (rL = 0.14 s)determined by the CA method are consistent with the slowest 

relaxation time of the dsDNA with similar length and topology (Fig 3.5-d, 3.5-f) [158]. 

These results confirm the validity of the CA method for the accurate determination of 

the diffusion coefficient and the relaxation time. 
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Figure 3.5: Cumulative area analysis of the diffusion and relaxation time. The cumulative 
area difference plots obtained for the (a) Dilute L (black line) and Dilute C (red 
line), and (b) L-L (black line), C-C (red line), and C-L (blue line). (c) Mean 
diffusion coefficients of Dilute L, Dilute C, L-L, C-C, and C-L determined by the 
initial slopes of the cumulative area difference plots. The autocorrelation 
curves of the time-dependent fluctuation of the area occupied by the (d) 
Dilute L (black line) and Dilute C (red line), and (e) L-L (black line), C-C (red 
line), and C-L (blue line). The solid lines show the fitting with a single-
exponential decaying function. (f) Mean relaxation times of the dilute L, dilute 
C, 42 kbp L-L, and 42 kbp C-C determined by the single-exponential fitting of 
the autocorrelation plots. 
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The topology of the polymer chain has a significant impact on the diffusion coefficient in 

the entangled solution. The mean diffusion coefficient of C-C (DCC = 0.11m2 s-1) is 

significantly faster than that of L-L (DLL = 0.0072m2 s-1) and C-L (DCL = 0.0046m2 s-1) 

(Fig 3.5-c top), consistent with the previous study. The diffusion of L-L is described by 

the reptation motion as the MCA plot of the 42 kbp L-L shows 1D random motion of the 

chain at the length scale of the molecule. Indeed, both the DLL and the slope of the MCA 

plot obtained by the CA analysis are consistent with the previous observations which 

suggest the reptation motion of the linear dsDNA with similar lengths in the entangled 

solution [104]. In contrast, the diffusion of C-C cannot be described by the reptation 

motion. According to the reptation theory, D is inversely proportional to the square 

length of the polymer chain. If C-C shows the reptation motion, DCC should be four times 

larger than DLL as the effective chain length of the cyclic polymer is two times shorter 

than that of its linear counterpart. However, DCC is more than an order of magnitude 

larger than DLL. Furthermore, the MCA plot of C-C shows clear deviation from the 

reptation models (i.e. 1D random motion at the length scale of the molecule, Fig 3.4-c). 

The MCA plot also shows the deviation from the lattice-animal model (i.e. 2D random 

motion at the length scale of the molecule, Fig 3.4-c). Therefore, our results suggest that 

the motion of C-C cannot be interpreted by the existing models which are based on the 

concept of a moving chain through fixed obstacles (see below).  

The experimentally obtained DLC is smaller than DLL. This is consistent with the 

previous observation [163][68], which has been attributed to the threading of the linear 
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chains through the cyclic chain. A simulation study also predicts that the diffusion rate 

of cyclic molecules threaded by linear chains decreases significantly [177]. Considering 

the multiple entanglements per chain in L-L (see above), each cyclic molecule is 

threaded by multiple linear chains in C-L. The multiple threading should result in an 

isotropic motion of the cyclic molecule. The 2D random motion obtained for C-L (see 

above) provides strong evidence that the motion of the cyclic chain in C-L is indeed 

governed by the threading. Importantly, DC-L has a broader distribution as compared 

with DL, DC, and DLL (Fig 3.5-c bottom) whose distributions are well described by the 

statistical errors of the CA analyses (i.e constant diffusion coefficients for all the 

molecules). In the previous studies on synthetic topological polymers also revealed such 

heterogeneity [162][172] although the observations cannot be fully interpreted by the 

current polymer physics theory. The result clearly demonstrates the importance of 

visualizing the motion of individual molecules [178] to unravel the molecular mechanism 

of the chain interaction. The broader distribution might suggest the threading number 

dependent diffusion rate. Although the entanglement number in L-L should also vary 

between the chains, such broadening of the distribution is not observed (Fig 3.5-c 

bottom). These results point to the importance of considering the molecular level 

heterogeneity in the topological interaction between the chains on their diffusive 

motion, especially for inhomogeneous system such as the mixture of linear and cyclic 

chains. 
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3.4.3 Topology dependent relaxation modes of the entangled chains: 

The topology of the polymer chain also has a large effect on the relaxation time of the 

molecule. The relaxation time of C-C (rCC = 0.15 s) is significantly shorter than that of L-L 

(rLL = 2.44 s) and C-L (rCL = 13.2 s) (Fig 3.5-f). While it is not entirely clear if the 

relaxation time obtained for the L-L corresponds directly to the reptation time of the 

molecule, a similar relaxation time which follows the scaling law for reptation of a 

polyelectrolyte has been reported for -DNA in the entangled solution [174]. Thus, the 

relaxation times obtained for L-L by the CA analysis directly reflect the conformational 

relaxation of the entire chain due to the reptation motion. The relaxation time of C-C, 

on the other hand, deviates from the reptation model. According to the reptation 

theory, r is inversely proportional to the cube of the polymer chain length. The 

experimentally determined relaxation time for C-C (rCC = 0.15 s) is much shorter than 

the prediction. More importantly, rCC is close to the relaxation time of Dilute C (rC = 

0.12 s). The observation clearly demonstrates that the relaxation is not affected by the 

interaction between the polymer chains in C-C although the diffusive motion of the 

entire chain slows down by a factor of ten due the chain interactions (Fig 3.5-c top). This 

is in stark contrast to L-L (rLL = 2.44 s) whose relaxation time is approximately 17 times 

slower than that of Dilute L (rL = 0.14 s). These results together with the diffusion mode 

(Fig 3.4-c) and the rate (Fig 3.5-c top) suggest that the traditional concept of 

entanglement based on the single chain model is not valid for the cyclic polymer. Such 

fast relaxation time cannot be accounted for without considering mutual relaxation of 



103 
 

interacting chains. Interestingly, the decoupling of the diffusive motion and relaxation 

observed for the cyclic chain in C-C (Fig 3.5-c, 3.5-f) has been predicted in the recent 

simulation study [179]. The less interpenetrated chains in C-C that has been predicted 

by the simulation [40] could be partly responsible for the decoupling of the diffusive 

motion and  relaxation.  

The relaxation time of C-L (rCL = 13.2 s) is slower than that of L-L (rLL = 2.44 s). Since the 

relaxation of L-L occurs through the reptation motion (Fig 3.4-b), the rLL reflects the 

time that the chain escape from the virtual tube created by the surrounding molecules. 

In contrast, the cyclic molecule in C-L cannot relax through the reptation motion as the 

cyclic molecule is threaded by the linear chains (Fig 3.4-d). Several models based on the 

constraint release have been proposed for the motion of the cyclic chain in the linear 

entangled solution and melt [175][177][179][180].The slower relaxation time and 

diffusion rate of C-L observed experimentally in this study are consistent with those 

models. The result also indicates that the time scale of the constraint release motion 

can be experimentally estimated by our approach. 
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3.5 Conclusion: 

In conclusion, the motion of the cyclic polymer in the entangled solution was 

investigated at the single molecule level by the newly developed cumulative area 

method. The direct visualization of the individual chains together with the simultaneous 

analysis of the diffusion mode, diffusion rate, and relaxation time in the CA method was 

proven to be remarkably effective for the quantitative characterization of the mode of 

the diffusive motion of long semi-flexible polymers in the entangled condition. Our 

results pointed to the critical role of the mutual relaxation of the entangled chains in the 

motion of the cyclic polymer, which underlined the necessity to develop a new model to 

describe the motion of cyclic polymers in the entangled condition based on the mutual 

relaxation of the chains. Thermodynamic parameters related to the diffusive and 

conformational dynamics can be determined separately by the CA analysis. In addition, 

super-resolution fluorescence imaging that can directly visualize entangled chains are 

essentially compatible with the CA method and will further unravel controversial 

molecular mechanism of entanglement between the topological polymers (see Chapter 

5). 
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CHAPTER 4: DUAL-COLOR FLUORESCENCE MICROSCOPY TO INVESTIGATE 

THE DNA-DNA INTERACTION. 

 

4.1 Introduction: 

Fluorescence microscopy is the most popular research tool to study the biological 

dynamics due to its capability to accurately distinguish the individual biomolecules 

[181][182]. One of the biggest benefit of using fluorescence microscopy is the ability of 

use different fluorescence dye to track distinct molecules. Dual-color fluorescence 

microscopy allows to address possible interactions between biomolecules by visualizing 

multiple molecules that are labeled with fluorescent molecules with distinct absorption 

and/or fluorescence spectra. 

We aim to develop a dual-color CA tracking that allows for the accurate determination 

of the diffusion mode, diffusion rate, and conformational relaxation time of multiple 

long and flexible molecules simultaneously. We will especially focus on the motion and 

relaxation of the two different topological DNA molecules when they are encountering 

(Fig 4.1). This study will provide not only highly detailed understanding of the motion 

and relaxation of entangled polymer chains but also a firm basis for the development of 

a wide range of polymer materials as the dual-color CA tracking allows, in principle, 

visualizing and characterizing nucleation processes. 
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Figure 4.1: Schematic illustration of dual-color fluorescence imaging of individual linear 
and cyclic DNA molecules. 

 

4.2 Materials and Methods:  

4.2.1 Simultaneous dual-color fluorescence imaging setup: 

The Simultaneous dual-color fluorescence imaging was performed using a custom-built 

wide-field illumination fluorescence microscope (Fig. 4.2a). In this setup two solid-state 

lasers were used for illumination: a CW 150 mW 638 nm and a CW 180 mW 532 nm 

(MLDTM, Cobolt). The two laser beams pass through an acousto-optic tunable filter 

(AOTF; AA Optoelectronic), which allows the intensity of the individual laser lines to be 

independently controlled using Andor iQ3 imaging software, then introduced into 

inverted IX71 microscope (Olympus) from its backside portthrough an achromatic 

convex lens with focal length of 300 mm (Thorlabs) that focused the laser beams at the 

back aperture of the objective lens(Olympus, UAPON 100X NA = 1.3 oil immersion) 
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which used to reduce the achromatic aberration effect. The sample fluorescence was 

captured by the same objective lens and then separated from the illumination light by a 

multi band dichroic mirror Di03- R405/488/532/635-t1-25 (Semrock), then passed 

through a two-camera adaptor called TuCam (Andor Technology) equipped with a filters 

cassette containing a dichroic mirror FF635-Di01-25x36 (Semrock) to separate the 

emission beams into two, first emission bandpass filter for Cy5 dye was FF01-697/58-25 

(Semrock), and detected by the first EM-CCD camera (iXon3 897, Andor Technology), 

and second emission bandpass filter for Cy3 dye was FF01-580/60-25-D (Semrock), and 

detected by the second EM-CDD camera (iXon3 897, Andor Technology) (Fig. 4.2b). The 

excitation power was adjusted to 0.9 W/cm2 for 532nm and 1.1 W/cm2 for 638nm. The 

exposure time of the two cameras was synchronized through the AOTF using a laser 

control system PCUB-110 (Andor Technology) to minimize photobleaching of the 

sample. The exposure time of the fluorescence images was 7 ms for both synchronized 

channels, which corresponds to the frame rate of 140 Hz. The pixel size of the images 

was 160 nm with 165 x 165 pixels region of interest (ROI). 
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Figure 4.2: Configuration of Simultaneous dual-color fluorescence imaging setup (a). The 

filter sets inside two-cameras imaging adaptor TuCam (b). (c)The fluorescence spectra of 

Cy5 dye (up) and Cy3 dye (bottom). 
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4.2.2 Two-Camera alignment: 

The alignment between the two EM-CCD cameras was done using TetraSpeck 

fluorescent microspheres (diameter = 100 nm), (excitation/emission peaks - 360/430 nm 

(blue), 505/515 nm (green), 560/580 nm (orange) and 660/680 nm (dark red)) (T7279, 

ThermoFisher Scientific). The TetraSpeck fluorescent microspheres were diluted with 

Milli-Q water to a concentration of 1 × 106 particles /ml . A 50 µl of the diluted solution 

of the microspheres was deposited on a cleaned coverslip and let dry overnight at room 

temperature (RT). Then the microspheres sample was placed under the microscope and 

the positions from the first camera were used as a reference position to correct the 

related positions in the second camera (Fig 4.3). 
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4.2.3 Sample preparations: 

Fluorescently labeled DNA: 

Lambda DNA (500 ng/µl) (48.5 kbp) were purchased from New England Biolabs 

(N3011S). The DNA molecules were labeled with Label IT® Nucleic Acid Labeling Cy5 

(MIR 3700) and Label IT® Nucleic Acid Labeling Cy3 (MIR 3600) were purchased from 

Figure 4.3: Example of two-camera alignment using TetraSpeck microspheres. a) 

Fluorescence image of the tetraSpeck microspheres illuminate at 638nm. b) Fluorescence 

image of the TetraSpeck microspheres illuminate with 532nm. c) The corrected localized 

positions of the TetraSpeck microspheres in channel 2 by using the positions from channel 

1 as a reference positions.  
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Mirus Bio. The Labeling reaction was prepared by adding 35 μl Milli-Q water, 5 μl 10X 

Labeling Buffer A, 5 μl of 1 mg/ml 42 kbp DNA or 10 μl of 500 ng/μl lambda DNA, and 10 

μl of Label Cy5 or Cy3. Incubate the reaction at 37 °C for 2 hours to get a 5-15 base pair 

(bp)/ dye molecule. Purify the labeled sample by ethanol precipitation method. Bring 

the final volume to 100 µl by add 1X Mirus labeling buffer A to the sample. Add 20 µl 

(0.1X vol.) of NaCl (5 M) and 400 µl (2X vol.) of ice-cold 100% ethanol, mix well. Then 

incubate the sample at 30 ºC for 30-45 minutes, ultra-centrifuge at 15,000 rpm for 30 

minutes at 4 °C and the supernatant carefully decanted. Add 500 µl of room 

temperature 70 % ethanol and centrifuge at 4 ºC in 15,000 rpm for 15 minutes and the 

supernatant carefully decanted. These steps were repeated three times. The obtained 

pellets were immediately dissolved in 500 μl of TE buffer (10 mM Tris-HCl (pH 8.0) 0.1 

mM EDTA) to give a final DNA concentration of 10 μg/ml.  

 

Imaging buffer: 

The imaging buffer was prepared directly before the imaging experiment which contains 

of an oxygen scavenging system GLOX (40 μg/ml catalase (Sigma-Aldrich), 0.5 mg/ml 

glucose oxidase (Sigma-Aldrich) and 10% (w/v) glucose) in a TE buffer (10 mM Tris-HCl 

(pH 8.0) 0.1 mM EDTA) with 10mM NaCl to control the ionic strength between 

DNA/DNA.  
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Samples for the Simultaneous dual-color fluorescence imaging experiment: 

To prepare the DNA experiment sample, 0.25X vol. of Cy5 labeled lambda DNA (10 

μg/ml) and 0.25X vol. of Cy3 labeled lambda DNA (10 μg/ml) was mixed with 0.5X vol. of 

imaging buffer. Then the DNA sample was placed between a glass slide and a clean 

coverslip and sealed with a double-sided adhesive (Grace-Biolabs) which served as a 

spacer and providing a sample thickness of 0.12 mm. 

 

DNA stretched on glass cover slip: 

Fluorescently-labeled Lambda DNA was deposited on a glass cover slip to optimize the 

conditions for dual- color fluorescence imaging experiment. 

 

Silanization: 

Glass coverslips were cleaned using ultrasonicator (P60H, Elma Schmidbauer GmbH). 

The coverslips were sonicated alternatively in absolute ethanol and 1M KOH solution for 

15 minutes each. We repeated this step two times.  We rinsed the cover slips with Milli-

Q water seven times after each sonication step. Lastly the coverslips were sonicated in 

Milli-Q water for 10 minutes. After decanting Milli-Q water, 2 % 3-

aminopropyltriethoxysilane diluted in acetone solution was added to the coverslips, 

shaked for 30 seconds, and rinsed with 1L of Milli-Q water.  
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Denaturation of DNA (blocking DNA): 

Lambda DNA (500 ng µl-1) was diluted to 100ng µL-1 in Milli-Q water. DNA solution was 

incubated at 90 °C for 15 minutes to denature double stranded DNA into single stranded 

DNA (ssDNA). Then the ssDNA solution was held in a chilled water bath for 2 minutes to 

prevent strands from reannealing.  

Stretched DNA molecules: 

5 µL of ssDNA solution (blocking DNA 100 ng µL-1) was applied at the intersection of a 

functionalized coverslip and an 18 mm square coverslip that was tilted at 45 ̊ to the 

functionalized coverslip surface and to reduce the retention of DNA on the slide surface 

and increase the number of straight DNA molecules. The blocking DNA was dragged 

across the functionalized coverslip surface by gently moving the 18 mm square coverslip 

over the functionalized coverslip and allowed to dry if needed. 5µl of fluorescently-

labeled lambda DNA with Cy5/Cy3 dyes (containing 0.2 ng µl-1 DNA) was then applied on 

the functionalized coverslip in the same way [183]. The sample was sandwiched 

between the functionalized coverslip and glass slide and was sealed by a double-sided 

adhesive.  
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4.3 Results and Discussion: 

4.3.1 Imaging of stretched DNA molecules: 

Using the home built dual-color single molecule fluorescence imaging setup we capture 

the linear stretched Cy3-labeled DNA and Cy5-labeled DNA molecules (fig 4.4) which 

used as a control to optimize the experimental condition. The DNA molecules labeled 

with Cy5 acquired with the first camera and the DNA molecules labeled with Cy3 

acquired with the second camera.  Then the overlapped image obtained using the 

ImageJ software (Fig 4.4.c). The overlaid image displayed in Fig. 4.4c demonstrated that 

the images captured on the two camera were overlapped well without image distortion 

between the two channels. 
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Figure 4.4: (a) Fluorescence image of stretched linear DNA molecules labeled with Cy5 
fluorophore. (b) Fluorescence image of stretched linear DNA molecules labeled with Cy3 
fluorophore. (c) Merged fluorescence image of stretched linear DNA molecules in a&b. 
Scale bar = 3 μm.  

 

4.3.2 Simultaneous dual-color fluorescence imaging of DNA molecules in aqueous 

buffer. 

We applied the simultaneous two-color fluorescence imaging to capture interaction of 

two diffusing DNA molecules, especially the motion and relaxation of the two different 

topological DNA molecules when they are encountering. The diffusion mode, diffusion 

rate, and conformational relaxation time of two DNA molecules interacting each other 

can, in principle, be characterized by the two-color CA tracking analysis. Our preliminary 

result suggests that we can capture the two diffusing molecules that are interacting 

each other using the two-color fluorescence imaging (Fig. 4.5). For the quantitative 
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analysis of the data, we still need to optimize the experimental conditions such that we 

can capture two molecules interacting each other in more efficiently. This experiment is 

currently in progress, and will further unravel the effect of topological interactions 

between the molecules on their motion.  

 

 

 

 

 

 

 

 

 

 

 

Figure 4.5: A preliminary results of dual-color imaging represent the interaction 
between Cy3-labeled DNA molecule and Cy5-labeled DNA molecules. Scale bar 3µm. 
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CHAPTER 5: NANOSCOPIC TOPOLOGICAL POLYMER DYNAMICS 

CHARACTERIZED BY SUPER-RESOLUTION FLUORESCENCE IMAGING 

 

 

5.1 Abstract 

Macroscopic properties of polymers arise from microscopic entanglement of polymer 

chains. Entangled polymer dynamics have been described theoretically by time- and 

space-averaged relaxation modes of single chains occurring at different time and length 

scales. Although scaling law analyses of experimentally obtained relaxation modes 

including those determined at the single chain level provide useful tool to confirm the 

existing theory, characterization of the sub-chain level motion of single polymer 

molecules in real space, which is beyond the current polymer dynamics theory, has been 

impossible due to the lack of an appropriate experimental method. Here, we develop 

new single-molecule characterization platform by combining super-resolution 

fluorescence imaging and recently developed single-molecule tracking method, 

cumulative-area tracking, which enables to capture chain motion occurring in a wide 

range of time and length scales that cannot be achieved by conventional single-

molecule techniques. Using linear and cyclic dsDNA molecules as model systems, we 

demonstrate that the motion of the entangled linear chain occurring at the time and 

length scales of both whole chain motion and local segmental motion is qualitatively 

consistent with the standard reptation theory. We further reveal position-dependent 
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motion of the chain, which cannot be interpreted by the current theoretical framework. 

We also demonstrate experimentally the existence of hypothesized but unproven 

modes of the motion of cyclic chains under entangled conditions. Our results 

demonstrate that the new method developed in this study provides experimental 

platform to address key questions in the entangled topological polymer dynamics. 

 

 

5.2 Introduction 

Rheological properties of polymer materials microscopically arise from entanglement of 

polymer chains [27][32][33]. Decades of theoretical, experimental 

[165][162][171][168][166], and simulation studies[42][169][184] suggested that 

topological states of polymer (e.g. linear, cyclic, etc.) have significant effect on 

entanglement mode between the chains [185]. Recent studies demonstrated that 

topological states of polymer chain is one of the key factors that regulate macroscopic 

physical properties of polymer materials, including thermal stability of polymer micelles 

[21][22] and elastic properties of polymer gels [20]. Nanoscopic characterization of the 

entanglement between topological polymers at the single chain level would thus 

provide a foundation for the development of new polymer materials. 

Motion of a linear polymer chain under entangled conditions has been described by 

reptation theory [32]. In this theory, a polymer chain is confined in a transiently existing 
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virtual tube created by entangled surrounding chains. Due to this spatial confinement, 

the chain cannot move transversely across the tube and displays motion only along the 

tube. According to this model, motion of the entire chain is determined by the motion 

of two ends of the chain. It is obvious that the reptation theory cannot fully describe the 

motion of topologically unique cyclic polymer chains under entangled conditions as 

cyclic chains do not have chain end. Several theoretical frameworks describing motion 

and relaxation of entangled cyclic chains have been proposed, including double-folded-

reptation, lattice-animal, constraint-release, and once-threaded model 

[175][18][161][180][177]. Contribution of mutual relaxation between entangled chains 

and decoupling of diffusive motion and chain relaxation on entangled cyclic polymer 

dynamics have also been suggested [186][41]. Compared with well-accepted reptation 

model for linear polymers, cyclic polymer dynamics remains elusive. 

Nuclear magnetic resonance spectroscopy, light and neutron scattering, and viscosity 

and stress-relaxation measurement have been main tools for characterizing polymer 

dynamics [75][74][187]. Although most of the current polymer physics theories have 

been established based on the findings obtained using these methods, characterization 

of entangled polymer dynamics at the single-chain level is impossible with these 

ensemble-averaged experimental methods. Single-molecule techniques provide a tool 

for direct visualization and characterization of motion and relaxation of single chains 

under entangled conditions. Reptation model has been confirmed for linear chains using 

natural polymers such as DNA[37] and actin filament[188] as well as synthetic 
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polymers[189]. In these studies, although motion and conformational state of single 

chain were captured directly, quantitative analyses were often conducted based on 

overall motion and relaxation of the chains such as chain-length-dependent motion of 

center-of-mass. Since reptation theory, in principle, describes quantitatively time- and 

space-averaged relaxation modes of single chains occurring at different time and length 

scales, such scaling laws analyses are necessary to describe the motion and relaxation at 

the single chain level based on this theory [189][61][87][190][104]. Although the scaling 

laws analyses provide useful tool to confirm reptation theory, complete characterization 

of local and whole chain motion of single molecules in real space beyond the theory is 

impossible with these frequently-used approaches. The real-space subchain-level 

analysis would be particularly important to characterize motion of topological polymers, 

including cyclic polymers, as theoretical framework to describe their entangled 

dynamics has not been established. 

Here, we report visualization and real-space characterization of both local and global 

motion of single polymer chains under entangled conditions using super-resolution (SR) 

fluorescence localization microscopy [138] and cumulative-area tracking [155], a single-

molecule tracking algorithm that we recently developed in chapter 2. Using 

fluorescently-labeled linear and cyclic dsDNA (contour lengths of 16.5 and 14 μm, 

respectively) in semidilute solution of linear dsDNA as model systems, we visualize 

temporal dynamics of the single chains with 33 nm spatial resolution. We characterize 

the motion at whole chain level by an accurate determination of contours of the 
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molecule with 6 – 33 nm precision. Time scale and amplitude of local motion of 

entangled segments along the contours was characterized quantitatively by estimating 

the amplitude of local motion perpendicular to the contours by combining super-

resolution localization microscopy and cumulative-area tracking, and by the widths of 

the localizations at each position along the contours. While the motion of the linear 

chain is qualitatively consistent with the reptation theory, our analysis revealed chain 

position-dependent motion of the linear molecule, which is beyond the scope of the 

reptation theory. We also captured theoretically predicted conformational states of the 

cyclic chains with modes of the motion distinct from those of the linear chains. 

 

5.3 Materials and Methods: 

5.3.1 Fluorescent materials: 

The 3D calibration of the z-axis positions was done by using TetraSpeck fluorescent 

microspheres (diameter = 0.1µm), (excitation/emission peaks - 360/430 nm (blue), 

505/515 nm (green), 560/580 nm (orange) and 660/680 nm (dark red)) were purchased 

from ThermoFisher Scientific (T7279). The microspheres were diluted with Milli-Q water 

to a concentration of 1 × 106 particles dm-3 then deposited 50µl of solution on a cleaned 

coverslip and let dry at room temperature overnight. Lambda DNA (48.5 kbp) (500 ng µl-

1) were purchased from New England Biolabs (N3011S), Charomid (42 kbp) DNA were 

purchased from Nippon Gene (Tokyo, Japan). The Topoisomerase I from New England 
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Biolabs (M0301S) was used to prepare the relaxed form. The DNA molecules were 

labeled with Label IT® Nucleic Acid Labeling Cy5 (MIR 3700) were purchased from Mirus 

Bio. 

 

5.3.2 Samples preparations: 

DNA matrix. To prepare the linear DNA matrix, a 85 μg of Lambda DNA (500 ng µl-1), 85 

µl (1/2X vol.) of sodium acetate solution (3 M) and 340 µl (2X vol.) of isopropanol were 

added into the reaction mixture and mixed well. The mixture was ultra-centrifuged at 

15,000 rpm for 20 minutes at 4 °C and the supernatant was carefully decanted. The DNA 

pellets were washed three times with 70 % of ethanol and centrifuged at 15,000 rpm for 

15 minutes at 4 °C and the supernatant was carefully decanted. The obtained pellets 

were dried in air and dissolved in (4.25 µl) TE buffer (10 mM Tris-HCl (pH 8.0) 0.1 mM 

EDTA), which gave a final DNA concentration of 17 mg ml-1. The solution was incubate at 

4 °C over night. 

 

Enzyme treatment. To prepare the cyclic DNA form from supercoiled form, 10 μg of 

Charomid 9-42 DNA (42 kbp) were added into 20 μl of the digestion buffer containing 20 

units of Topoisomerase-I (New England Biolabs) and 2.5 μl of 10 X CutSmart buffer. The 

reaction mixture was incubated at 37 °C for 15 hours. The enzyme was deactivated by 

incubation at 65 °C for 10 minutes. The DNA samples were then precipitated using the 
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isopropanol precipitation method, dried in air, and dissolved in 10 μl TE buffer, which 

gave a final DNA concentration of 1mg ml-1.  

 

Fluorescently labeled DNA. Prior to use the Label IT Cy5, the vial was warmed to room 

temperature and the pellet was collected by a quick spin. Then we added 100 μl of 

reconstitution solution to the pellet in the vial, mixed well and performed a quick spin. 

The Labeling reaction was prepared by adding 35 μl Milli-Q water, 5 μl 10X Labeling 

Buffer A, 5 μl of 1mg ml-1 42 kbp Charomid DNA or 10 μl of 500ng μl-1 48.5 kbp lambda 

DNA, and 10 μl of Label Cy5. The labeling density of 5-15 base pair (bp)/ dye molecule 

was achieved by incubating the reaction at 37 °C for 2 hour. The labeled sample was 

purified by ethanol precipitation method. We brought the final volume to 100 µl by 

adding 1X Mirus labeling buffer A to the sample. We added 20 µl (0.1X vol.) of NaCl (5 

M) and 400 µl (2X vol.) of ice-cold 100 % ethanol, mixed well. Then the sample was 

incubated at -30 °C for 30-45 minutes, ultra-centrifuged at 15,000 rpm for 30 minutes at 

4 °C, and the supernatant was carefully decanted. 500 µl of room temperature 70% 

ethanol was added and the sample was centrifuged at 4 °C in 15,000 rpm for 15 

minutes. The supernatant was carefully decanted. These steps were repeated three 

times. The obtained pellets were immediately dissolved in 1000 μl of TN buffer (50 mM 

Tris (pH 8.0) and 10 mM NaCl) to give a final DNA concentration of 5μg ml-1.  

Switching buffer. The switching buffer was prepared immediately before the imaging 

experiment, which contains an oxygen scavenging system (40 μg ml-1 catalase (Sigma-
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Aldrich), 0.5 mg ml-1 glucose oxidase (Sigma-Aldrich) and 10% (w/v) glucose) with a 

reducing reagent 200 mM β-mercaptoethanol (βME) (Sigma-Aldrich) in a TN buffer.  

 

Localization imaging experiment. To prepare the DNA sample for 3D super-resolution 

fluorescence imaging experiment, a 0.5 μl of the fluorescently labeled DNA (5μg ml-1), 

0.25 μl of NaCl (0.2 M) solution and 3.5 μl switching buffer were added into the solution 

of the matrix DNA (4.25 μl containing  10 – 20 mg ml-1 DNA). The solution was gently 

mixed. The final concentration of the fluorescently label DNA mixed with the non-

labeled matrix DNA was 5 – 10 mg ml-1. We prepared two different combinations of the 

labeled DNA and the matrix DNA: linear labeled DNA in the linear matrix DNA (L-L); 

cyclic labeled DNA in the linear matrix DNA (C-L). The DNA sample was sandwiched 

between clean coverslip and glass slide and was sealed by a double-sided adhesive 

(Grace-Biolabs) which also served as a spacer and providing a sample thickness of 0.12 

mm. 
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DNA straightening on glass cover slip. Fluorescently-labeled Lambda DNA was 

deposited on a glass cover slip to optimize the conditions for SR fluorescence imaging 

experiment and evaluate the quality of the reconstructed SR images. 

 

Silanization. A glass coverslips were cleaned using ultrasonicator (P60H, Elma 

Schmidbauer GmbH). The coverslips were sonicated alternatively in absolute ethanol 

and 1M KOH solution for 15 minutes each. We repeated this step two times.  We rinsed 

the cover slips with Milli-Q water seven times after each sonication step. Lastly the 

coverslips were sonicated in Milli-Q water for 10 minutes. After decanting Milli-Q water, 

2% 3-aminopropyltriethoxysilane diluted in acetone solution was added to the 

coverslips, shaked for 30 seconds, and rinsed with 1L of Milli-Q water.  

 

Denaturation of DNA (blocking DNA). Lambda DNA (500ng µl-1) was diluted to 100ng 

µL-1 in Milli-Q water. DNA solution was incubated at 90 °C for 15 minutes to denature 

double stranded DNA into single stranded DNA (ssDNA). Then the ssDNA solution was 

held in a chilled water bath for 2 minutes to prevent strands from reannealing. 

 

DNA straightening. 5 µL of ssDNA solution (blocking DNA 100 ng µL-1) was applied at the 

intersection of a functionalized coverslip and an 18 mm square coverslip that was tilted 

at 45 ̊ to the functionalized coverslip surface and to reduce the retention of DNA on the 
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slide surface and increase the number of straight DNA molecules. The blocking DNA was 

dragged across the functionalized coverslip surface by gently moving the 18 mm square 

coverslip over the functionalized coverslip and allowed to dry if needed. 5µl of 

fluorescently-labeled lambda DNA with Cy5 dye (containing 0.2 ng µ-1l DNA) was then 

applied on the functionalized coverslip in the same way [183]. The sample was 

sandwiched between the functionalized coverslip and glass slide and was sealed by a 

double-sided adhesive.  

 

5.3.3 3D super-resolution fluorescence imaging: 

3D astigmatism-based super resolution fluorescence localization imaging setup. 

The three dimensional astigmatism based super resolution fluorescence localization 

imaging experiment [153] were carried out on a custom-built widefield epi-fluorescence 

microscope setup (Fig. 5.1-a). Two solid-state lasers were used for illumination: a CW 

150 mW 638 nm and a CW 150 mW 405 nm (MLDTM, Cobolt). In this setup, the laser 

beams pass through an acousto-optical tunable filter (AOTF; AA Optoelectronic), which 

allows the intensity of the individual laser lines to be independently controlled using 

Andor iQ imaging software. The collimated laser beams are introduced into the 

microscope through an achromatic focusing lens, providing widefield Köhler illumination 

of the sample. The fluorescence images were recorded using an inverted IX71 

microscope (Olympus) with a 100× NA 1.49 oil immersion objective lens. The 
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fluorescence emitted from the sample was collected again by the same objective lens, 

sent to the side port of the microscope, and passed through OptoMask (Andor 

Technology) to enable the capture of crop images using the iXon Ultra 897 EM-CCD 

camera (Andor Technology). The fluorescence light is separated from the laser 

excitation light using a dichroic mirror (FF660-Di02-25x36) and an emission bandpass 

filter (FF01-697/58-25) obtained from (Semrock). A cylindrical lens with focal length of 

200 mm was placed in front of the iXon Ultra EMCCD camera to enable 3D astigmatism-

based super-resolution fluorescence localization microscopy. The calibration data was 

recorded at ±500 nm with 10 nm step size using the tetraSpeck fluorescent 

microspheres sample (Fig. 5.2). The z-axis positions in the acquisition of the calibration 

data were controlled by a piezo nanopositioning stage (APZ-X00 Piezo Z-Stage) (Andor). 

The image acquisition was done using the SOLIS imaging software (Andor) and IQ2 from 

Andor has been used to control the lasers power through the PCU. We inserted 

commercial C-Focus lock system (Mad City Labs), to correct the microscopy focus drift 

over long period of time by a high resolution sensor system. This feedback system 

contains a sensor arm (containing a laser and detector), a nanopositionar that 

households the objective lens and a glass scale grating. If the axial drift occurred the 

reading from the grating will changes, then the nanopositionar will shifts the objective 

lens to compensate this drift and return it to the initial offset position. However, we find 

that we can diminish the axial drift to <60 nm over a 15 min (Fig 5.3) which is long 

enough for STORM imaging. 
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The frame rate of EMCCD camera is a critical factor to reach the highest temporal 

resolution during imaging of DNA dynamics. The camera frame rate is the time needed 

to acquire an image and entirely read that image out. Frame rate relies on a different 

factors like exposure time, number of pixels or region of interest ROI, read out 

technology of the camera, shutters response times, bit depth and the binning mode if it 

is used or not. To increase the frame rate, the illumination area has been shifted to the 

corner of the camera ship and an edge cropped sensor mode has been used in STORM 

imaging experiment, which shrinks the ROI to 100x50 pixels (Fig 5.4-a). The Optomask 

was used to physically darken the image outside the ROI so there are no photons fall on 

the unused pixels (Fig 5.4-b). This approach allows the frame rates to be improved from 

56 fbs at full camera chip to 1000-1400 fps depends on the size of ROI. 
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Figure 5.1: Time-lapse 3D super-resolution fluorescence localization microscopy of 
lambda DNA under entangled conditions. (a) Schematic illustration describing the 
experimental configuration. AOTF: acousto-optical tunable filter, FL: focusing lens, FC: 
focus correction system, TL: tube lens, CL: cylindrical lens. (b) Conventional fluorescence 
image of Cy5-labeled lambda DNA in an aqueous solution containing 10 mg ml-1 
concentration of non-labeled lambda DNA. (c) 2D projected super-resolution fluorescence 
image of the DNA molecule displayed in Fig. 2b. The super-resolution image was 
reconstructed from 10,000 frames of images captured at 1 kHz frame rate. (d) Time lapse 
3D super-resolution fluorescence images. Each super-resolution image was reconstructed 
from 10,000 frames of images captured at 1 kHz frame rate. The time-lapse super-
resolution fluorescence images were obtained by recording the 10,000 frames of images 
every one minute. The color bar shows the axial position of the localized spots. 
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Figure 5.2: Calibration for the 3D astigmatism-based super-resolution fluorescence localization 

microscopy. Raw fluorescence images of TetraSpeck microspheres (0.1 µm in diameter) at 

different z-axis positions ranging between ±500nm (top). The standard deviations of Gaussian 

along x-axis and y-axis of fluorescence images (bottom). Scale bar = 1µm.   
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Figure 5.3: Long term mechanical stability of the microscope along axial direction. The z-
axis positions of TetraSpeck fluorescent nanospheres (diameter of 100 nm) deposited on 
a cleaned cover slip were determined by 3D astigmatism-based fluorescence localization 
microscopy over 15 min. This data confirmed that the stage drift along the z-axis during 
15 min image acquisition is less that ±20 nm. 

 

  

 

 

 

 

Figure 5.4: Maximum frame rates. (a) Shift the illumination area to the corner of camera 
ship. (b) Physically cropped the image through Optomask. 

 

a b 
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Image acquisition.  Fluorescence images of the fluorescently-labeled DNA were 

captured at low excitation power (< 0.1 kW cm-2) using the 638 nm laser line as the 

excitation light. A spatially isolated single fluorescently-labeled DNA in the sample was 

placed at the center of field of view by using the motorized microscope stage. After 

capturing a fluorescence image of the sample using the conventional epi-fluorescence 

microscopy, the laser intensity was increased up to 25 – 30 kW cm-2. Once the density of 

fluorescence spots reached an appropriate level (i.e. several fluorescent spots in each 

image) due to the spatiotemporal switching of the fluorescence signal from each Cy5 

dye under this illumination condition, we started recording single molecule fluorescence 

images of the sample. We used 100 × 50 pixel of the iXon Ultra 897 EM-CCD camera for 

the imaging experiments. With this size of region of interest (ROI), we were able to 

record and read-out a single image with maximum 0.7 ms speed. The images were 

recorded at frame rates of 1.0 - 1.4 kHz.  During the image acquisition, in addition to 638 

nm laser (25 - 30 kW cm-2) for exciting Cy5 dye, the sample was irradiated by a weak 405 

nm laser (0 – 12 W cm -2) to promote switching of the Cy5 dye from its dart state to the 

bright state. The fluorescence images were recorded with a pixel size of 100 nm and 300 

EM gain. A 10,000 images was recorded every 1 minute to capture the nanoscale 

motion and relaxation of DNA molecules occurring in the time scale of minute to ten 

minutes. Each super-resolution image was reconstructed from 10,000 raw images, 

corresponding to a total acquisition time of ~7 sec for each reconstructed image. The 
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sample was illuminate only during the image acquisition to reduce the photobleaching 

of the sample. The 3D calibration and 3D reconstructed super-resolution images were 

conducted by using Localizer software [191]. 

 

5.3.4 Image analysis: 

Determination of contours of single chains. Once the scatter of localizations in all 

frames is reconstructed into raw super-resolved images, we traced the exterior (linear 

and circular DNA molecules) and the interior (circular DNA molecules) boundaries of 

the DNA molecules by Moore-Neighbor tracing algorithm (bwboundaries; a built-in 

function in MATLAB, Fig 5.5-a) [192]. This step helped to remove extraneous objects 

and noise that can affect the analysis. To calculate the contour of the DNA molecule, 

we first divided the molecule into segments of 100 nm length. We then determined 

the local orientation of each segment by fitting the scatter of localizations to 

piecewise linear functions; where the fitting is guided by the segments’ ends (Fig. 5.5-

b). We, then, fit the scatter in each segment to 1D Gaussian function in perpendicular 

direction to each slope so that different segments along the molecule can receive 

different fitting direction which is based on their local orientations. The calculated 

centroids obtained after the 1D Gaussian fitting are then connected to construct the 

contour (l-contour) of the DNA molecule (Figs. 5.8-a, 5.8-b, 5.9-a, 5.10-a, 5.10-d, 5.10-

g).  
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Figure 5.5: (a) Identification of the localized spots obtained from the Cy5-labeled DNA 
molecule. White dots show localized spots. The solid line is the region determined by 
the Moore-Neighbor tracing algorithm. The localizations included in this region are 
regarded as the spots obtained from the DNA molecule. (b) Local direction of the 
contour of the Cy5-labeled DNA molecule determined by piecewise linear mapping. The 
dots show the localized spots. The solid line shows a roughly-estimated contour of the 
molecule obtained by the fitting of each segment to piecewise linear function. 

 

Determination of the amplitudes of local chain motion. The amplitude of the local 

chain motion in each 100 nm length segment was characterized by generating a 

standard-deviation-weighted contour. The standard deviations (SDs) of the 1D Gaussian 

fitting representative of each segment (s) were used to generate a standard-deviation-

weighed contour. To construct an image that shows a standard-deviation-weighed 

contour (s-contour), we performed a Gaussian smoothing on the l-contour with a 

standard deviation of 1 for all SDs below the mean SDs (µ- SDs) and a standard deviation 

a 
b 
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of SDs / µ- SDs for all SDs
 above the mean µ- SDs (Fig. 5.8-e, 5.9-c, 5.10-b, 5.10-c, 5.10-e, 

5.10-h). To calculate the position dependent standard deviation, we divided the contour 

into 7 regions representing 14.28 % till 100 % of the contour of individual DNA 

molecules and then averaged the SDs in each region (Figs. 5.9-e, 5.10-l). 

 

Determination of the local chain relaxation time. The time scale of the local chain 

motion in each 100 nm length segment was characterized by characteristic time 

obtained by the cumulative-area (CA) tracking. To calculate the characteristic time in 

each segment, we applied 1D CA tracking method. In principle, the temporal 

appearance of the localizations across the frames and with respect to each segment 

carries information on the time scale of local motion of the molecule. Thus, for each 

segment, we analyze the localizations inside a virtual square whose axis of symmetry is 

the contour of the segment. The localizations inside each square are then temporally 

mapped onto 5-nm, 1D virtual square lattice where the cumulative area difference is 

calculated (Fig. 5.8-f) [186][155]. The time scale for the CA tracking analysis is an 

average time scale that is equal the time scale of all frame divided by the average 

number of localizations inside the squares. To calculate the position dependent 

characteristic time, we divided the contour into 15 regions representing 6.25 % till 100 

% of the contour of individual DNA molecules and then averaged the characteristic 

times in each region (Figs. 5.9-f, 5.10-m). 
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Calculation of the entanglement lengths and tube diameters. Lambda DNA has been 

reported to follow the reptation prediction for concentrations above 0.3 – 0.63 mg ml-1 

[104][174]. Since the concentration range of the lambda DNA used in this study is much 

higher than this threshold (5 – 10 mg ml-1), the tube theory can be applied to estimate 

the entanglement lengths. Entanglement numbers (Z, number of entangled strands in 

the chain) of 7 and 22 were obtained for lambda DNA at concentrations of 0.8 and 2 mg 

ml-1 in previous studies [174][105]. Based on the reported scaling behavior [174], we 

extrapolated the entanglement numbers at the concentrations of 10, 7, and 5 mg ml-1 to 

be 158, 100, and 63. We calculated the entanglement lengths that correspond to the 

tube diameters (a) by the equation, aZ = <L>, [33]where <L> denotes primitive path 

length. Using the maximum (15 μm) and mean (8 μm) lengths of the contours 

determined experimentally in Fig. 5.10-j as the primitive path lengths, the entanglement 

lengths and therefore tube diameters are estimated to be 51 – 95 nm, 80 - 150 nm, and 

127 – 238 nm for the entangled solutions of lambda DNA at 10, 7, and 5 mg ml-1 

concentrations, respectively. 
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Calculation of the local chain displacements occurring during the time scale of 

capturing consecutive super-resolution images. To calculate the position dependent 

displacement, we aligned the center of the mass across the consecutive contours. We 

then calculated displacement between points that lie at equal distances from the 

aligned centers of mass (CM). In practice, we draw concentric circles of increasing radii 

and whose centers are the CM. The intersections of each circle with the contours define 

the points which we used to construct the displacement trajectory (Fig. 5.6). 

Figure 5.6: Quantification of the local chain displacements occurring during the time 
scale of capturing consecutive super-resolution images. Center of masses (CMs) 
obtained from consecutive frames are spatially aligned (blue lines). The position-
dependent displacement at each segment was determined by measuring the largest 
displacement between the local chain positions (red dots) obtained from the segments 
located at the same distance from the CM (dashed lines). 
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Evaluation of the position-dependent chain motion in the linear molecules. The length 

of the chain contours obtained from our super-resolution fluorescence microscopy 

experiment (i.e. primitive path length) has a broad distribution. For the analysis of 

position-dependent chain motion (i.e. position-dependent displacement of the chain 

occurring along the direction perpendicular to the contours during the time scale of 

capturing consecutive super-resolution images, position-dependent standard deviation 

of the Gaussian, and position-dependent characteristic time obtained from the CA 

tracking analysis), we used the linear molecules whose contour is longer than 60 % of 

the contour length of the molecule (9.9 µm) to ensure reliable analysis of the position 

dependence. We divided each chain into 7 sections (i.e. each section is approximately 

14 % of the contour) and conducted the position-dependent analysis on each section. 

Then the position-dependent data (Figs. 5.9-d, 5.9-e, 5.9-f) were plotted against the 

positions along the contour described by percentage from the chain ends. 

 

Calculation of the entanglement times. According to the reptation theory, 

entanglement times (τe, i.e. Rouse time of the entangled strand) is described by the 

equation, τe = τr/Z, [193] where τr denotes Rouse rotational relaxation time. τr of 19, 48, 

and 184 s were reported for lambda DNA at the concentrations of 1, 1.47, and 2.24 mg 

ml-1in the previous paper [105]. Based on the reported scaling behavior,[105] we 

extrapolated τr at the concentrations of 10, 7, and 5 mg ml-1 to be 11,900, 4,350, and 
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683 s. τe is therefore estimated to be 0.47, 0.43, and 0.42 s for lambda DNA at the 

concentrations of 10, 7, and 5 mg ml-1. 

 

Evaluation of the position-dependent chain motion in the cyclic molecules. We used 

the cyclic molecules whose contour is longer than 60 % of the contour length of the 

molecule (8.6 µm) for the position-dependent analysis to ensure reliable analysis of the 

position dependence, similar to the analysis of the linear chains. We first determined 

starting point of the chains arbitrarily. Then we divided each chain into 15 sections (i.e. 

each section is approximately 6 % of the contour) and conducted the position-

dependent analysis on each section. The position-dependent data were plotted against 

the positions along the contour described by percentage from the chain ends. Because 

the starting points of the chains were determined arbitrarily, mean position-dependent 

data (Figs. 5.10-k, 5.10-l, 5.10-m) does not provide information about the position 

dependence. We therefore included the position-dependent data obtained from each 

molecules in these figures. The data obtained from each molecules clearly suggest the 

absence of position-dependent motion of the cyclic chains, which is in contrast to the 

large position dependence observed for the linear chains. 
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5.4 Results and Discussion 

5.4.1 Evaluation of the experimental system 

We used lambda DNA (48.5 kbp, contour length of 16.5 μm) and Charomid 9-42 DNA (42 

kbp, contour length of 14 μm) as model polymers for linear and cyclic chains. Given its 

well characterized elastic properties in entangled conditions (i.e. reptation motion is 

suggested by scaling law behaviors [104]), linear DNA molecules serve as an excellent 

reference system for entangled polymer dynamics.  These DNA molecules were 

fluorescently-labeled by Cy5 dyes. Unlike conventional labeling with intercalator dyes, 

Cy5 dyes were covalently-attached to heteroatoms on DNA molecule through a flexible 

linker (Fig. 5.7-a) [194]. This allowed fluorescence labeling of DNA without affecting its 

structure. The DNA samples were labeled at relatively high density (5-15 bp per dye). 

Since the Kuhn length of dsDNA is approximately 100 nm [111], the DNA molecules used 

in this study consist of 140 – 165 Kuhn monomer, which can be treated as semi-flexible 

polymers. The fluorescently-labeled tracer DNA molecules were mixed with a semi-

dilute solution of matrix DNA (non-labeled lambda DNA at 5 – 10 mg ml-1 concentration) 

[186]. Details of the sample preparation are described in the Methods. 
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We visualized nanoscopic conformations of individual tracer chains using SR 

fluorescence localization microscopy. Prior to capturing images in the entangled 

solution, we recorded SR fluorescence images of Cy5-labeled DNA deposited on a glass 

surface to evaluate the image resolution obtained for our samples (see Methods for 

details). Conventional fluorescence image obtained using epi-fluorescence microscopy 

displayed diffraction-limited width (approximately 300 nm) of the deposited DNA 

molecule (Fig. 5.7-b) which used as a control for the optimization experimental 

condition. On the other hand, reconstructed SR image of the same molecule showed the 

width of approximately 30 nm (Figs. 5.7-c, 5.7-d). This result demonstrates that our 

labeling and image acquisition scheme allows us to capture images with an order of 

magnitude higher resolution compared with that obtained by conventional fluorescence 

microscopy, which enables us to capture much more detailed conformational state of 

the molecule. 

To capture real-time motion of the tracer chains in 3 dimensional (3D) space in the 

matrix solution using SR localization microscopy, fast image acquisition speed, 3D 

resolution, and long-term mechanical stability of the microscope were necessary (Fig. 

5.1-a). Image acquisition speed was increased to 1 – 1.4 kHz by proper masking and 

cropping of the images captured by EM-CCD camera. With this data acquisition speed, 

we were able to reconstruct SR images with 7 – 10 s image acquisition time (we 

reconstructed each super-resolution image using 10,000 frames). Long-term motion of 

the molecules were capture by recording 10,000 frames of fluorescence images every 
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half to two minutes. A stage drift along the axial direction was controlled by a focus 

correction system. We used astigmatism-based 3D SR localization microscopy [153] to 

reconstruct 3D images of the tracer molecules by inserting a cylindrical lens in front of 

the EM-CCD camera.  

Conventional fluorescence image of a linear tracer chain in the entangled semi-dilute 

solution (Fig. 5.1-b) shows elongated shape of the molecule that corresponds to the 

snapshot of the conformational state of the molecule. We then switched to the SR 

localization microscopy mode, captured 10,000 frames of raw images in 7 s, and 

reconstructed SR image (Fig. 5.1-c). While the conformation of the molecule is captured 

with much higher image resolution in the SR mode, two images show perfect overlap. 

This result confirms that the molecule does not show motion at the entire chain level 

such as reptation motion during the 7s image acquisition time (see below for the local 

motion occurring during the image acquisition) and suggest that we can capture a 

snapshot of the conformational state of the molecule using our SR fluorescence 

microscopy technique. Time-lapse SR images of the linear tracer chain in the semi-dilute 

solution (Fig. 5.1-d) captured every one minute clearly show the motion at the whole 

chain level. Total data acquisition time is limited typically to 7 – 12 minutes by several 

factors, including photobleaching of the labeled Cy5 dyes, degradation of switching 

buffer, and long-term mechanical stability of the experimental setup. Nevertheless, the 

data displayed in Fig. 5.1-d demonstrates that we are able to visualize nanoscopic 

motion of the entangled polymers by the time-lapse SR imaging. 
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Figure 5.7:  Super-resolution fluorescence imaging of DNA using covalently-
conjugated fluorophores. (a) Schematic illustration describing covalent conjugation of 
dsDNA to Cy5 dyes. (b) Conventional fluorescence image of Cy5-labeled lambda DNA 
deposited on a glass surface. (c) Super-resolution fluorescence localization 
microscopy image of the Cy5-conjugated DNA displayed in (b). (d) Fluorescence 
intensity profiles obtained at four different positions of the molecule displayed in (c). 
The dotted lines show fluorescence intensity profiles obtained from the conventional 
fluorescence image displayed in (b). 
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5.4.2 Analytical tools of the chain motion under entangled conditions 

We characterized the motion of the molecule at the entire chain level by an accurate 

determination of 3D contours of the chain. More quantitative analyses were conducted 

using 2D contours of the chain projected on XY plane (see methods for details). We first 

determined local directions of the contour by fitting the localizations in small segments 

(typically 5 % of the contour of the chain (the segment length is 100 nm)) by piecewise 

linear function. Then, local centroids were determined by fitting the localizations in 

small segments by 1D Gaussian function along the direction perpendicular to the local 

directions of the contour. The 2D contour of the molecule is determined by connecting 

nearest neighboring centroids (Fig. 5.8-a). The 3D contour of the molecule is determined 

in a manner similar to the 2D contour, but using 3D coordinate of the localizations in the 

reconstructed image (Fig. 5.8-b). Mean standard deviations of the Gaussian (σav) 

obtained from the fitting was approximately 14 nm (Fig. 5.8-c). Thus, the image 

resolution in this experiment defined by the full width at half maximum of the Gaussian 

is estimated to be 33 nm. The peaks of the Gaussian are determined with 6 nm precision 

(Fig. 5.8-d). Although this result does not mean that we determined the contour with 6 

nm precision as the segment size for the Gaussian fitting is much larger than this value 

and local motion of the chain during the 7 s image acquisition time, the data shown in 

Fig. 5.8-c and 3d suggest that we determine the contours of the chain with 6 - 33 nm 

precision. By analyzing displacement between contours determined for consecutive 

reconstructed SR images, we characterized mode of the motion of entangled chains 

occurring at the time scale of minutes.  
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Local motion of the tracer chain was quantified by two different methods. First, we 

drew the contour of the chain with the widths (i.e. standard deviations) of the Gaussian 

obtained for each segment (Fig. 5.8-e). The width of the Gaussian is related to 

localization precision of each fluorescent spot and local motion of the chain along the 

direction perpendicular to the contour. Since the former contribution does not change 

significantly along the contour of the chain [195], the latter determines the position-

dependent width of the Gaussian. By analyzing the local widths along the chain, we 

characterized the amplitude of the local motion of the chain that occurs in the time 

scale of capturing one SR image (7 – 10 s) in real space.  

Second, we applied cumulative-area (CA) tracking to each segment. CA tracking is a 

single-molecule tracking algorithm developed recently in our group [155]. In this 

method, diffusion speed of a single molecule is determined by time-dependent increase 

of cumulative area occupied by the moving molecule. In this study, we modified the 

original CA tracking and calculated the time-dependent increase of the cumulative area 

based on the time-dependent spreading of the localized spots in each segment (Figs. 

5.8-b, 5.8-f, 5.8-g). Stochastic nature of the spatiotemporal distribution of the 

localizations and the actual motion of each segment contribute to the time-dependent 

spreading of the localized spots. The former contribution was evaluate by analyzing the 

surface-deposited molecule (Fig. 5.8-h), from which mean characteristic time of a few 

seconds was obtained. This contribution was subtracted from the data obtained for the 

molecules in the semi-dilute solution (Fig. 5.8-g, characteristic time of 0.31 s and 3.7 s 
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can be attributed to the local motion and spatiotemporal distribution of the 

localizations, respectively). By analyzing the characteristic times at each segment along 

the chain, we quantified the time scale of the local motion occurring in the time scale of 

capturing one SR image (7 – 10 s) in real space. 
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Figure 5.8: Quantitative characterization of local motion of single DNA molecules under 
entangled conditions. (a) 3D contour of the DNA molecule displayed in Fig. 5.1-d. (b) 2D 
projected contour of the DNA molecule shown in (a). The red dots show the localized spots 
determined in the super-resolution fluorescence imaging experiment. The black square shows 
the region from which we obtained cumulative-area images displayed in (f). (c) Frequency 
histogram of the standard deviation of Gaussian obtained by the fitting of the local intensity 
profiles of the reconstructed super-resolution images at each segment. (d) Frequency histogram 
of peak determination error in the 1D Gaussian fitting of the local intensity profiles of the 
reconstructed super-resolution images at each segment. (e) 2D projected contour of the DNA 
molecule displayed in Fig. 5.1-c. The local widths of the contour correspond to the standard 
deviations of the Gaussian at each local segment. The regions that show standard deviation of 
the Gaussian smaller than that obtained from the super-resolution imaging of the surface-
deposited molecule are shown in red, in which the width of the Gaussian is determined by 
localization error rather than local motion of the molecule. (f) Cumulative-area images obtained 
from the local region shown in (b) at time 0, 1.59 s, 3.17 s, 4.76 s, 6.35 s, and 7.94 s. (g) 
Cumulative-area difference plots obtained from the local region shown in (b) (top). 
Characteristic times were calculated by fitting the data to double-exponential function (solid 
line). (h) Cumulative-area difference plot obtained from a local segment of surface deposited 
DNA molecules. Characteristic time was calculated by fitting the data to single-exponential 
function (solid line). 
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5.4.3 Linear-chain motion beyond reptation theory 

The 3D contours of the tracer linear chain in entangled semi-dilute solution (10 mg ml-1) 

show the motion of the molecule occurring in 10 min time scale (Fig. 5.9-a). A frequency 

histogram of the contour lengths shows a broad distribution with maximum length close 

to the contour length of the molecule (Fig. 5.9-b). This result suggest that we captured 

primitive-path length of the chains in our experiment. The contours of the chain 

obtained in two consecutive time frames (i.e. motion occurring in 2 min, Fig. 5.9-c) 

clearly demonstrate that the chain shows motion along the contour (tube-like motion, 

Fig. 5.9-c while squares). Given the concentration of the semi-dilute solution (10 mg ml-

1) and the scaling law of reptation model [105][174], the tracer linear chain has 158 

entanglements with the matrix chains (see methods for detailed calculation), which 

correspond to the entanglement length and the tube diameter of approximately 100 

nm. The displacement of the chain between the consecutive time frames along the 

direction perpendicular to the contour at the center region of the chain was less than 

the diameter of the tube (Fig. 5.9-c red squares). Occasionally, we observed small chain 

regions that exhibited the displacement larger than the tube diameter (Fig. 5.9-c cyan 

square). The chain ends showed large motional freedom compared with the rest of the 

chain (Fig. 5.9-c green squares), which corresponds to the creation of new tube at the 

chain ends. All these findings are consistent with the reptation model with a small 

contribution of multi-chain interactions such as constraint release motion [32]. A similar 

behavior was observed for the linear chain in slightly lower 7 mg ml-1 concentration of 
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the semi-dilute solution. Under this condition, the tracer chain has 100 entanglements 

with the matrix chains, which correspond to the entanglement length and the tube 

diameter of approximately 165 nm.    

A quantitative analysis revealed that the local chain displacement along the direction 

perpendicular to the contour at the chain ends are larger than the tube diameter (Fig. 

5.9-d). While this is predicted for the reptation motion, we observed gradual decrease 

of the local chain displacement toward the center of the molecule (Fig. 5.9-d). Given 158 

entanglements per chain, such gradual change in the chain displacement indicates that 

the confinement level in the tube changes gradually over tens of entanglements from 

the chain ends. Although a radial position-dependent relaxation has been reported for 

linear DNA molecules in a dilute solution [88], the reptation theory does not assume 

such position-dependent chain confinement.  

The position-dependent chain motion was further characterized by analyzing the 

amplitude and time scale of the local motion occurring in the time scale of capturing 

one SR image (7 – 10 s). The mean width of the Gaussian (standard deviation of 14 nm, 

Figs. 5.8-c, e) corresponds to the 1/e2 width of 60 nm, which is close to the tube 

diameter. The mean characteristic time obtained by the CA tracking analysis (0.29 s, 

Figs. 5.8-g, 5.9-f) agree well with the entanglement time estimated by the reptation 

model [193] (i.e. Rouse time of the entangled strand, 0.23 s). These results suggest that 

the amplitude and time scale of the local motion quantified by our analyses capture the 

local motion of the entangled strands confined in the tube. 
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The contours of the chain drawn with the widths of the Gaussian often showed wider 

widths near the chain ends compared with the center part of the chain (Fig. 5.9-c). The 

position-dependent width of the Gaussian determined for multiple molecules clearly 

shows that this is the general trend of the linear chain under the entangled conditions 

(Fig. 5.9-e). The position-dependent CA tracking analysis shows gradual decrease of the 

characteristic time toward the chain ends. The larger and faster local motion near the 

chain ends suggest that the confinement level in the tube decrease gradually over tens 

of entanglements toward the chain ends. The polymer chain dynamics occurring both at 

time and length scales longer than the local chain motion occurring within 

entanglement segments (i.e. displacement in the length scale of sub-micrometer 

occurring in the time scale of several minutes) and at time and length scales as short as 

its local chain motion (i.e. displacement in the length scale of tens of nanometers 

occurring in the time scale of sub-second) qualitatively agree with the standard 

reptation theory. Our analysis further revealed the position-dependent motion of the 

chain, which is beyond the scope of the reptation theory that describes time- and space-

averaged relaxation modes of single chains occurring at different time and length scales. 

These results demonstrate that the combination of SR fluorescence localization 

microscopy and CA tracking analysis enables one to access a wide range of space- and 

temporal-resolution that cannot be achieved by conventional single-molecule 

techniques and thus offers unprecedented opportunities to characterize polymer 

dynamics occurring at the level of entangled strands in real space. 
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Figure 5.9: Analysis of the motion of the linear DNA molecule under entangled conditions. (a) 
Superimposed 3D contours of the Cy5-labeled lambda DNA in an aqueous solution containing 10 
mg ml-1 concentration of non-labeled lambda DNA. (b) Frequency histogram of the contour lengths 
of Cy5-labeled lambda DNA determined by the 3D contours of the molecules. The contours of the 
molecules were obtained in an aqueous solution containing 7 – 10 mg ml-1 concentration of non-
labeled lambda DNA. (c) 2D projected contours of the DNA molecule displayed in (a). The local 
widths of the contours correspond to the standard deviations of the Gaussian at each local 
segment. Two contours obtained from adjacent time frames are shown in each panel in cyan 
(earlier time points) and yellow (later time points). Insets show enlarged views of the areas 
highlighted by the squares. (d) Mean position-dependent displacement of the Cy5-labeled lambda 
DNA occurring along the direction perpendicular to the contours during the time gap between the 
adjacent time frames in an aqueous solution containing 7 – 10 mg ml-1 concentration of non-labeled 
lambda DNA. The error bars show standard error of the means. The dotted lines show the position-
dependent displacement obtained from each molecule. (e) Mean position-dependent standard 
deviation of the Gaussian obtained from the Cy5-labeled lambda DNA in an aqueous solution 
containing 7 – 10 mg ml-1 concentration of non-labeled lambda DNA by the fitting of the local 
intensity profiles of the reconstructed super-resolution images at each segment. The error bars 
show standard error of the means. The dotted lines show the position-dependent standard 
deviation of the Gaussian obtained from each molecule. (f) Mean position-dependent characteristic 
time obtained from the Cy5-labeled lambda DNA in an aqueous solution containing 7 – 10 mg ml-1 
concentration of non-labeled lambda DNA by the fitting of the cumulative-area difference plots at 
each segment. The error bars show standard error of the means. The dotted lines show the 
position-dependent characteristic time obtained from each molecule. 
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5.4.4 Diverse motion of cyclic chain 

Motion of cyclic chains under entangled conditions captured by the SR imaging 

experiment was distinct from that of the linear chains (Figs. 5.10-a-5.10-i). A frequency 

histogram of the contour lengths shows a broad distribution with maximum length close 

to the contour length of the molecule (Fig. 5.10-j), suggest that we captured primitive-

path length of the chains, similar to the linear chains. The time-lapse images captured 

under the experimental condition identical to that for the linear chains (i.e. 

concentration of the matrix chains of 10 mg ml-1) are characterized by small and non-

directional motion (Figs. 5.10-a, 5.10-b). This is in contrast to the linear molecule (Fig. 

5.9-c) and agrees well with previous observation that the circular DNA molecule under 

the entangled conditions shows slower and non-directional diffusional motion at the 

length scale of the molecule [186]. The contours of the chain obtained in two 

consecutive time frames displayed only non-directional position-independent 

displacement (Fig. 5.10-b), indicating a deviation from the reptation motion. The 

quantitative analysis of the chain displacement shows that the cyclic chains do not show 

any position-dependent displacement of the chain along the direction perpendicular to 

the contour (Fig. 5.10-k). 

While the overall motion of the cyclic chain is distinct from that of the linear chain, they 

showed similar local motion. The displacement of the cyclic chain between the 

consecutive time frames along the direction perpendicular to the contour is smaller 

than the tube diameter of the confined linear chain (Fig. 5.10-b red squares) with 
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occasional deviations (Fig. 5.10-b cyan squares). These observations suggest that the 

chain interactions at the local level in both linear and cyclic chains are described by the 

same mechanism based on the spatial confinement of the molecule by the surrounding 

chains and infrequent multi-chain interactions. This indicates that the motion of the 

cyclic molecule at the whole chain level is distinct from that of the linear chain because 

of the topological constraint of the cyclic chain under entangled conditions rather than 

topology-dependent local chain motion.  

We observed diverse conformational states of the cyclic chains because of the 

topological constraint of the cyclic chains, including open circular and folded linear 

forms (Fig. 5.10-c). Since the overall motion of the chain is governed by topological 

constraint-induced modes of chain interactions (i.e. normal entanglement or threading 

of the cyclic chain by matrix chains), such diverse conformers would result in a large 

heterogeneity in the overall motion of the chain. This discussion is supported by 

previous single-molecule studies that reported a broader distribution of diffusion rate of 

the cyclic molecules in entangled solution of linear chains compared with their linear 

counterpart [162][186][196][172].  

The cyclic chains under entangled conditions sometimes showed larger local 

displacement of the chains (Figs. 5.10-d, 5.10-g). We observed a retraction and 

elongation of the loop-like region of the chain (Figs. 5.10-e white squares, 5.10-f). This 

amoeba-like motion has been proposed to explain elastic properties of cyclic chains 

under entangled conditions such as a cyclic tracer molecule in a melt of linear matrix or 
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in a gel [18][161][38]. Our direct visualization of the local chain motion demonstrated 

the existence of this hypothesized but unproven mode of the chain motion. The width of 

the elongated loop-like region is close to the width of the estimated tube diameter (165 

nm, Fig. 5.10-f). The elongated looped chain after the retraction (Fig. 5.10-f blue line) 

occupied a space slightly different from the space occupied by the loop initially (Fig. 

5.10-f black line). This mode of motion is predicted for unthreaded cyclic chains under 

entangled conditions [176]. Together our data demonstrates the existence of the loop-

like double-folded linear region in the chain, which is spatially confined in a way similar 

to linear chains in the reptation model. 

We also found that the molecule in open circular and double-folded linear conformation 

can be converted to each other (Figs. 5.10-g, h). Interestingly, the conversion between 

the two forms initiated from the end of the double-folded chain (Fig. 5.10-h 

arrowheads). This molecule eventually formed two loop-like double-folded regions (Fig. 

5.10-h). Both loops are spatially confined to narrow regions with the width close to the 

tube diameter (260 nm, Fig. 5.10-i). The result demonstrates the existence of the multi-

arm double-folded conformational state. Although the existence of these 

conformational states has been postulated [175][38][176], a theoretical framework 

describing their dynamic behaviors including the conversion between the forms has not 

been established. A diverse topological interaction involved in entangled cyclic polymer 

dynamics and the lack of experimental methods to verify theoretical prediction have 

been the obstacle to establish the theories describing entangled topological polymer 
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dynamics. Our results demonstrate that the new experimental approach developed in 

this study provides experimental platform to address key questions in the entangled 

topological polymer dynamics. 

The position-dependent analysis shows that the local motion of the cyclic chains (i.e. 

amplitude and time scale of the local chain motion in each entangled segment) is 

independent of the chain position (Figs. 5.10-l, m), which is in contrast to the large 

position-dependent local motion observed for the linear chains (Figs. 5.9-e, 5.9-f). The 

comparison of the linear and cyclic chains clearly highlight the critical contribution of the 

chain ends to their motion both at length scales larger than the tube diameter and at 

length scale smaller than the tube diameter. 
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Figure 5.10: Analysis of the motion of the cyclic DNA molecule under entangled conditions. (a) 
Superimposed 3D contours of the Cy5-labeled Charomid 9-42 DNA in an aqueous solution 
containing 10 mg ml-1 concentration of non-labeled lambda DNA. (b) 2D projected contours of 
the DNA molecule displayed in (a). The local widths of the contours correspond to the standard 
deviations of the Gaussian at each local segment. Two contours obtained from adjacent time 
frames are shown in each panel in cyan (earlier time points) and yellow (later time points). 
Insets show enlarged views of the areas highlighted by the squares. (c) Examples of the 2D 
projected contours of the Cy5-labeled Charomid 9-42 DNA in an aqueous solution containing 10 
mg ml-1 concentration of non-labeled lambda DNA. (d) Superimposed 3D contours of the Cy5-
labeled Charomid 9-42 DNA in an aqueous solution containing 7 mg ml-1 concentration of non-
labeled lambda DNA. (e) 2D projected contours of the DNA molecule displayed in (d). The local 
widths of the contours correspond to the standard deviations of the Gaussian at each local 
segment. Two contours obtained from adjacent time frames are shown in each panel in cyan 
(earlier time points) and yellow (later time points). An enlarged view of the areas highlighted by 
the squares is shown in (f). (f) Enlarged view of the highlighted region in (e). (g) Superimposed 
3D contours of the Cy5-labeled Charomid 9-42 DNA in an aqueous solution containing 5 mg ml-1 
concentration of non-labeled lambda DNA. (h) 2D projected contours of the DNA molecule 
displayed in (g). The local widths of the contours correspond to the standard deviations of the 
Gaussian at each local segment. Two contours obtained from adjacent time frames are shown in 
each panel in cyan (earlier time points) and yellow (later time points). (i) 2D projected contours 
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of the DNA molecule displayed in (g) obtained between 3.5 and 5 min. The dashed lines show 
virtual tubes with a diameter of 260 nm. (j) Frequency histogram of the contour lengths of Cy5-
labeled Charomid 9-42 DNA determined by the 3D contours of the molecules. The contours of 
the molecules were obtained in an aqueous solution containing 7 – 10 mg ml-1 concentration of 
non-labeled lambda DNA. (k) Mean position-dependent displacement of the Cy5-labeled 
Charomid 9-42 DNA occurring along the direction perpendicular to the contours during the time 
gap between the adjacent time frames in an aqueous solution containing 7 – 10 mg ml-1 
concentration of non-labeled lambda DNA (red line). The error bars show standard error of the 
means. The dotted lines show the position-dependent displacement obtained from each 
molecule. The blue line shows the data obtained from lambda DNA. (l) Mean position-
dependent standard deviation of the Gaussian obtained from the Cy5-labeled Charomid 9-42 
DNA in an aqueous solution containing 7 – 10 mg ml-1 concentration of non-labeled lambda DNA 
by the fitting of the local intensity profiles of the reconstructed super-resolution images at each 
segment (red line). The error bars show standard error of the means. The dotted lines show the 
position-dependent standard deviation of the Gaussian obtained from each molecule. The blue 
line shows the data obtained from lambda DNA.  (m) Mean position-dependent characteristic 
time obtained from the Cy5-labeled Charomid 9-42 DNA in an aqueous solution containing 7 – 
10 mg ml-1 concentration of non-labeled lambda DNA by the fitting of the cumulative-area 
difference plots at each segment (red line). The error bars show standard error of the means. 
The dotted lines show the position-dependent characteristic time obtained from each molecule. 
The blue line shows the data obtained from lambda DNA. 
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5.5 Conclusions 

In this study, we developed new experimental method to characterize entangled 

polymer dynamics based on time-lapse super-resolution fluorescence localization 

microscopy and recently developed single-molecule tracking technique, CA tracking. The 

time-lapse diffraction-unlimited imaging togerther with the smart image processing 

allowed us to determine the contours of the entangled chains and their displacement 

occurring in the time scale of several munites with 6 – 33 nm precision. The unique 

combination of the super-resolution fluorescence localization microscopy and CA 

tracking enabled us to characterize the amplitude and time scale of the local chain 

motion along the contours with temporal resolution of milliseconds and spatial 

resolution of tens of nanometers.  

Using this new method, we demonstrated that the motion of the linear chains under 

entangled conditions occurring at the level of both whole chain and entangled segment 

are consistent with the reptation model. We also showed that the entangled linear 

chains unexpectedly display gradual increase of the local chain motion toward the chain 

ends, suggesting the gradual change in the confinement level of the chain over tens of 

entanglements from the chain ends. Since standard polymer physics theories do not 

consider such position-dependent chain motion and relaxation, our finding underscores 

the importance of developing polymer dynamics theories that incorporate the effect of 

the position-dependent motion. 
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We proved the existence of hypothesized but unproven modes of the motion of cyclic 

chains under entangled conditions, including amoeba-like motion of double-folded loop-

like region. Our results also suggested that the motion of the cyclic molecule at the 

whole chain level is distinct from that of the linear chain because of the topological 

constraint of the cyclic chain under entangled conditions rather than topology-

dependent local chain motion and interaction. All these results demonstrated that the 

new experimental platform developed in this study offers unprecedented opportunities 

to address key questions in less well understood entangle topological polymer 

dynamics. The method developed in this study is, in principle, applicable to address 

related questions in more complicated system such as polymer gels and cytoskeletal 

network in cells. 
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CHAPTER 6: CONCLUSIONS 

 
 

      In this thesis, a new single-molecule method, cumulative-area (CA) tracking was 

developed to enables simultaneous quantitative characterization of the diffusion mode, 

diffusion rate, and conformational relaxation time of long and flexible polymer 

molecules. In contrast to commonly used single-molecule localization and tracking 

(SMLT) method whose performance is significantly affected by the localization accuracy, 

CA tracking is based on temporal tracking of the cumulative area occupied by moving 

molecules that circumvent molecular localization, and thus allows for the accurate 

determination of the diffusion mode, diffusion rate, and conformational relaxation time. 

The superior performance of CA tracking was demonstrated in the determination of 

those parameters by using fluorescently-labeled dsDNA as a model system. This study 

was published in a high-impact journal, Nature Communications in 2014. 

     Using the CA tracking method, the motion and relaxation of entangled cyclic 

polymers at the molecular level were reported. Fluorescently labeled 42 kbp linear or 

cyclic tracer dsDNAs in concentrated solutions of unlabeled linear or cyclic DNAs were 

used as model systems. We showed that the CA tracking can explicitly distinguish 

topology dependent diffusion mode, rate, and relaxation time, demonstrating that the 

method provides an invaluable tool for characterizing the topological interaction 

between entangled chains. We demonstrate that the current models cannot correctly 

describe the motion of the cyclic chain under the entangled conditions. The results 
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rather suggest the mutual relaxation of the cyclic chains, which underscore the necessity 

of developing a new model to describe the motion of cyclic polymer under the 

entangled conditions based on the mutual interaction of the chains. This study was 

published on one of the top journals in the field of macromolecular science, 

Macromolecules in 2015. 

     A dual-color CA tracking was developed to allow the accurate determination of the 

diffusion mode, diffusion rate, and conformational relaxation time of multiple long and 

flexible molecules simultaneously. The motion and relaxation of the two different 

topological DNA molecules when they are encountering can, in principle, be characterize 

by the CA tracking analysis. While this study is in progress, the study will provide not 

only highly detailed understanding of the motion and relaxation of entangled polymer 

chains but also a firm basis for the development of a wide range of polymer materials. 

     A new experimental method was developed to characterize the entangled polymer 

dynamics using the super-resolution fluorescence localization microscopy together with 

the CA tracking. The combination of these methods empower to characterize the whole 

chain motion and local chain motion with spatial resolution of tens of nanometers and 

temporal resolution of milliseconds. We demonstrated that the motion of the linear 

chains under entangled condition are qualitatively consistent with the reptation model. 

However, our results showed that the entangled linear chains display a gradual change 

in the confinement level of the chain over tens of entanglements from the chain ends. 

Such a position-dependent chain motion and relaxation has not been considered by the 

standard polymer physics theories, so we highlighted the importance of developing 
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polymer dynamics theories that include the effect of the position-dependent motion. 

We also showed that the motion of the entangled cyclic chain at the whole chain level is 

different from that of the linear chain because of the topology-dependent local chain 

interaction. We demonstrated the existence of hypothesized by unproven modes of the 

motion for cyclic chains under entangled conditions. This new experimental platform 

developed in this study offers extraordinary opportunities to address key questions in 

entangle topological polymer dynamics. 

     The results of the diffusive and conformational dynamics of the individual molecules 

together with the 3D super-resolution microscopy study will open a new possibility of 

developing polymer dynamics theory based on experimental observations at the single 

chain level. Visualizing the DNA at this spatial and temporal resolution will also allow to 

visualize, e.g., the chromosome organization, the changes in DNA topology when 

interaction with proteins and for the characterization of DNA artificial nanostructures. 

This study was submitted on one of the high impact journals. 

     In summary, the new methods described in this thesis provide an answer to the 

longstanding and controversial questions in polymer physics that cannot be addressed 

by any existing ensemble-averaged experimental methods; molecular level chain 

interaction and the effect of the chain topology. The results obtained from the thesis 

research will definitely contribute to the development of polymer physics theory which 

will eventually result in the development of new polymer-based Nano-materials. 

Furthermore, the topology and confinement effects on polymer dynamics are expected 

to have an important role in life science; chromosome organization. The thesis research 
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will provide tools to experimentally verify the theoretical predictions of how physical 

properties of DNA affect its spatial organization in a cell. This will open the possibility of 

studying spatial organization of chromosome in a cell from a physics point of view. 
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